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Abstract 

Out of necessity, plant nutrient requirements must be locally met, which explains the importance 

of soil fertility and soil microbial community structure. It is thus vital to understand the impact of climate 

change and technological breakthroughs on the microbes associated with natural vegetation and our crops. 

This thesis attempts to address these questions with two distinct investigations. 

 In the first investigation, soil communities were examined in long-term maintained fertilizer and 

warming treatments in the Arctic tundra. The microbiomes associated with Arctic birch (Betula 

glandulosa) within the 5 treatment plots (control, high nitrogen (N), high phosphate (P), high N+P, and 

warming) near Daring Lake, NWT were sampled. Microbiome analysis of bacterial and fungal 

communities, using 16s rRNA and ITS (Internal Transcribed Spacer) analysis respectively, showed 

differences in bacterial communities with an increase in the family Xanthomonadaceae present in the N 

plus P treatment, while control and warming treatments showed similar soil and rhizosphere microbiome 

structures. There was an increase in Thelephora fungi in the high P treatment.  

In the second chapter, microbial communities and plant growth were monitored after treatment 

with nano-phosphate fertilizer. Nano-hydroxyapatite (nHA) has been cited as more environmentally 

friendly and efficient than traditional fertilization with inorganic phosphate (P2O5). The needle-like nHA 

was used to evaluate the impact on early microbiome establishment in soybean (Glycine max) and in the 

soil, in an agriculturally realistic manner, utilizing 16s rRNA gene sequencing. Little difference was 

found in the soil structure and rhizosphere microbiomes between controls and nHA treatments. Growth 

experiments implementing nHA at agricultural recommended levels of P2O5, added to soil at the time of 

planting, did not show a significant increase in growth, biomass, or yield compared with P-deprived 

controls, suggesting that the nHA used here did not function as an effective fertilizer. The effectiveness of 

nano-fertilizers is likely influenced by their physicochemical properties (i.e. shape and surface) and their 

interactions with the soil matrix, making it important to evaluate these factors when designing new nano-
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phosphate fertilizers. Traditional P fertilization as used in the Daring Lake plots, was more effective, with 

a higher impact on the associated microbial community structure. 
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Chapter 1 

Introduction and Literature Review 

1.1 Nutrient Cycling and Soil Environments 

1.1.1 Nitrogen and Phosphorus Cycles 

Both elemental nitrogen (N) and phosphorus (P) are important building blocks of the 

macronutrients required for growth and development of life on Earth. These elements are essential for the 

formation of basic biomolecules and important metabolic energy carrying molecules like ATP. 

Phosphorus cycles through the environment not in its elemental state, but as a component of many 

different organic and inorganic compounds; mineral phosphates, such as inorganic phosphate (Pi), are 

initially eroded from rocks into the soil where they become incorporated into organic forms in plants and 

microbes, which are then consumed by animals, continuing up the food chain. When the organisms die, 

their organic P becomes incorporated back into the soil as they are decomposed by microbial organisms. 

Inorganic phosphates can also be excreted in feces and urine by animals into either aquatic or terrestrial 

environments. Within the soil, microbes are the primary mobilizers of P into plant-usable forms, generally 

Pi, from both organic and inorganic precursors. Much of the P present in the soil exists as organic by-

products of decomposition. These organic forms make up to 80% of the P reserves in the soil, and are not 

directly available for plant uptake. P can be acquired by plants as soluble Pi, often also referred to as 

orthophosphate, either in the form of H2PO4
- or HPO4

2- via active transport into the roots. Once P is 

converted into plant accessible Pi, it can now enter back into the biological component of the P cycle once 

again. A similar overall cycle occurs with nitrogen in the environment, with the exception that N2 enters 

into the cycle by active fixation carried out by N-fixing bacteria in the soil, with a minor amount fixed by 

lightning, instead of through erosion from mineral forms. This makes N-fixing microbes key players in N 

cycling through the environment. N can be acquired by plants as either ammonium (NH4
+) or nitrate 
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(NO3
-) from the soil or supplied by symbiotic N-fixing microbes inhabiting their roots, allowing N to 

move into the biological phase of its cycle.  

1.1.2 Abiotic and Biotic Influences on Soil Environments  

Both biotic and abiotic factors influence the soil environment and have implications for soil 

productivity. The type of soil, its organic matter, and clay content significantly influence soil chemistry 

and help determine factors such as pH, moisture content, and nutrient mobility. These factors in turn 

influence plants and soil microbes, which will also feed-back and influence properties of the soil.  

Anthropogenic activities, including agricultural practices, fertilization, deforestation, and 

pollution are capable of altering soil environments. Effects of climate change are also anticipated to affect 

soil environments, potentially altering levels of microbial and plant activity, which could change the 

productivity of certain soils.  

1.1.3 Nutrient Limited Environments 

Nutrient-limited soil environments exist world-wide, where natural soluble Pi concentrations in 

the soil are often far below what is required for optimal crop growth. Soil nutrient limitation can also 

result from its over-use due to agricultural activities, and is also prevalent in environments where 

microbial activity is low, the latter mainly due to climate conditions. In Arctic soils, there is an 

accumulation of large amounts of organic matter, due to slow rates of microbial decomposition. Low soil 

temperatures result in a small window of time during the year that temperatures are high enough for 

microbial activity to occurs in the soil (Blaud et al., 2015). The Arctic ecosystem is considered a highly 

nutrient-limited environment with low abundance of available N and P in the soil, which limits overall 

plant productivity (Shaver and Chapin, 1980; Zamin and Grogan, 2012) and also microbial activity 

(Rinnan et al., 2007). Arctic ecosystems are anticipated to change as the global temperatures continue to 

rise. Increased temperatures could cause increased microbial activity, which then will result in the 

mobilization of nutrients that are currently locked in the soil.  
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1.2 Soil and Plant Microbiomes 

1.2.1 Structure of the Microbiome 

Microbiomes are the community of microorganisms that associate with larger multicellular 

organisms. These microbes can have either neutral, mutualistic, commensal, or parasitic relationships 

with their hosts, and are often considered an extension of their host’s genome (Turner et al., 2013). Plant 

microbiomes are associated with different regions: the phyllosphere, endosphere, and rhizosphere. The 

phyllosphere community is defined as any microbiota that are associated with the outer above-ground 

surface of the plant. The endosphere consortia encompasses all of the microbes residing inside of the 

plant tissue, while any microbiota in the rhizosphere, which is the region of soil directly surrounding the 

roots that is influenced by root secretions, belong to the rhizosphere microbiome. The soil outside the 

region of the rhizosphere has its own microbial community, which can differ from the rhizosphere 

microbiome (Costa et al., 2006; Berg and Smalla, 2009). The diversity of microorganisms present within 

plant and soil microbiomes is high, with upwards of thousands of species, covering both archaea, bacteria, 

and fungal species (Curtis, 2002; Gams, 2007). It should be noted that plant microbiomes have been, for 

the most part, analyzed using models or agriculturally significant plants, such as mustard cress 

(Arabidopsis thaliana), rice (Oryza sativa), corn (Zea mays), poplar (Populus thrichocarpa), and soybean 

(Glycine max) (Lundberg et al., 2012; Edwards et al., 2015; Peiffer et al., 2013; Shakya et al., 2013; 

Copeland et al., 2014). To my knowledge, many species that are native to extreme environments have not 

been examined.   

There is still much that remains to be discovered about the relationship between the microbes and 

their plant hosts. However, we know plant microbiomes can assist with nutrient uptake, help prevent 

pathogen colonization, and even influence host immunity (Vorholt, 2012; Berendsen et al., 2012). 

Currently, researchers have elucidated many roles of individual microbial species within the microbiome, 

but have also discovered that the microbial communities as a whole play an important part in the 

maintenance of plant health.  
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1.2.2 Methods of Microbiome Analysis 

Recent advances in DNA sequencing technologies, particularly next-generation sequencing, have 

allowed for a more accurate and in-depth profile of the microbial community. Before the development of 

high-throughput sequencing technologies, methods of elucidating microbiome structure were limited to 

culturing methods. However, since less than 2% of the microorganisms present in samples can be 

traditionally cultured in a lab environment, the majority went undetected.  

The 16s rRNA gene is commonly used as the choice tool to determine the bacterial and archaeal 

species present within the communities (Weisburg et al., 1991; Wang and Qian, 2009). It is highly 

conserved across bacteria, and contains within it several hypervariable regions (Coenye and Vandamme, 

2003). Nine hypervariable regions allow for the identification of individual bacterial species. Using 

primers flanking a specific hypervariable region different 16s rRNA gene sequences present within a 

sample can be amplified and subsequently sequenced.  

In addition to the bacterial microbiome, analysis of the fungal microbiome is accomplished using 

similar gene markers. Both the internal transcribed (ITS) region and portions of the 18s rRNA gene have 

been used successfully in the identification of fungal microbial communities present in environmental 

samples (Anderson et al., 2003). However, it has been recently suggested that analysis using the ITS 

region provides more precise analysis of fungal communities compared with the 18s rRNA gene 

sequences (Liu et al., 2015). These recent studies focusing on analysis of fungal communities appear to 

favour the ITS region for taxonomic identification.  

Following sequencing, pipelines such as UNOISE, available through the program USEARCH, are 

used to filter and pick unique sequences to be used as representative operational taxonomic units (OTUs) 

(Edgar, 2010; Edgar, 2013; Edgar, 2016). After OTUs are picked, all of the unfiltered sequences are 

typically aligned to the OTUs at 97% identity and the OTU sequences are then aligned to a taxonomic 

database such as Greengenes or the RDP database (McDonald et al., 2012; Wang et al., 2007). This 

pipeline produces an OTU table, which contains a set of OTUs each assigned a taxonomic classification, 
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with the corresponding number of sequence counts for each OTU present within a sample. This table is 

used for downstream analysis using programs such as QIIME (Quantitative Insights into Microbial 

Ecology) and R packages like vegan and phyloseq, to examine at the overall relative abundance of 

different bacterial species at the phylum level down to the species level, and also to calculate diversity 

metrics like alpha and beta diversity of a sample (Caporaso et al., 2010; Oksanen et al., 2010; McMurdie 

and Holmes, 2013). Alpha and beta diversity can be used to analyze differences in the overall bacterial 

microbiome structure within and between different treatments, and assess how factors (biotic and abiotic) 

might be impacting the microbial community structure.  

Different hypervariable regions within the 16s rRNA gene have been used for analysis of 

different groups of organisms, with some regions allowing for universal identification and others allowing 

a precise bacterial taxonomic identification, down to the genus and species level (Yang et al., 2016). 

Although 16s rRNA gene sequences have been useful for the identification of species, it does possess 

limitations. When amplifying the 16s rRNA gene variable regions, mitochondrial and chloroplast 16s 

rRNA can also be amplified. In the case of analysis of plant endosphere microbiomes, this can pose 

significant problems. DNA extracted from plant tissue contains mostly plastid DNA, which can then 

mask the underlying bacterial community when samples are sequenced. To avoid this, primers have been 

designed to decrease the probability of chloroplast DNA amplification and target V5-V7 regions of the 

bacterial 16s rRNA gene (Bulgarelli et al., 2012). More recently, the use of peptide nucleic acid (PNA) 

clamps has been implemented to prevent the amplification of plastid 16s rRNA gene sequences during 

PCR amplification (Lundberg et al., 2013). These clamps are designed to bind to the chloroplast 16s 

rRNA gene and prevent their amplification.  

1.2.3 The Rhizosphere Microbiome 

As indicated, rhizosphere microbial communities are derived from the microbes inhabiting the 

surrounding soil (Kent and Triplett, 2002), and are influenced by the rhizosphere environment. Root 

exudates have been identified as a key determinant of the rhizosphere microbiome structure (Shi et al., 
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2011). Exudates commonly consist of proteins, organic acids, sugars, amino acids, fatty acids, hormones, 

and antimicrobial compounds (Bertin et al., 2003). The type of root exudate produced can vary between 

plant species and cultivar, and can also change depending on the environmental conditions or 

developmental stage of the plant (Micallef et al., 2009; Mark et al., 2005; DeAngelis et al., 2009). This 

means that the species, cultivar, and developmental stage of the host plant can all have significant effects 

on the microbial composition of the rhizosphere. Even individual genotypes within a species have been 

found to significantly impact the rhizosphere: in Arabidopsis, the expression of a single exogenous 

glucosinolate was able to alter the rhizosphere community, affecting mainly the presence of fungi and 

Alphaproteobacteria (Bressan et al., 2009). In turn, the microbiome itself is also capable of influencing 

root exudates, making for a complex and dynamic environment (Turner et al., 2013). 

Although there are differences amongst rhizosphere microbiomes, the bacterial communities are 

predominantly composed of both alpha and beta Proteobacteria, with other major phyla including 

Actinobacteria, Acidobacteria, Bacteroidetes, Firmicutes, Plantomycetes, and Verrucomicrobiota (Turner 

et al., 2013). Recent studies have also begun characterization of a core microbiome using model species 

like Arabidopsis to determine which microbial groups are consistently present, regardless of external 

environmental variables (Lundberg et al., 2012). The predominant rhizosphere phyla consist of many 

plant growth-promoting (PGP) and pathogen-inhibiting species. Several PGP bacteria are capable of 

mobilizing nutrients for root uptake such as nitrogen-fixing rhizobacterium and also mineral P-

solubilizing Enterobacter species (Bloemberg and Lugtenberg, 2001; Kim et al., 1997). Many 

rhizobacterium and actinomycetes species are capable of suppressing plant pathogens through the 

production of antibacterial, antiviral, antifungal, and insecticidal compounds (Rezzonico et al., 2005). As 

well, a rich and diverse rhizosphere may be sufficient to help plant health by outcompeting pathogens for 

access to nutrients and roots (Turner et al., 2013). 

There are several well understood interactions that take place in the rhizosphere that aid plants in 

nutrient acquisition. The association between nitrogen-fixing rhizobium bacteria and legume plants 
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provides the host with a source of N (Oldroyd et al., 2011). As well, the symbiotic association with 

mycorrhizal fungi assists with uptake of P in a wide range of plant species by extending the root system 

through the fungal hyphal networks (Bonfante and Genre, 2010). These two relationships are mutually 

beneficial, with both the rhizobium and fungi receiving a source of reduced carbon from the plant. 

Overall, these interactions have great economic importance for the agricultural industry.  

1.2.4 The Phyllosphere and Endosphere 

The phyllosphere is a dynamic and nutrient-poor environment when compared with the 

endosphere and rhizosphere. Colonization of microbes on the plant surface is heterogeneous and 

influenced by leaf structures like stomata, hairs, and veins, with upwards of 107 microbes/cm2 (Lindow 

and Brandl, 2003). The community structure of microbial inhabitants on the surface fluctuate with 

changes in temperature, moisture, and radiation throughout the day, with additional variation depending 

on the growth stage of plant hosts (Vorholt, 2012; Copeland et al., 2014). It has been reported that host 

genotype is considered the primary factor driving phyllosphere composition (Vorholt, 2012).  

Phyllosphere communities are consistently dominated by both alpha and gamma Proteobacteria, 

with Actinobacteria and Bacteroidetes predominant (Bodenhausen et al., 2013). These communities show 

similarities to the bacterial communities found in soil, and show little similarity to the microbial structure 

present in the air, indicating a microbiome derived from the soil microbiota (Bodenhausen et al., 2013; 

Vokou et al., 2012).  

Similar to the phyllosphere, much of the endosphere microbiota are derived and considered to be 

a subpopulation of the rhizosphere, which is strongly selected for by the host plant (Compant et al., 2010; 

Turner et al., 2013). The endophytic bacteria reside within the intercellular apoplast and can also be found 

in xylem vessels. Concentrations of epiphytes are often not as high as they are in the phyllosphere and so 

they normally do not elicit a host defense response (Compant et al., 2010; James et al., 2002). Epiphytes 

are generally non-pathogenic, although there are some species that are latent or opportunistic pathogens, 

and can cause disease in certain environmental conditions and in specific host phenotypes (Monteiro et 
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al., 2012; James and Olivares, 1998). Most knowledge regarding the function of epiphytic bacteria comes 

from the study of individual species, but more recently there has been an appreciation of a core 

endosphere microbiome in model species such as Arabidopsis (Lundberg et al., 2012, Bulgarelli et al., 

2012). Common bacterial groups found within the endosphere include rhizobia and Proteobacteria, along 

with Firmicutes and Actinobacteria (Fischer et al., 2012; Sessitsch et al., 2012).   

The presence of endophytes seems to be tolerated by host plants, and they often provide some 

benefit in return to the host. Much like in the rhizosphere, many endophytes have PGP functions such as 

N-fixation and production of PGP hormones like auxins and indoles (Compant et al., 2010; Sessitsch et 

al., 2012; Suárez-Moreno et al., 2012). When comparing rhizosphere and epiphytic bacteria on the same 

host, endophytes are more likely to possess some or many PGP functions (Ferrara et al., 2012). 

Endophytes can also play a role in pathogen resistance. For example, hosts inoculated with 

Herbaspirillum and Gluconacetobacter diazotrophicus were better protected against phytopathogens due 

to systematically acquired resistance (Monteiro et al., 2012). Although endophytes provide many benefits 

to their host, it is still unclear whether they are essential for plant health. Continued research is required to 

further unravel the complexity and specificity of the interactions within the endosphere and phyllosphere 

microbiomes.  

1.2.5 Agricultural Impacts on Plant Microbiomes 

Agricultural practices can have a lasting impact on the structure and function of plant and soil 

microbiomes, both beneficial and detrimental. Forestry practices and intensive agricultural land 

management can impact soil quality and sustainability, resulting in altered microbial function in topsoil 

(Maharjan et al., 2017). Long term organic and inorganic fertilizer amendments (NPK) can alter soil 

bacterial community structures (Marschner et al., 2003; Zhong et al., 2010). Specific nutrient amendments 

can also cause specific shifts within bacterial communities. For example, long-term N fertilization 

treatments led to community changes in ammonia-oxidizing species, which increased soil nitrification 

activity (Chu et al., 2007). Similarly, long-term P fertilization increased diversity of the total bacterial 
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communities including the phoD group of P mineralizing species in pasture soils, and also decreased the 

relative abundance of taxa from the phylum Acidobacteria and specifically Pseudomonas fluorescens 

(Tan et al., 2013). There have also been observed agricultural impacts on symbiotic fungal species. 

Continued cultivation of soybean (Glycine max) was found to lower the diversity of arbuscular 

mycorrhizal fungi (AMF) communities and alter their functionality when comparing these soybean field 

samples with samples from forest ecosystems (Garcia de León, 2017). 

As indicated, agricultural practices can have important implications for disease resistance. For 

most crop species, successive monoculture can lead to the build-up of specialized plant pathogens 

(Bennett et al., 2012). Conversely, some soils that have supported monocultures for several years have 

reportedly developed disease suppressive phenotypes against Fusarium wilt disease, potato scab disease, 

and take-all wheat disease (Mendes et al., 2011; Raaijmakers et al., 2009; Weller et al., 2002). Further 

understanding of the development of the microbial communities that facilitate disease suppression in soils 

will hopefully lead to the development of bio-fertilizers that can be used by the agricultural industry to 

prevent harmful crop diseases (Xiong et al., 2017).  

Overall, I believe that we need to evaluate the impact that agricultural activities have on the 

structure and function of soil and plant microbial communities. This is important as we begin to 

appreciate the importance of a healthy microbiome and its contributions to promote plant growth through 

soil nutrient mobilization and acquisition, along with disease prevention and pathogen resistance. In the 

near future, I hope that the agricultural industry will be able to more fully utilize plant and soil 

microbiomes to promote increased yields and disease resistant crops. However, first we must gain more 

understanding of the complex interactions and specific mechanisms that determine a healthy plant 

microbiome.  
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1.3 Fertilizers 

1.3.1 Fertilization and its Environmental Impact  

With the depletion of soil nutrients through intensive farming, the application of fertilizers, 

especially those containing inorganic N and P, are important to maintain maximum crop yields to feed our 

ever growing world population. Due to increasing food demands and changes in fertilizing practices, 

application rates are projected to change from current 105 MT (2010) to 80-180 Mt of N by 2050, and 

from 40 Mt to 35-70 MT of P2O5 (Sutton et al., 2013). However, many of the mineral rock sources used 

for the production of mineral fertilizers come from unrenewable resources, which explains increasing 

fertilizer prices. As well, current fertilization practices are inefficient and highly unbalanced, with over 

fertilization contributing to environmental pollution (Bindraban et al., 2015). Frequently, 20-80% of 

nutrients from applied fertilizers become lost to the surrounding environment, or chemically locked in the 

soil, which is especially problematic for P fertilizers (Simpson et al., 2011; Sebilo et al., 2013). P 

fertilizers are also a primary contributor to the eutrophication of lakes and estuaries, which stimulates the 

growth of toxic algal and cyanobacterial blooms (Correll, 1998). These issues highlight the need for the 

development of more sustainable, environmentally friendly, and efficient methods of fertilization or 

alternatively the development of crops possessing increased nutrient acquisition and use efficiency.  

Finding ways to improve the efficiency of fertilizer use can be complex, due to the many factors 

that affect bioavailability of mineral nutrients added to the soil. Nutrient absorption involves protein 

transporters moving nutrients across cell membranes into the roots (Marschner, 2012). Normally, uptake 

forms of both macro- and micronutrients are mostly ionic. As previously mentioned, N in the form of 

NH4
+ or NO3

- and P as either H2PO4
- or HPO4

2-. However, chemical and physical properties of the soil, 

such as the pH, clay minerals, organic matter, and metal oxides can potentially reduce or enhance the 

bioavailability of specific nutrients by processes such as adsorption and chemical fixation in the soil 

(Bronick and Lal, 2005). Low mobility of nutrients within the soil, especially in the case of P, also plays a 

role in reducing nutrient accessibility to plants (Runge-Metzger, 1995).   
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1.3.2 Alternative Solutions  

In an effort to resolve challenges associated with current fertilizing methods, research is now 

focusing on the development of alternatives that follow the “4R nutrient management principles”: 

fertilizers made from the right source to match plant needs, applied at the right rate, at the right time 

during plant development, and at the right place to keep the nutrients where they are accessible to the 

plant (IPNI, 2017). The use of organic fertilizer recycled from sources like waste water and manure is 

recognized for its sustainability, however the nutrient availability of the fertilizer is often unbalanced and 

can potentially contain harmful contaminants (Bindraban et al., 2015). The development of seed nutrient 

coatings is also another option for improving uptake of nutrients to the plant by placing the fertilizer 

directly on the seed, and thus permitting early root contact with nutrient sources. This type of fertilization 

can enhance lateral root formation, increase nutrient uptake, and also increase biomass and grain yield 

(Nijënstein, 2007; Wiatrak, 2013). In some cases, seed nutrient coating can reduce seedling emergence 

and delay germination in certain plant species (Scott et al., 1987; Zelonka et al., 2005), so the use of seed 

coating fertilizers needs to be tailored to the individual requirements of plant species. The use of foliar 

fertilizers is another method of application used to increase nutrient uptake into the plant by avoiding 

interactions of fertilizer with the soil matrix, and is commonly used for the application of Fe to mitigate 

chlorosis (Fernándes and Ebert, 2005). However, the foliar application of macronutrients has not been 

fully explored. Another approach previously discussed, is the inoculation of crops with beneficial 

microorganisms that promote plant growth, suppress disease, and increase nutrient availability in the soil 

(Bulgarelli et al., 2013). More research into the identification of more phosphate-solubilizing bacteria will 

hopefully lead to the development of bio-inoculants that can increase the availability of P in the soil by 

conversion of organic P into soluble, plant-accessible P (Bashan et al., 2013). A newly emerging field in 

agricultural fertilizers is the use of nanotechnology, which is proposed to help improve nutrient uptake 

efficiency, reduce harmful environmental impact, and be tailored to specific crop and soil requirements 

(Gogos et al., 2012; Naderi and Danesh-Shahraki, 2013; Liu and Lal, 2015).  
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1.4 Nanotechnology 

1.4.1 Nanomaterials 

The use of nanomaterials has become increasingly popular in almost all areas of modern living, 

with applications ranging from novel drug delivery systems, phytoremediation of environmental 

contaminants, electronics, food additives, medical devices, clothing, appliances, packaging, and now 

agriculture. Nanoparticles (NPs) are defined as any particles that have at least one dimension between 1-

100 nm in size. Their unique physicochemical properties arise from their large surface area-to-volume 

ratio. Even though the NPs are composed of the same substances as their equivalent bulk materials, they 

often possess different properties such as increased reactivity due to their large particle surface area and 

higher rates of dissolution. Their smaller size also makes them capable of interacting with living 

organisms closely at a cellular and sub-cellular level, increasing their potential uses in biological research.  

1.4.2 Agricultural Nanotechnology 

The use of nanotechnology has started to make its way into the agricultural industry in the form 

of nanofertilizers, which have been proposed as a way to increase crop yields and nutrient use efficiency, 

along with reducing environmental impact and nutrient loss from fields that occurs with conventional 

fertilizers (Liu and Lal, 2015). NPs as nanofertilizers are thought to deliver nutrients to plants via two 

different mechanisms. First, roots may simply absorb the soluble ions release from the nanofertilizers in 

the soil (Dimkpa et al., 2012a). The dissolution rate of NPs is thought to be higher than their equivalent 

bulk materials because of their high surface area to volume ration. This presumably allows nanofertilizers 

to act as a slow release source of nutrient ions in the soil. As well, the smaller size of NPs could provide 

them increased mobility in the soil allowing more rapid diffusion to nutrient depleted areas in the 

rhizosphere where they are more accessible to plants (Wang et al., 2015). This is hypothesized to be a 

more efficient nutrient delivery system compared with the application of soluble salt fertilizers, where a 

large portion of the solubilized nutrients applied can quickly become lost through interactions with the 

soil matrix that result in precipitation of the nutrient ions (Bindraban et al., 2015). Although with a few 
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exceptions (e.g. Shah et al., 2014) NP movement through agricultural soils under field conditions have 

not been studied.  

Alternatively, nanofertilizers that are smaller than cell wall pores, which span 5-20 nm, could be 

directly absorbed into the plant and release nutrients once inside. Accumulation of NPs in plant tissues, 

has been observed in maize and wheat when treated with CuO NPs (Wang et al., 2012; Dimkpa et al., 

2012b; Dimkpa et al., 2013), and similarly for MgO NPs in roots when NPs were applied using foliar 

application (Wang et al., 2013). It must be cautioned, however, that we are still in the early stages of 

understanding NP fate inside plants and the potential interactions that may occur (Nair et al., 2010).    

Currently, most research into the development of micronutrient nanofertilizers has concentrated 

on Zn, Mo, Cu, Fe, and Mn, where enhanced growth has been observed in the fertilized plants using 

either foliar or root application (Liu and Lal, 2015), and also some research demonstrating the ability of 

Ca NPs to improve seedling growth (Liu et al., 2005). With regards to macronutrient fertilizers, there has 

been little published work on the use of either N or K containing NPs to promote plant growth (Liu and 

Lal, 2015; Herrera et al., 2016). However, a few papers have recently been published suggesting that the 

use of nano-hydroxyapatite (nHA) is an effective alternative to conventional P fertilizers that can promote 

plant growth, increase yields, and potentially reduce environmental impact compared with conventional P 

fertilizers (Bala et al., 2014; Liu and Lal, 2014; Montalvo et al., 2015). However, many of these studies 

have yet to evaluate the use of NPs as fertilizers in more realistic agricultural settings. As well, the 

physicochemical properties of NPs and their interactions in the soil still need to be further evaluated in 

order to optimize the efficacy of nanofertilizers.   

1.4.3 Interactions of Nanomaterials with Plants and Microorganisms 

Along with a better understanding of NP interactions with the soil, more research is needed in 

understanding the interactions of NPs with plants and the rhizosphere (Nair et al., 2010; Servin et al., 

2015). Although there are many potential benefits to the use of NPs as fertilizers, there is also the 
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potential for unwanted effects on the plants and soil microbes. Current understanding of plant interactions 

with nanomaterials shows a wide variety of different responses to NPs, based on the species of plant, type 

of NPs, and even the morphology and size of NPs used (Khan et al., 2017). Effects on seedling 

germination both beneficial and detrimental varied depending on the type of NP, concentration, and 

species of plant tested (Lin and Xing, 2007).  

There is a small body of research that has looked into evaluating the effects of engineered 

nanomaterials on microbial activity and microbiomes, where they have found that toxicity of the NPs is 

dependent on the composition of the NP and also the concentration (Dinesh et al., 2012; Simonin and 

Richaume, 2015). Certain metal oxide NPs, which could potentially be used as nanofertilizers, such as 

ZnO and CuO were found to have toxic effects on beneficial plant microbes like B. subtilis and P. 

chlororaphis (Jiang et al., 2009; Dimkpa et al., 2011; Baek and An, 2011). The application of Cu and 

ZnO NPs to agricultural soils under field conditions had a negative impact on two orders found in the 

rhizosphere, Flavobacteriales and Sphignomonadales (Collins et al., 2012). However, studies to examine 

the potential of nanofertilizers have not taken into account realistic interactions that would exist with a 

soil matrix in a natural soil environment, which could decrease toxic effects of the NPs if they become 

bound or agglomerate with organic matter. We still have a very basic understanding of the effects of soil 

properties on the toxicity of NPs and their fate in natural soil environments (Simonin and Richaume, 

2015), with the possible exception of silver NPs, which appear to be especially toxic to symbiotic 

rhizobial species (e.g. Kumar et al., 2011). Overall it is important to consider all the possible interactions 

that may occur within the soil, rhizosphere, and the plant, when developing novel nanofertilizers to ensure 

optimal nutrient uptake, and the maintenance of a healthy community of plant beneficial microbes.  
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1.5 Hypothesis and Thesis Objectives 

My overall thesis objective is to evaluate the impact of specific nutrient additions to plant and soil 

microbiomes with the goal of a better understanding of some of the factors that influence plant growth 

and microbiome composition. I hypothesize that nutrient additions to the soil, in forms which are 

accessible to microorganisms, will cause changes in the composition of microbial communities in the soil 

and rhizosphere.  

1.5.1 Objective 1: (Chapter 2) 

The change in global climate temperatures and anthropogenic activities could have major impacts 

on Arctic ecosystems. In the nutrient limited soil of the Arctic, an increase in temperature is predicted to 

increase microbial activity, which in turn could result in an increase in available nutrients. A long-term 

experiment was established in the low Arctic tundra near Daring Lake, NWT, to evaluate the impact of 

warming and increased nutrients on soil microbial activity and biomass. However, to date, the overall 

community structure of the soil and plant associated microbiomes has not been evaluated. The first 

objective of this thesis is to assess the impact of long term fertilization regiments and warming on the 

bacterial and fungal microbiomes of Arctic soil and rhizosphere of Arctic birch (Betula glandulosa).  

1.5.2 Objective 2: (Chapter 3) 

The use of nano-hydroxyapatite (nHA) has been proposed as an environmentally friendly, and 

more efficient P fertilizer compared to traditional P fertilizers. However, this product’s effectiveness 

when implemented in an agriculturally realistic manner, and any effects on plant associated microbes has 

not yet been assessed. Therefore, the second objective of this thesis is to evaluate the impact of a potential 

nanofertilizer on the growth of soybean (G. max) and its microbiomes.  
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Chapter 2 

Impact of long-term fertilizer and warming treatments on microbial and 

fungal communities in the mesic Arctic tundra 

2.1 Introduction 

Arctic tundra ecosystems are characterized by their low productivity and nutrient availability, 

caused by low temperatures and a short growing season. In particular, short season microbial activity 

results in lower rates of nutrient cycling, and subsequently decreased availability of nutrients like N and P 

that limit ecosystem productivity (Blaud et al., 2015). Arctic soils are also known for their elevated levels 

of carbon sequestration, because decreased organic matter decomposition results from the low microbial 

activity. However, with increasing global temperatures in the Arctic, tundra ecosystems are anticipated to 

show increases in microbial activity and rates of decomposition (Shaver et al., 2006; Brzostek et al., 

2012). This in turn could increase nutrient availability and release soil carbon stores into the atmosphere, 

which will further contribute to climate warming. Thus, there is high interest in better understanding the 

structure and function of Arctic soil microbial communities and their responses to warming and increased 

nutrient availability.  

High-throughput sequencing techniques have led to better resolution of taxonomic composition in 

soil microbial communities than culture based and fingerprint methods. Compared with other global 

ecosystems, the structure of microbial and fungal communities in Arctic soils have revealed a higher level 

of diversity than expected (Neufeld and Mohn, 2005). Their ecosystem community structures are 

influenced by vegetation type, as evidenced by a comparison of bacterial and fungal communities in 

tussock, intertussock, and shrub soils (Wallenstein et al., 2007). The same was found when microbial 

communities were assessed from wet sedge, birch hummock, tall birch, and dry heath environments, 

where distinct soil communities were also correlated with soil pH, ammonium concentration, moisture, 

and the ratio of C/N (Shi et al., 2015). Although the latter observation suggests that nutrient addition 
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could alter microbial communities in Arctic soils, its effect is much better understood in agricultural and 

pasture soil communities (Zhong et al., 2010; Jangid et al., 2008).  

Changes in soil fertility resulting from increased warming are likely to be slow and cumulative 

(Hobbie et al., 2002), which highlights the importance of extended experiments to evaluate the effect of 

temperature on soil communities. Long-term warming and nutrient addition plots were established in 

moist acidic tundra near Toolik Lake, Alaska in 1988 as part of the Arctic Long Term Ecological 

Research (LTER) experiment to mimic the effect of even longer term climate change. Evaluation of the 

microbial communities in the warming plots after 18 years showed a reduction in bacterial community 

evenness, but an increase in fungal evenness (Deslippe et al., 2012). As well, increased dominance of 

Actinobacteria and reductions in Proteobacteria were observed in bacterial communities, with an increase 

in fungal Russula spp., Cortinarius spp., and ectomycorrhizal fungi. Effects of nutrient additions on 

microbial communities was also evaluated, where overall long term fertilization with N and P resulted in 

significant changes in microbial structure and function, linked in turn to changes in C and N availability 

and above ground plant communities (Campbell et al., 2010).  

Another long-term warming and nutrient addition experiment was established at the Tundra 

Ecosystem Research Station at Daring Lake in 2004, within the mesic birch hummock vegetation 

ecosystem (Zamin and Grogan, 2012). Subsequent analysis showed that warming increased above- and 

below-ground CNP nutrient vegetation pools, but did not increase the microbial and solution CNP 

nutrient pools in the soil. Although, the addition of high levels of N and P did increase the microbial 

nutrient pools (Zamin, 2013). However, the bacterial and fungal community structure of these plots have 

not been investigated.  

Our objective was to evaluate the effect of the Daring Lake long-term warming and nutrient 

addition treatments on the structure of bacterial and fungal communities in the soil and rhizosphere of 

Arctic birch (Betula glandulosa), a predominant species in the low-Arctic mesic tundra. To our 

knowledge, there has been no previous study of experimental warming and nutrient manipulations on the 
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rhizosphere composition of B. glandulosa. I will test the hypothesis that 12 years of nutrient addition of 

N, P, or N+P and warming treatments will cause shifts in the bacterial and fungal communities of the soil 

and rhizosphere compared with control plots. I hope that this analysis will allow a better understanding of 

climate change effects on soil and vegetation interactions.  
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2.2 Methods 

2.2.1 Study Site and Treatment Plots 

Experimental plots are located at the Tundra Ecosystem Research Station at Daring Lake, 

Northwest Territories, Canada (64°52¢N, 111°34¢W) in mesic birch hummock tundra, and were originally 

established in the summer of 2004 (see Zamin and Grogan, 2012 for further information). Experimental 

plots (5 m ´ 7 m) were randomly allocated to one of the treatments, with 5 plots per treatment (n = 5) 

(Table 2.1). Control treatment plots were given no nutrient supplementation, high N treatment plots were 

given 10 g N m-2 yr-1, high P treatment plots were given 5 g P m-2 yr-1, and high N+P treatment plots were 

given both 10 g N m-2 yr-1 and P 5 g m-2 yr-1. N was applied in the form of NH4 NO3 and P was applied as 

triple superphosphate (45% P2O5). The warming plots were established using an A-frame greenhouse 

covered with a heavy polyethylene film that was erected in early-mid June and removed during late 

August to early September yearly. Small vent holes (20 cm in height) in the apex of each end of the 

greenhouse prevented extreme temperatures and high humidity. It has been previously estimated that 

upper soil temperatures averaged 2.5 °C higher in the greenhouses (range 0-13.8 °C) (Zamin and Grogan, 

2012).  

Table 2.1 Summary of experimental plots sampled from Daring Lake  

Treatment Addition Form Added 

Control No addition n/a 

High N 10 g N m-2 yr-1 NH4NO3 

High P 5 g P m-2 yr-1 TSP (45% P2O5) 

High N+P 10 g N m-2 yr-1 and 5 g P m-2 yr-1 NH4NO3 and TSP 

Warming Warming June - August A-frame with polyethylene film 
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2.2.2 Sample Collection and Processing 

Samples were collected on August 30, 2015. Replicate plots (5) from each treatment (Control, P, 

N, N+P, and Warming) were sampled in triplicate (n = 75). From three random locations across each of 

the replicate plots, soil cores containing Arctic birch roots (Betula glandulosa) were collected adjacent to 

the base of the plant. Samples were collected using ethanol-sterilized tools and stored in sterile sample 

bags. They were transported on ice from Daring Lake, NWT to the laboratory at Queen’s University in 

Kingston, ON and stored overnight at 4 °C until processing the next day.  

 As follows, collected triplicate samples from each plot were pooled together for both soil and root 

samples (n = 25). Using 70% EtOH sterilized scoops and forceps, roots were separated from the soil and 

transferred into sterile 15 mL conical tubes and stored at 4 °C until washed the following day (see below).  

Approximately 6.5 g of root tissue was collected for each replicate plot, while soil samples were 

transferred into 15 mL conical tubes and stored at -20 °C until DNA extractions were performed.  

 Root samples were washed with 5 mL of 10 mM saline solution to remove the adhering soil and 

bacterial cells in the vicinity of the root surface (Shakya et al., 2013). Tubes were shaken by hand for 5 

min, then placed on a platform shaker at 4 °C for an additional 30 min at 180 rpm. After shaking, roots 

were removed from the tube, leaving behind both the saline solution and any soil debris and cells that had 

washed off the roots. The saline supernatant containing soil debris was stored at -20 °C until further 

processing.   

To obtain the rhizosphere sample, frozen saline washes were thawed and centrifuged for 20 min 

at 4 °C at 1500 x g (Bulgarelli et al., 2012). The supernatant was removed carefully, so as to not disturb 

the loose pellet. Centrifugation was repeated once more to remove as much supernatant as possible. The 

pellet was defined as the rhizosphere sample and stored at -80 °C until extraction.  
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2.2.3 DNA Extractions 

DNA was extracted from 150 mg of lyophilized soil using the NucleoSpin® Soil Extraction Kit 

(MACHERY-NAGEL). The manufacturer’s protocol was followed with the addition of a repeated sample 

lysis step. Extracted DNA was eluted with 50 µL of sterile ddH2O. Rhizosphere samples were also 

extracted using the NucleoSpin® Soil Extraction Kit (MACHERY-NAGEL), following the 

manufacturer’s protocol again with an additional sample lysis step. Extracted DNA was eluted with 30 µL 

of sterile ddH2O.  Sample quality and concentration was assessed using a Nano-DropTM 2000 and gel 

electrophoresis. 

2.2.4 16s rRNA and ITS Gene Sequencing 

All 50 samples from soil and root extractions were sent to the Centre for the Analysis of Genome 

Evolution & Function (CAGEF) at the University of Toronto for V4 16s rRNA and fungal ITS 

sequencing. The V4 hypervariable region of the 16S rRNA gene was amplified using a universal forward 

sequencing primer and a uniquely barcoded reverse sequencing primer to allow for multiplexing 

(Caporaso et al., 2012). Amplification reactions for the soil samples were performed using 12.5 µL of 

KAPA2G Robust HotStart ReadyMix (KAPA Biosystems), 1.5 µL of 10 µM forward and reverse 

primers, 8.5 µL of sterile water and 2 µL of DNA. The V4 region was amplified by cycling the reaction at 

95 °C for 3 min, 18x cycles of 95 °C for 15 sec, 50 °C for 15 sec, and 72 °C for 15 sec, followed by a 5 

min 72 °C extension. All amplification reactions were done in triplicate alongside negative controls for 

each barcode, checked on a 1% agarose TBE gel, and then pooled to reduce amplification bias. Pooled 

triplicates were combined at approximately equal concentrations. The final library was purified using 

0.8X magnetic Ampure XP beads, selecting for the bacterial V4 amplified band. The purified library was 

quantified and loaded on to the Illumina MiSeq for sequencing, according to manufacturer instructions 

(Illumina, San Diego, CA). Sequencing was performed using the V2 (150bp x 2) chemistry. 
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For fungal analysis, the ITS1 region of the 18S-ITS1-5.8S-ITS2-28S rRNA was amplified using 

ITS1F and ITS1R primer set (Willger, 2014). Amplification reactions were performed using 12.5 µL of 

KAPA2G Robust HotStart ReadyMix (KAPA Biosystems), 1.5 uL of 10 µM forward and reverse 

primers, 8.5 µL of sterile water and 1 µL of DNA. The ITS1 region was amplified by cycling the reaction 

at 95 °C for 3 min, 25 cycles of 95 °C for 15 sec, 56 °C for 15 sec and 72 °C for 15 seconds, followed by 

a 5 min 72°C extension. All amplification reactions were done in triplicate, checked on a 1% agarose 

TBE gel, and then pooled to reduce amplification bias. The pooled triplicates were quantified using a 

Qubit fluorometer and input into the Nextera XT protocol, to ligate adapters and create a sequencing 

library. The standard Nextera XT protocol was followed, selecting for 300 – 500 bp fragments. The 

sample libraries were quantified using fluorescence (Qubit) and pooled. The final pooled library was 

quantified and loaded on to the Illumina MiSeq for sequencing according to manufacturer instructions 

(Illumina, San Diego, CA). Sequencing was performed using the V2 (150bp x 2) chemistry.    

2.2.5 Analysis of Bacterial and Fungal Microbiome 

For bacterial sequencing results, the UNOISE pipeline, available through USEARCH version 9.2, 

was used for sequence analysis, while fungal sequencing was processed using the UNOISE pipeline, 

available through USEARCH version 10.0.240 (Edgar, 2010; Edgar, 2013; Edgar, 2016). The last base, 

typically error-prone, was removed from all the sequences. Sequences were assembled and quality 

trimmed using –fastq_mergepairs and –fastq_filter, with a –fastq_maxee set at 1.0 and 0.5, respectively.  

For bacterial analysis, sequences less than 233 bp, 20 bp shorter than the average, were filtered 

out of the data.  Following the UNOISE pipeline, merged pairs were then de-replicated and sorted to 

remove singletons. Sequences were denoised and chimeras were removed using the unoise2 command. 

Assembled sequences were then mapped back to the chimera-free denoised sequences at 97% identity 

OTUs. Taxonomy assignment was executed using utax, available through USEARCH, and the UNOISE 

compatible Ribosomal Database Project (RDP) database version 16, with a minimum confidence cutoff of 

0.9 (Wang et al., 2007). OTU sequences were aligned using PyNast accessed through QIIME (Caporaso 
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et al., 2010). Sequences that did not align were removed from the dataset and a phylogenetic tree of the 

filtered aligned sequence data was made using FastTree (Price et al., 2009).  

 For fungal ITS analysis, following the UNOISE pipeline, unique sequences were identified from 

the merged pairs. Sequences were denoised and chimeras were removed using the unoise3 command in 

USEARCH. Assembled sequences were then mapped back to the chimera-free denoised sequences at 

97% identity OTUs using the –otutab command. Taxonomy assignment was executed using SINTAX 

(Edgar, 2016), available through USEARCH, and the SINTAX compatible Ribosomal Database Project 

(RDP) Warcup ITS v2 database, with the default minimum confidence cut-off of 0.8 (Wang et al., 2007).  

Prior to analysis, the OTU tables were filtered to remove any OTUs with a number of sequences 

less than 0.005% of the total number of sequences (Bokulich et al., 2013).  All singleton OTUs were also 

filtered out in the process and any unassigned OTUs were also removed prior to analysis. The OTU tables 

were separated based on sample type to create individual OTU tables for bacterial and fungal soil and 

rhizosphere samples, which were then analyzed separately. 

Analysis of the OTU tables was done using QIIME (1.9.1) (Caporaso et al., 2010), including data 

normalization, taxonomic relative abundance, rarefaction, alpha diversity calculation, and beta diversity 

calculations. Data was normalized using both rarefaction to the lowest sample count and also cumulative 

sum scaling (CSS) normalization (Paulson et al., 2013). Beta diversity was calculated using the weighted 

UniFrac metric, which takes into account the taxonomic relationship and abundance of OTUs within 

samples (Lozupone and Knight, 2005). Beta diversity of the samples were visualized using NMDS 

analysis implemented through the vegan package (2.4-3) in R (version 3.3.2), with environmental 

variables fitted onto the NMDS plots using the envfit function (vegan).  

2.2.6 Statistical Analysis 

Non-parametric ANOVAs (Kruskal-Wallis test) run through R (version 3.3.2) were used to 

determine significant differences in phylum, family, and genus abundance between treatments, with post-

hoc testing done using Dunn’s Kruskal-Wallis multiple comparisons test implemented through the FSA 
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package in R. Differences in alpha diversity were also tested using non-parametric ANOVA, 

implemented through Prism 7. Analysis of the statistical significance of sample groupings for beta 

diversity metrics was done using the compare_categories.py script in QIIME, which uses the R vegan 

package to run both ANOSIM and adonis tests. Finally, statistical analysis of beta diversity distances 

within and between treatments was done using the make_distance_boxplots.py script in QIIME, with 

parametric t-tests run including Bonferroni p-value correction for multiple comparisons. Mantel 

correlation tests were performed using the script compare_distance_matricies.py in QIIME to compare 

beta diversity distances to other soil metadata such as pH, NO3, PO4, NH4 concentrations which were 

originally collected in 2012 (Zamin, 2013). Prior to testing, soil metadata was converted into a distance 

matrix using the script distance_matrix_from_mapping.py. All statistical analysis was done using a 95% 

confidence interval.  

One sample within the N+P treatment from the fungal rhizosphere data appeared to be an outlier 

and did not cluster with its own treatment, nor any other treatment when visualized using NMDS. Thus, 

for analysis of both alpha and beta diversity, the sample was removed. However, it was retained for the 

testing of relative abundance, as there was no visible change in the average fungal RA in the rhizosphere 

of the N+P treatment before and after removal of the sample.  

  



 

25 

 

2.3 Results 

2.3.1 Sequencing and OTU Table Results 

Both OTU tables from 16s rRNA gene sequencing of the V4 region and ITS sequencing for 

bacterial and fungal microbiomes, respectively, were produced using two different pipelines for both soil 

and rhizosphere samples. Separate OTU tables were created for soil and rhizosphere samples for 

downstream analysis. The bacterial soil OTU table contained 874 unique OTUs with a total of 1,496,650 

reads, averaging 59,866 reads per sample with a standard deviation (SD) of 35,608, while the bacterial 

rhizosphere OTU table had 1679 unique OTUs, a total of 1,213,872 reads, and an average of 48,555 

reads/sample (SD = 26,409). The OTU table of fungal results had 787,869 and 257,299 total reads with 

1379 and 926 OTUs, and on average 31,515 reads/sample (SD = 17,135) and 10,292 reads/sample (SD = 

4721) for soil and rhizosphere samples, respectively.  

2.3.2 Relative Abundance of Taxa 

2.3.2.1 Phylum level effects of nutrient addition and warming treatments on RA  

The average relative abundance (RA) of phyla shifted depending upon the treatments considering 

both the bacterial and fungal communities in the soil and rhizosphere (Figure 2.1). Several of these 

changes in RA of phyla in the bacterial communities were significant with most occurring in the N+P 

treatment compared with the control (Table A.3). Notably, there was a decrease in the presence of the 

WPS-1 and WPS-2 soil phyla in both the P and N+P treatments compared with controls, and a decrease in 

soil Acidobacteria in the N addition treatment. Similarly, in the rhizosphere there was also a significant 

decrease in the presence of WPS-1 and WPS-2 phyla in the N+P addition treatment compared with the 

control and warming plots (Table A.4). In soils, there was an increase in Verrucomicrobiota in the P 

addition treatment (Figure 2.1A), and a decrease in the RA of Planctomycetes phylum in the N+P 

treatment compared with the control and warming plots was observed in both the soil and rhizosphere. In 
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contrast, there was no significant difference in the soil phyla present in the warming plots when compared 

with controls (Figure 2.1A).  

There was some shift in fungal communities in both the soil and rhizosphere (Figure 2.1B). A 

significant increase in the RA of Basidiomycota was observed in both the P and N+P addition treatments 

compared with the control and warming plots (Table A.5). As well, there was a significant decrease in the 

RA of taxa assigned to “Other” fungal phyla in both the P and N+P treatments compared with the control 

and warming treatment groups. In the rhizosphere there was an increase in the presence of Basidiomycota 

in the N, P, and N+P treatments compared with the control and warming plots (Figure 2.1B).  

2.3.2.2 Changes in RA of soil and rhizosphere communities at the family and genus level  

Within both the soil and rhizosphere samples, different shifts in the average RA between 

treatments were observed at the family level (Figure 2.2A, B). Any statistically significant changes 

between treatments were confirmed using non-parametric ANOVA tests, with post-hoc analysis. There 

were several family groups whose RA shifted in the nutrient addition treatments compared with the 

control treatment in both the soil and rhizosphere (Table A.6, Table A.7). Most notably, a significant 

increase in the RA of Xanthomonadaceae was observed in the N+P addition treatment compared with the 

control and warming treatments for both soil and rhizosphere communities. Within the P addition 

treatment, there was an increase in Sphingobacteriaceae in both the soil and rhizosphere, and a decrease in 

Planctomycetaceae in the soil. P addition showed increased soil fungi from the genera Thelephora, 

Mycena, Tomentella, and Ryvardenia, and a significant decrease in the presence of Pezoloma when 

compared with the controls (Table A.8). There was also an increase in rhizosphere fungi Thelephora and 

Phialocephala. For the N addition treatment, there was a significant increase in the RA of 

Chitinophagaceae in both soil and rhizosphere, and a significant increase in Caulobacteraceae in the 

rhizosphere compared with the warming treatment. Under the same conditions, soil fungi Laccaria and 

rhizosphere Mycena increased. In the N+P addition treatment, there was a significant increase in the RA 

of Sphingobacteriaceae compared with control, and as well, a significant increase and decrease of 



 

27 

 

Chitinophagaceae and Planctomycetaceae respectively, when compared with the warming treatment. 

These treatment plots showed a significant increase in RA of soil fungi genera Russula, 

Pseudogymnoascus, Mycena, and Davidiella (Table A.8), and rhizosphere fungi Russula and 

Phialocephala. Taxa from the orders GP1 and GP2 not assigned to any particular family decreased in all 

nutrient addition treatments (N, P, and N+P), compared with the control and warming plots for both soil 

and rhizosphere (Figure 2.2A, B). Significant decreases for GP2 “Other” taxa were found between the 

control treatment and N+P addition treatment in both soil and rhizosphere communities (Table A.6, Table 

A.7). As well, there were no significant changes in the RA between family level taxa between the 

warming and control treatments for both the soil and rhizosphere.  

2.3.3 Alpha Diversity Analysis 

Alpha diversity analysis was performed for species richness and evenness within treatments 

(Figure 2.3). Average alpha diversity in the soil bacterial microbiome differed significantly between 

treatment groups in both phylogenetic distance (PD) (P = 0.01) and Shannon diversity (SD) (P = 0.01), 

with an overall trend towards a decrease in diversity and evenness with P and N+P amendments. Between 

treatment groups, there was a small but significant decrease in PD in the N+P treatment plots compared 

with the controls (P = 0.025) and the N addition plots (P = 0.04). Similarly, there was a significant 

decrease in SD (evenness) in the N+P amendment compared with control (P = 0.046) and the warming 

treatments (P = 0.013). In the rhizosphere bacterial communities, there were also significant differences 

in alpha diversity between treatment groups for PD (P = 0.02) and SD (P = 0.01), with a significant 

decrease in PD and SD observed in the N+P treatment plots compared with the N treatments (P = 0.02) or 

controls (P = 0.02) respectively.  

In contrast, there were no significant differences observed between treatment groups in the fungal 

communities of the soil and rhizosphere for either species diversity or evenness (P > 0.05). There was a 

significant p-value noted for the Chao1 index when comparing soil fungal communities (P = 0.023), 

however post-hoc analysis showed no significant differences between specific treatments.  
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2.3.4 Beta Diversity Analysis 

Beta diversity analysis, calculated using the weighted Unifrac metric for the bacterial microbiome 

and the Bray Curtis metric for the fungal microbiome, was plotted using NMDS to visualize relationships 

between treatment groups and to correlate diversity with nutrients. Calculations were performed on CSS 

normalized data, based on the recommendations of McMurdie and Holmes (2014). These NMDS plots 

demonstrated clustering of samples into their respective treatment groups in both the soil and rhizosphere 

(Figure 2.4). Significance of these clusters patterns were statistically confirmed using both ANOSIM and 

adonis non-parametric tests (P < 0.001) (Table 2.2).Although control and warming treatment groups 

overlapped extensively, samples from the N+P treatment were clustered distantly from these. Sample beta 

diversity distances within and between treatments, were statistically analyzed (Table A.1), and confirmed 

that soils from the warming and control treatments significantly differed from both the N and N+P 

treatment groups (P < 0.05). As indicated, there was no significant separation between control and 

warming treatment groups (P > 0.05). These clustering patterns and their statistical significance were 

similarly observed in the rhizosphere (Figure 2.4B, Table A.1). 

Nutrients may drive clustering between treatment groups and therefore Mantel correlation 

analysis between beta diversity and soil concentrations of NO3, PO4, NH4, and pH was performed (Table 

2.3). Correlations with other soil factors such as dissolved organic nitrogen (DON), microbial biomass 

nitrogen (MBN), dissolved total nitrogen (DTN), microbial biomass carbon (MBC), and microbial 

biomass phosphorus (MBP) were also performed. In soils, beta diversity was significantly correlated with 

NO3 and PO4 concentrations as well as pH (P < 0.05). Satisfyingly, changes in NO3 and PO4 occur in the 

direction of the clustered N and P treatment groups, respectively (Figure 2.4A). Significant correlations 

were also found with DON, DTN, and MBC (P < 0.05). In the rhizosphere samples, there was a 

significant correlation between beta diversity and PO4 concentration (P < 0.05), which changed in the 

direction of the P treatment samples (Figure 2.4B). Although there appears to be some correlation 

between the clustering of samples from the N treatment and pH, NO3, and NH4, as indicated by the vector 
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arrows (Figure 2.4B), mantel correlation tests did not show any significant correlation between these 

factors and beta diversity across all treatments (Table 2.3). Significant correlations in the rhizosphere 

were also found with MBN, MBC, and DTN (P < 0.05), with the latter two as shown in soil. 

NMDS plots also showed clustering of fungi communities within their treatment groups (Figure 

2.5). This clustering was confirmed using adonis and ANOSIM analysis (P < 0.001) (Table 2.2).Once 

again, the control and warming samples overlapped with each other, considering both the soil and the 

rhizosphere sequences; differences were non-significant. For the soil all three nutrient addition treatments, 

P, N, and N+P visibly overlapped, and in the rhizosphere microbiome visible overlap was seen with the N 

and P treatments. Analysis of beta diversity distances within and between treatments confirmed that there 

was significantly more distance between the control samples and the N, P, and N+P treatments than 

within the control treatment (P < 0.05). The same was observed after comparison of the warming 

treatment to the three nutrient addition treatments (Table A.2). There was however, no significant 

clustering between the nutrient amended plots, as was seen between these and the controls. Again, Mantel 

testing between beta diversity and soil factors showed significant correlations with NO3 and PO4, 

changing in the direction of the N and P treatments respectively (Table 2.3). There was also correlation 

with MBC and DTN for the soil fungi. The fungal rhizosphere community showed significant correlations 

only between MBC and PO4, correlated in the direction of the P treatment cluster (Figure 2.5B).  
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2.4 Discussion 

The structure and function of bacterial and fungal soil communities are influenced by many 

environmental and biological factors. In Arctic climates, increased nutrient availability, likely to result 

from increased microbial activity due to elevated temperatures associated with climate change, is 

anticipated to alter the structure of soil ecosystems and have subsequent impacts on vegetation 

communities as well. To better predict future changes, scientists have established several long-term 

experimental sites, with plots that include both nutrient additions and warming treatments. These long-

term studies aim to understand the factors that drive changes in soil communities. In a long-term nutrient 

addition and warming study near Daring Lake, previous research had identified that only nutrient 

additions of N, P, and N+P, and not warming altered soil microbial nutrient pools (Zamin, 2013). 

However, treatment effects on bacterial and fungal community structures in the soil were not assessed. 

We consider it important to evaluate the impact of these long-term treatments on the soil microbial 

communities, as well as the structure of bacterial and fungal communities in the rhizosphere of B. 

glandulosa, as microbes in the rhizosphere are known to play important roles in nutrient acquisition and 

plant health (Turner et al., 2013).  

2.4.1 Differing effects of long-term warming vs. nutrient amendments 

Overall, nutrient amendments resulted in different bacterial and fungal community structures 

compared with the controls. However, the seasonal addition of greenhouses did not affect the composition 

of soil or rhizosphere communities, when compared with control plots. The lack of change in community 

structure under warming conditions could be explained, considering nutrient uptake by the vegetation. 

Previously the warmed treatment plots were shown to have an increase in above ground plant nutrient 

pools (increased CNP), but no increase in soil microbial pools (Zamin, 2013). There was no change in 

microbial biomass carbon (MBC), but increased nutrient concentrations in plant pools could suggest an 

increase in microbial activity, but the structure remains the same.  
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 It has been shown that plants are able to outcompete soil microbes for N and P made available by 

warming Arctic soils (Schmidt et al., 2002). This also appears to be the case in these low Arctic plots. 

Nutrient addition treatments however, resulted in increased CNP plant pools, notably for B. glandulosa, 

and also in soil microbial pools, suggesting that the addition of N and/or P created non-nutrient limited 

environments for the soil microbial communities (Zamin, 2013). Once plant nutrient pools were saturated, 

the high concentrations of N and P in treatment plots would then be available to microbial communities, 

which subsequently resulted in community changes. Plants appear to outcompete microbial communities 

for available soil nutrients in the warmed plots, as there was no subsequent increase of available nutrients 

and no impact on the microbial community structure, not even in the birch rhizosphere.  

Some studies of long-term warming treatments have seen alterations of both soil bacterial and 

fungal communities (Deslippe et al., 2012). These authors report a reduced evenness of bacterial 

communities and an increased evenness of fungal communities, where we saw no change in either 

compared to control treatments. Overall though, past literature is not consistent. For example, one report 

(Frey et al., 2008) showed strong responses to warming, and another showed decreased soil bacterial 

community growth (Rinnan et al., 2011). It is not known if community shifts result from a decrease in 

growth in some microbial groups. In our experiments, we suggest that the observed differences may be 

driven by the respective competitive ability of the site vegetation. B. glandulosa must be highly 

competitive since it is currently increasing in density and expanding across the Arctic under a variety of 

conditions (Chapin et al., 1995; Tremblay et al., 2012).  

In contrast to warmed plots, shifts in microbial and fungal communities were observed after 

nutrient amendment. The most striking changes were often with N+P additions showing a decrease in 

evenness and richness in bacterial communities. There was no statistical change in richness or evenness 

within fungal communities, however there were shifts in RA which occurred predominantly in the P and 

N+P amended treatments. These finding on mesic soils are both similar and different to those found in 

other similar studies, evaluating the effects of long-term fertilization plots in Alaskan moist acidic tundra, 
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where addition of N+P amendments did impact the overall bacterial community structure in soils and 

reduce community evenness (Koyama et al., 2014; Campbell et al., 2010). On moist soils, Koyama et al. 

(2014) found that N+P nutrient amendments had no significant impact on the fungal communities, which 

is opposite to what was observed in our evaluation of the mesic Daring Lake fertilized plots, where fungal 

community composition was greatly affected by nutrient amendments. Although it is possible that use of 

different fungal markers to determine community structure could explain some of the variation in results 

(Liu et al., 2015), it is more likely that these differences can be attributed to variation in water flooding 

and soil saturation. 

2.4.2 Factors driving microbial community changes 

Previous studies have shown that various factors are correlated with changes in bacterial and 

fungal community structures. Soil pH can be associated with decreased diversity in soils, and is correlated 

with changes in the abundance of Acidobacteria for example (Fierrer and Jackson, 2006; Rosuk et al., 

2010; Lauber et al., 2008). Distinct microbial communities have also been associated with nutrient 

availability (i.e. ammonia and P concentrations) (Shi et al., 2015; Lauber et al., 2008).  

These and other soil factors influenced overall community structures (beta diversity) of our study 

plots, as shown through Mantel correlation tests. Structure of both bacterial and fungal communities in 

the soil and rhizosphere, were significantly correlated with MBC, suggesting that microbial biomass was 

impacted by fertilization treatments. There was a significant decrease in microbial biomass for the P and 

N+P amended plots (Zamin, 2013). Combining together the shifts in community structure observed in the 

P and N+P treatments and changes in microbial biomass, it appears that effects of nutrient amendments 

resulting in community diversity reduction also coincide with reduced microbial biomass.  

Additionally, phosphate concentrations were significantly correlated with beta diversity across all 

four communities examined. This suggests that availability of P is an important factor driving the 

composition of both bacterial and fungal communities in this Arctic soil and rhizosphere. P availability 
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was also an important factor in increased biomass of birch shrubs in the nutrient amended plots as well, 

where P amendments increased above-ground biomass of B. glandulosa, significantly affecting leaf 

growth (Zamin, 2013).  Availability of N seemed to be less important in explaining community changes 

as NH4 concentrations were not significantly correlated with beta diversity, although NO3 was 

significantly correlated with soil bacterial and fungal communities. Interestingly, pH was only significant 

with respect to beta diversity of bacterial soil communities. The lack of correlation to the rhizosphere 

could be explained by the increased pH often found in the rhizosphere, compared to bulk soil (Shi et al., 

2011; Bagayoko et al., 2000), as pH measurements were recorded only for bulk soil.  

2.4.3 Changes in RA of bacterial communities 

Bacterial communities in both the soil and rhizosphere across all treatments were dominated by 

the presence of Actinobacteria and Proteobacteria respectively. Dominance of these groups coincides with 

observations of other birch hummock microbial communities (Shi et al., 2015). Many of the bacterial 

families with increased abundance were Proteobacteria, such as Sphingobacteriaceae and 

Chitinophagaceae in the soil communities of P and N+P amended treatments. This suggests that P is a 

limiting nutrient for the growth of members of these two families. As well, there was an increase in the 

Proteobacteria family Caulobacteraceae within the rhizosphere of the N amended treatment, comprising 

several different genera.  

However, the biggest change in relative abundance was the increase of Xanthomonadaceae in the 

soil and rhizosphere of N+P amended plots, consisting predominantly of the genus Rhodanobacter. 

Predominance of Xanthomonadales has been similarly observed in fertilizer-amended croplands (Jangid 

et al., 2008), and increases in Rhodanobacter and subsequently Xanthomonadaceae were noted in other 

long-term fertilized Arctic soils (Campbell et al., 2010). This result further highlights the potential 

importance of Xanthomonadaceae within communities of nutrient manipulated soils and the possibility 

that it might be utilized as a sentinel for nutrient-complete soils.  
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2.4.4 Changes in genera of fungal communities 

Across all three nutrient addition treatments, there were several major shifts in the abundance of 

specific fungal genera. Within the P amended plots there was a significant increase in several genera of 

Basidiomycota, with the biggest change being an increase in the ectomycorrhizal fungus Thelephora in 

both the soil and rhizosphere of B. glandulosa. Within the N+P amendment plots the biggest increase was 

in the presence of Russula, also a known ectomycorrhizal fungus, which commonly associates with 

species of Arctic birch (Betula spp.). Increases in ectomycorrhizal fungi are likely to increase the nutrient 

acquisition abilities of B. glandulosa, presumably making them more competitive, and indeed Zamin 

(2013) showed an increase in above ground biomass of these plant in these treatment plots, with this 

biomass also likely reflecting the nutrient amendments. 

Specifically, in the rhizosphere, there was an increase in the Ascomycota Phialocephala with P 

and N+P amendments. Phialocephala is proposed to play a role as a potential decomposer of soil organic 

compounds (Surono and Kazuhiko, 2017). An increase of this genera in the rhizosphere could have 

implications for increased concentrations of available C in the soil, which could also promote microbial 

activity, potentially increasing nutrient availability and thus plant growth.  

2.4.5 Conclusion 

Overall these findings are important, highlighting that effects caused by warming on bacterial and 

fungal communities are complex, and not universally predictable across Arctic ecosystems. We also 

observed that nutrient addition in Arctic soils, especially with combined N+P amendments drives change 

in the composition of both soil and rhizosphere communities, the latter of which can have important 

implications for health and growth promotion to plants, particularly Arctic birch, an important 

components of Arctic tundra ecosystems. 

 While other studies have previously evaluated long-term fertilization impacts of nutrient 

amendments to Arctic soils (Koyama et al., 2014; Campbell et al., 2010), to our knowledge our study is 

the first to evaluate the individual impacts of N vs. P additions on microbial communities in the Arctic 
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tundra. Our results suggest that P availability could be a more limiting factor in the change of microbial 

community structure, as we observed greater shifts with P and N+P amendments, compared with N only 

amendments, notwithstanding the common understanding that it is N availability that is thought to be an 

important driver of microbial diversity. Further evaluation of the metabolic functionality of these 

microbial communities could help to further elucidate the biochemical processes being driven by the 

nutrient amendments.  

The overall absence of effect in warming treatments compared to differences observed in the 

nutrient amended plots suggest that these treatments are not optimal for modeling effects of increased 

nutrient availability through warming in birch hummock tundra environments. However, we believe that 

through a better understanding of nutrient amendments on microbial communities, we will gain insight 

into the factors that drive microbial community composition, and tundra vegetation, to better predict 

potential consequences of increasing global temperatures on these ecosystems. 
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Table 2.2 Analysis of similarities (ANOSIM) and of difference (adonis) between beta diversity of 

treatment groups for both bacterial and fungal communities from Arctic soil plots and associated 

birch rhizospheres.   

Community Type Test Test statistic* P value 

Bacterial 
Soil 

ANOSIM 0.651 0.001 

adonis 0.640 0.001 

Rhizosphere 
ANOSIM 0.710 0.001 

adonis 0.624 0.001 

Fungal 
Soil 

ANOSIM 0.565 0.001 
adonis 0.418 0.001 

Rhizosphere 
ANOSIM 0.589 0.001 

adonis 0.402 0.001 

* Test statistics are R for ANOSIM and R2 for adonis tests. 
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Table 2.3 Mantel tests for significant correlations between beta diversity and environmental 

variables at Daring Lake experimental plots.  

Community Sample Type Factor1 R Statistic p-value2 

Bacterial 

Soil 

MBC 0.272 0.002 
DTN 0.214 0.012 
NO3 0.248 0.012 
pH 0.182 0.034 

DON 0.174 0.041 
PO4 0.176 0.041 

Rhizosphere 

MBC 0.325 0.001 
PO4 0.244 0.005 
DTN 0.173 0.020 
MBN 0.173 0.031 

Fungal 
Soil 

MBC 0.269 0.004 
NO3 0.277 0.008 
PO4 0.316 0.009 
DTN 0.200 0.031 

Rhizosphere 
MBC 0.420 0.001 
PO4	 0.410 0.003 

 

1Factor abbreviations are as follows: MBC = microbial biomass carbon, MBN = microbial biomass 
nitrogen, DTN = dissolved total nitrogen, DON = dissolved organic nitrogen 
2 For both the bacterial and fungal soil and rhizosphere, only significantly correlated factors are included 
in table (P < 0.05). 
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Figure 2.1 Average relative abundance of phyla in each treatment group for both the bacterial and 

fungal communities in the lower Arctic soil and Arctic birch rhizospheres. Sequence results were 

analyzed to phylum level for bacterial communities (A) and fungal communities (B) in soils (s) and 

rhizosphere (r). The relative abundance shown represents the average of treatment replicates (n = 5), with 

treatment groups indicated on the x-axis. Any phyla present at less than 0.1% RA across all treatment 

groups were pooled together.  
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Figure 2.2 Average relative abundance across treatment groups of bacteria and fungi at lower 

taxonomic levels for highly abundant taxa. Sequence results were analyzed to family level for bacterial 

communities (A) and genus level for fungal communities (B) in soils (s) and rhizosphere (r). The relative 

abundance shown represents the average of treatment replicates (n = 5), with treatment groups indicated 

on the x-axis. Any taxa present at less than 1% RA across all treatment groups were pooled together for 

both the fungal and bacterial microbiomes.   
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Figure 2.3 Diversity and evenness in microbial communities in Arctic soil. Average alpha diversity 

was calculated for bacterial diversity (A) using phylogenetic distance (PD) and evenness using Shannon 

Diversity (SD), while fungal diversity (B) was calculated using the Chao1 index and evenness with 

Shannon Diversity (SD) (n = 5). Asterisks indicate that the treatment group was significantly different 

from controls (P < 0.05). No significant differences were found between treatments in fungal 

communities (P > 0.05). Treatment groups are indicated to the right of each four box-plot cluster.  
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Figure 2.4 Non-metric dimensional scaling (NMDS) of the weighted UniFrac metric plotted with 

fitted environmental variables for the bacterial soil (A) and Arctic birch rhizosphere (B) 

communities. Environmental vectors are pointed in the direction of greatest change, with the ellipses 

representing the SE from the centroid of each treatment group cluster. Treatment groups are indicated by 

legend inside top left of plots, with environmental variables including nutrient concentration and pH as 

shown. Samples were normalized using CSS normalization prior to beta diversity calculations. Red 

arrows indicate significant correlation of environmental variables (P < 0.05) with beta diversity when 

fitted using vegan (R package). 
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Figure 2.5 Non-metric dimensional scaling (NMDS) of the Bray Curtis diversity metric plotted with 

fitted environmental variables for the fungal soil (A) and Arctic birch rhizosphere (B) communities. 

Environmental vectors are pointed in the direction of greatest change, with the ellipses representing the 

SE from the centroid of each treatment group cluster. Treatment groups are indicated by legend inside top 

left of plots, with environmental variables including nutrient concentration and pH as show. Samples were 

normalized using CSS normalization prior to beta diversity calculations. Red arrows indicate significant 

correlation of environmental variables (P < 0.05) with beta diversity when fitted using vegan (R package). 
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Chapter 3 

Evaluating the effects of nano-phosphate on Soybean (Glycine max) 

microbiome establishment and plant growth 

3.1 Introduction 

With an increasing global population, anticipated to reach 9.6 billion by the year 2050 (United 

Nations, 2013), the demand for phosphate (Pi) fertilizers is also expected to rise in order to maintain 

sufficient crop productions. Phosphorus (P) is traditionally applied to fields as plant-accessible water 

soluble phosphate (Pi) salts in forms such as triple super phosphate (TSP), and mono and diammonium 

phosphate (MAP, DAP). However, it is estimated that only about 20% of the Pi applied to fields is used 

by crops during a growing season (Simpson et al., 2011). The remaining soluble Pi can form complexes 

with aluminum, calcium, and iron oxides within the soil, converting it to plant-inaccessible forms 

(Raghothama, 1999). However, much of the soluble Pi is lost to agricultural run-off into local water 

bodies, where it contributes to eutrophication and may cause algal blooms, which have devastating effects 

on the aquatic ecosystems (Smith and Schindler, 2009). Ironically although little phosphate actually 

reaches crops, mineral rock phosphates are a limited, non-renewable resource (Scholz and Wellmer, 

2013). With increasing costs of Pi fertilizers and their harmful impacts on aquatic environments, there has 

been a push to find an alternative solution. In the future plant Pi efficiency and uptake may be improved 

(Veneklass et al., 2012, Vance et al., 2003), but in the short term alternative fertilizing technologies are 

worth examining.  

Nanomaterials have a high surface area to volume ratio suggesting a faster release of soluble ions, 

compared with bulk materials. Also, their purported increased soil mobility could increase Pi uptake by 

the roots. As such, nano-hydroxyapatite (nHA; Ca10(PO4)6(OH)2) has been proposed as an alternative to 

traditional Pi fertilizer. Previously, nano-rod HA was reported to increase the germination rate and growth 

of sand-grown chickpeas compared with controls (Bala et al., 2014), and spherical carboxymethyl 
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cellulose (CMC) coated nHA promoted the growth and yield of soybeans over that of equimolar amounts 

of soluble Pi fertilizer when grown in a greenhouse experiment (Liu and Lal, 2014). Indeed, these authors 

suggested that nHA would be a more effective and environmentally friendly Pi fertilizer due to its high 

dissolution rate and decreased runoff (Liu and Lal, 2015). Although so far, only one study implemented 

nHA fertilizer in natural soils, where it was better as a Pi source than bulk HA, but was not more effective 

than traditional TSP fertilizer (Montalvo et al., 2015). Although preliminary results suggest nHA could be 

a promising alternative, its efficacy had not been firmly established when implemented in an 

agriculturally realistic manner. In addition, no experiments have examined the impact of nHA on plant-

associated microbiomes including symbionts.  

Here, I investigated the impact of nHA as a Pi fertilizer on plant growth and microbiome 

development of soy (Glycine max), which is known for its economically important symbiotic relationship 

with nitrogen-fixing bacteria Bradyrhizobium japonicum. nHA was added directly into the soil at 

agricultural levels of P2O5 at the time of planting, and growth and seed yield were monitored, as well as 

the natural microflora using next-generation sequencing methods.  
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3.2 Methods 

3.2.1 Nanoparticle Characterization 

Hydroxyapatite (Ca10(PO4)6(OH)2) nanoparticles (nHA) were purchased from Sky Springs 

Nanomaterials, Inc. as <40 nm, with a needle shaped morphology, and 98.5% purity. nHA shape and size 

was confirmed using transmission electron microscopy (TEM) after suspension in Milli-Q water and 

sonication for 10 min. Average nHA length was determined using ImageJ (Schneider et al., 2012). 

Sonicated Milli-Q water suspensions of nHA were used to verify particle size distribution and average 

size by dynamic light scattering (DLS) using a Malvern Zetasizer Nano ZS.  

3.2.2 Microbiome Experiment Set-up 

3.2.2.1 Farm Soil Mixture 

Peat-pearlite SunGro Sunshine® Mix #2 soil was chosen as the base soil for the farm soil 

mixture, as it contains no added fertilizer and has a concentration of Pi <10 µg/g. It was sifted to remove 

large twigs and autoclaved twice to ensure sterility. Soil from a field near Sydenham, ON (44.4°N, 

76.6°W), that had not been treated with fertilizer for 25 years was then used to inoculate (5% m/m), the 

commercial mix. After mixing with a cement mixer for 15 min, the soil mixture was bagged until further 

use.  

3.2.2.2 Experimental Treatments 

A total of 140 13 cm pots were used, consisting of treatments with 20 pots sampled for 

microbiomes (n = 100), 5 replicate pots for growth analysis (n = 25), and 3 extra replicates (Table 3.1).  
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Table 3.1 Summary of all 5 treatments used for nHA microbiome experiment. 

 
Treatment  Final 

Concentration  
Microbiome 
Replicates 

Growth 
Replicates Added Solution 

A Control - 20 5 Water 

B -P Control * - 20 5 Hoagland’s ** 

C HA Bulk Control  
(50 mg/kg) 

50 ppm  
(4.3 mg HA) 20 5 Hoagland’s ** 

D nHA (50 mg/kg) 50 ppm  
(4.3 mg nHA) 20 5 Hoagland’s ** 

E nHA (100 mg/kg) 100 ppm  
(8.6 mg nHA) 20 5 Hoagland’s ** 

 
* -P control contains no added Pi to the soil either at time of planting or in fertilizing solution 
** Hoagland’s solution contains no N or P 
 

Each pot contained 86 g of the 5% farm soil mixture, wetted with 200 mL of RO water. For 

treatments C-E, a hole was made 3 cm in diameter and 1 cm deep in the soil (Figure B.1A), where HA 

and nHA additions were made at the concentrations indicated (Table 3.1). Soybean seeds (3) (Wallace 

Variety, Willow Agriservice, Harrowsmith, ON) were planted 1 cm below the soil surface around the 

centre of the pot (Figure B.1A). The seeds had been previously coated with HiStick® N/T Soybean Co-

inoculant (containing Bradyrhizobium japonicus and Bacillus subtilis MBI600) at a rate of 3.2 mg/g of 

seed, as recommended by the manufacturer. After covering seeds and nHA/HA with soil, the pots were 

watered (RO water).  

3.2.2.3 Plant Maintenance and Growth Conditions 

 One week after planting seedlings were thinned so that one plant remained per pot and, treatments 

B-E were fertilized with 50 mL of 3.5 mM KNO3 solution to facilitate the formation of nodules (Severin 

et al., 2014). Treatments B-E were also fertilized every other day with 50 mL of Hoagland’s solution 

lacking nitrogen and phosphorus (Hoagland and Arnon, 1950), while treatment A was given 50 mL of RO 

water. Plants were watered every other day with RO water as required. 
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 Pots were placed in a growth chamber set to 23-24 °C during the day, 20 °C at night, with a 

photoperiod of 13 h (Mielewczick et al., 2013).  Plants were rotated within the chamber every other day 

to minimize environmental variability.  

3.2.2.4 Sample Collection 

After three weeks, all plants had reached the V2 stage (2nd trifoliate stage) and samples from the 

leaf, root, and soil were collected. From each of the 20 plants per treatment for microbiome analysis the 

middle leaf of the first trifoliate was removed with ethanol-sterilized tweezers, stored in a sterile sample 

bag, and kept at 4 °C for a couple hours until processing. Subsequently, four cores were aseptically 

removed from different areas of each leaf using a flame-sterilized cork borer (1 cm in diameter). The leaf 

cores were then placed in a 1.5 mL centrifuge tube, frozen with liquid nitrogen and stored at -80 °C. The 

leaf cores were designated as the endosphere/phyllosphere sample. 

Soil samples were collected using a scoopula sterilized with 70% ethanol from the center of each 

pot, after removing the top 1 mm of soil. Enough soil was collected from each pot to fill a 15 mL conical 

centrifuge tube. Samples were stored at -20 °C until they were lyophilized prior to extraction.  

Roots were separated gently from the soil by hand and stored at 4 °C in sterile bags overnight 

until processing the next day. Gloves worn were sterilized with 70% ethanol between samples. 

Subsequently, a 2.5 cm section was cut with sterilized scissors from the main root 2.5 cm from the top 

where the root and stem were severed. Any adhering nodules and lateral roots were removed from the 

sampled root section. After placing the root sections into 1.5 mL centrifuge tubes with 1.3 mL of PBS 

containing 1mM EDTA and 0.01% Tween-20, they were shaken for 20 min at 180 rpm, vortexed for 15 

sec and then transferred into a new tube. The remaining wash buffer, containing microbes and DNA 

washed off the root surface, was centrifuged (20 min at 335 x g (2000 rpm)). The resulting supernatant 

was removed and added back in the tube with the washed root segment prior to storage at -80 °C. The 

remaining pellet was frozen in liquid nitrogen and stored at -80 °C and designated as the rhizosphere 

sample.  
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3.2.2.5 Plant Growth and the Microbiome 

The five growth replicates per treatment were grown for 8 weeks, and fertilized as described. The 

above ground and below ground plant tissues were collected and dried (48 h at 70 °C) and weighed. The 

number of pods produced by the plant was also determined. The number of root nodules was recorded and 

nodules were dissected to determine red colouring, an indication of active nitrogen fixation (Kubo, 1939). 

3.2.2.6 DNA Extractions  

DNA from both soil (150 mg) and rhizosphere/rhizoplane samples was extracted using the 

Macherey-Nagel NucleoSpin® Soil Genomic DNA Extraction Kit following the manufacturer’s protocol 

with the addition of a repeated sample lysis step (SL1 lysis buffer and Enhancer SX). For soil samples, 

the addition of 150 µL of extra lysis buffer was used. Pelleted rhizosphere material (50-290 mg; mean 

125 mg) was initially suspended in SL1 lysis buffer and transferred to bead tubes with the rest of the 

extraction carried out following the manufacturer’s protocol.  

 Phyllosphere/endosphere DNA was extracted with the Wizard® Genomic DNA Purification Kit 

(Promega, WI, USA) following the manufacturer’s protocol for the isolation of plant genomic DNA, with 

an additional lysozyme step (Copeland et al., 2014). After grinding leaf cores in 1.5 mL tube with liquid 

nitrogen using a sterile DNA-free Pellet Pestle (Kimble-Chase, TN, USA), 480 µL of 50 mM EDTA (pH 

8) and 120 µL of 10 mg/mL lysozyme (in 10 mM Tris-HCl, pH = 8) was added to the ground tissue, 

mixed, and incubated for 45 min at 37 °C. An aliquot (600 µL) of nuclei lysis solution was then added 

followed by incubation for 10 min at 65 ° C, and 5 min at 80 ° C. After cooling to room temperature, 5 µL 

of 4 mg/mL RNase A was added to the tubes and incubated at 37 °C for 45 min. After cooling to room 

temperature, protein precipitation solution (200 µL) was added and the tubes were and vortexed at high 

speed for 5 sec before incubating samples on ice for 5 min and centrifugation (14 000 x g for 3 min). The 

supernatant was then re-centrifuged. The resulting supernatant was aliquoted to two new tubes and the 

DNA was isopropanol precipitated according to the manufacturer’s protocol. DNA was rehydrated 
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overnight in 100 µL of sterile ddH2O. All soil, rhizosphere, and leaf DNA extractions were quantified 

using both Nano-Drop and Qubit® Fluorometer (Invitrogen, ThermoFisher). DNA quality was also 

verified using 1% agarose gel electrophoresis and storage was at -20 °C.  

3.2.2.7 PCR-DGGE Analysis 

Prior to sequencing, 16s rRNA gene fragments were amplified and visualized using denaturing 

gradient gel electrophoresis (DGGE). PCR amplification utilized a nested approach, first with universal 

primers 8F and 1406R (Turner et al., 1999; Suzuki and Giovannoni, 1995), followed by V3 primers 338F 

with a 40 bp GC clamp on the 5’ end and 518R (Øvreås et al., 1997; Muyzer et al., 1993). The first round 

of amplification was done in a 25 µL reaction volume containing 2.5 µL of 10X PCR Buffer with 20 mM 

MgCl2 (GeneDireX), 0.5 µL of 10 µM forward (8F) and reverse primer (1406R), 0.5 µL of 10 mM 

dNTPs, 0.5 µL of 20 mg/mL BSA, 0.125 µL of Taq Polymerase (GeneDireX), 19.375 µL of sterile 

ddH2O, and 1 µL of DNA template. The 16s rRNA gene was amplified in a thermocycler with an initial 

3-min denaturation at 95 °C, followed by 20x cycles of 95 °C for 30 sec, 52 °C for 60 sec and 72 °C for 

90 sec, and a final extension for 5 min at 72 °C. 

The second round of PCR, with primers 338F-GC and 518R, used the first PCR reaction product 

as its DNA template. The 50 µL reaction mixture contained 5 µL of 10X Buffer with 20 mM MgCl2 

(GeneDireX), 1 µL of 20 mg/mL BSA, 1 µL of both 10 µM forward and reverse primer, 1 µL of 10 mM 

dNTPs, 0.5 µL of Taq Polymerase (GeneDireX), 2µL of DNA template, and 35.5 µL of sterile ddH2O.  

The V3 region was amplified with an initial denaturation at 95 °C for 5 min, 25x cycles of 95 °C for 60 

sec, 67 °C for 75 sec, and 72 °C for 90 sec, followed by a 7-min final extension at 72 °C. V3 

amplification was verified using a 1% agarose gel.  After the two rounds of PCR-amplification, samples 

were randomly selected and pooled in triplicate three times for each of the five treatments (Figure B.2). 

DNA concentrations were quantified for each pooled sample using a Nano-Drop. PCR amplified samples 

were analysed using DGGE analysis, following the protocol described by Inglese et al. (2017). 
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3.2.2.8 16s rRNA Gene Sequencing 

A total of 150 DNA samples were sent to the Centre for the Analysis of Genome Evolution & 

Function (CAGEF) at the University of Toronto for 16s rRNA gene sequencing. The V4 hypervariable 

region was amplified using a universal forward sequencing primer (515F) and a uniquely barcoded 

reverse sequencing primer (806R) to allow for multiplexing (Caporaso et al., 2012). Amplification 

reactions for the soil samples were performed using 12.5 µL of KAPA2G Robust HotStart ReadyMix 

(KAPA Biosystems), 1.5 µL of 10 µM forward and reverse primers, 8.5 µL of sterile water and 2 µL of 

DNA. The V4 region was amplified by cycling the reaction at 95 °C for 3 min, 18x cycles of 95 °C for 15 

sec, 50 °C for 15 sec and 72 °C for 15 sec, followed by a 5 min 72 °C extension. For the PNA clamp 

reactions using leaf DNA extract as the template, 2 µL of DNA was added to 12.5 µL of KAPA2G 

Robust HotStart ReadyMix (KAPA Biosystems), 1.5 µL of 10 µM forward and reverse primers, 6 µL of 

sterile water, 0.75 µL of 25 µM pPNA and 0.75 µL of 25 µM mPNA. The V4 region was amplified by 

cycling the reaction at 95 °C for 3 min, 20x cycles of 95 °C for 15 sec, 78 °C for 15 sec, 50 °C for 15 sec 

and 72 °C for 15 sec, followed by a 5 min 72 °C extension. All amplification reactions were done in 

triplicate alongside negative controls for each barcode, verified on a 1% agarose TBE gel, and then 

pooled to reduce amplification bias. Pooled triplicates were combined by approximately even 

concentrations. The final library was purified using 0.8X magnetic Ampure XP beads, selecting for the 

bacterial V4 amplified band. The purified library was quantified and loaded on to the Illumina MiSeq for 

sequencing, according to manufacturer’s instructions (Illumina, San Diego, CA). Sequencing is 

performed using the V2 (150 bp x 2) chemistry.   

3.2.2.9 Analysis of the Bacterial Microbiome 

The UNOISE pipeline, available through USEARCH version 9.2, was used for sequence analysis 

(Edgar, 2010; Edgar, 2013; Edgar, 2016). The last base, typically error-prone, was removed from all the 

sequences. Sequences were assembled and quality trimmed using –fastq_mergepairs and –fastq_filter, 

with a –fastq_maxee set at 1.0 and 0.5, respectively. Sequences less than 233 bp (20 bp shorter than the 
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average) were filtered out.  Following the UNOISE pipeline, merged pairs were then de-replicated and 

sorted to remove singletons. Sequences were denoised and chimeras were removed using the unoise2 

command. Assembled sequences were then mapped back to the chimera-free denoised sequences at 97% 

identity OTUs. Taxonomy assignment was executed using utax, available through USEARCH, and the 

UNOISE compatible Ribosomal Database Project (RDP) database version 16, with a minimum 

confidence cutoff of 0.9 (Wang et al., 2007). OTU sequences were aligned using PyNast accessed through 

QIIME (Caporaso et al., 2010). Sequences that did not align were removed from the dataset and a 

phylogenetic tree of the filtered aligned sequence data was made using FastTree (Price et al., 2009).  

Prior to analysis, the OTU table was filtered to remove any OTUs with a number of sequences 

less than 0.005% of the total number of sequences (Bokulich et al., 2013).  All singleton OTUs were also 

filtered out in the process and any unassigned OTUs were also removed prior to analysis. The OTU table 

was separated based on sample type to create individual OTU tables for soil, rhizosphere, and leaf 

samples, which were then analyzed separately.  

The majority of the analysis of the OTU tables was done using QIIME (1.9.1) (Caporaso et al., 

2010), including data normalization, taxonomic relative abundance, rarefaction, alpha diversity 

calculation, and beta diversity calculations. Data was normalized using both rarefaction to the lowest 

sample count and also cumulative sum scaling (CSS) normalization (Paulson et al., 2013), prior to beta 

diversity analysis. Beta diversity was calculated using the weighted UniFrac metric, which takes into 

account the taxonomic relationship and abundance of OTUs within samples (Lozupone and Knight, 

2005). Principle coordinates analysis (PCoA) and generation of heatmaps were done using QIIME. 

3.2.2.10 Statistical Analysis 

Statistical analysis of plant biomass and pod numbers was done using one-way ANOVA and 

TukeyHSD post-hoc tests calculated through Prism 7. Non-parametric ANOVA (Kruskal-Wallis test) run 

through R (version 3.3.2) was used to determine significant differences in phylum and genus abundance 

between treatments, with post-hoc testing done using Dunn’s Kruskal-Wallis multiple comparisons test 
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implemented through the FSA package in R. Differences in alpha diversity were also tested using non-

parametric ANOVA, here implemented through Prism 7. Analysis of the statistical significance of sample 

groupings for beta diversity metrics was done using the compare_categories.py script in QIIME, which 

uses the R vegan package to run both ANOSIM and adonis tests. Finally, statistical analysis of beta 

diversity distances within and between treatments was done using the make_distance_boxplots.py script 

in QIIME, which ran parametric t-tests with Bonferroni p-value correction for multiple comparisons. 

3.2.3 Growth Experiments  

3.2.3.1 Experiment Set-Up 

Five treatments were used to assess the effectiveness of nHA as a Pi fertilizer (Table 3.2). Control 

soybeans were grown in the absence of any fertilizer (Treatment A). Treatment B plants were given 

fertilizer without any added source of P or Pi, and Treatment C was given HA at the same concentration 

as the Treatment D group. Two treatment groups (D and E) contained nHA as a source of Pi at two 

different concentrations. In one set of experiments an additional treatment group (F), containing plant 

usable Pi as the source of P, was used as a positive P control to demonstrate the growth and seed potential 

of the soy cultivar under full nutrient conditions.  

Table 3.2 Summary of 5 treatments used for growth experiments GP1 and GP2, including 

additional positive control (F) in GP2 experiment. 

 Treatment Soil Additions Replicates  Fertilizing Solution 

A Control - 20 Water 

B -P Control * - 20 Plant-Prod 14-0-14 

C HA (15 ppm P) + 32.4 mg of HA 20 Plant-Prod 14-0-14 

D nHA (15 ppm P) + 32.4 mg of nHA 20 Plant-Prod 14-0-14 

E nHA (56.5 ppm P) ** + 153 mg of nHA 20 Plant-Prod 14-0-14 

F Soluble Pi (P2O5) - 5 Plant-Prod 20-20-20 

 
* -P control contains no added Pi to the soil either at time of planting or in fertilizing solution 
** Final concentration of P in soil was based on recommended application rate of 20 kg/ha P2O5  



 

53 

 

Dry peat-pearlite (500 g) SunGro Sunshine® Mix #2 (contains no added fertilizer) was placed 

into 100 20 cm pots and then wetted with RO water. Additions were made to the pots as required (C-E) in 

the centre of each pot. A 50 mL conical centrifuge tube was used to lift a core of soil 7.6 cm deep, below 

which the HA or nHA was placed before replacing the overlaying soil. Soybean seeds (3) (Wallace 

Variety, Willow Agriservice, Harrowsmith, ON) were then planted 2.5 cm below the surface surrounding 

the centre of all pots (Figure B.1B), and watered with RO water. Two weeks after planting, seedlings 

were thinned to leave one per pot. Un-germinated seeds were also removed from the pots. 

Prior to planting, soybean seeds were surface sterilized by successively immersing them for 1 min 

in 70% EtOH, sterile water, 10% sodium hypochlorite, sterile water and a final rinse 3X with sterile 

water. Surface sterilization ensured that no nitrogen-fixing bacteria were present, as treatments supplied 

the nitrogen.  

3.2.3.2 nHA Concentration and Placement  

Hydroxyapatite (HA or nHA) was placed 5 cm below the soybean seeds in the centre of the pot in 

accordance with agricultural recommendation and as suggested by the Ontario Ministry of Agriculture, 

with fertilizer concentrations as suggested for soybean (OMAFRA). A concentration of 20 kg/ha P2O5 is 

the lowest recommended field application rate when the soil test level indicates a P concentration of 13-

15 ppm. The amount of nHA added was calculated so as to apply an equal molar amount of P (P2O5 to 

Ca10(PO4)6(OH)2) based on the surface area of the 20 cm pots used for this experiment. The lowest 

recommended application (15 ppm) for P fertilizer is the critical P concentration below which crops 

experience decreased yield due to P-deficiencies (Staton, 2014). It should be noted that this decision was 

informed by the previous report that nHA was more effective than soluble P fertilizers (P2O5) at the same 

rate of application (Liu and Lal, 2014).  
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3.2.3.3 Growth Conditions and Fertilization 

Two weeks after planting, 350 mL Plant-Prod® 14-0-14 Balance Fertilizing solution was applied 

weekly to treatments B-E at a rate of 100 ppm N with 350 mL of RO water given weekly to treatment A. 

Treatment F was given 350 mL of Plant-Prod® 20-20-20 weekly also at a rate of 100 ppm N.  Additional 

water was given equally to all treatments as required. Soy was grown in a greenhouse, kept between 20-

24 °C with a photoperiod of 18 h. Seeds were planted in late April for the first replicate (GP1), and the 

experiment was concluded the first week of July, 12 weeks after planting. The second experimental 

replicate (GP2) was planted in the second week of May, and ended 12 weeks later at the end of July. 

Growth of the soy was monitored weekly for the duration of the experiment. Height measurements were 

recorded weekly with final growth stages, number of trifoliates, number of pods, and amount of foliage 

lost was recorded for each plant.  

During the course of the experiment, thrips were present in the greenhouse with mild foliar 

damage on the plants noted 10 days after planting (GP1 replicate). Subsequently, predatory Swirski-Mites 

(Koppert Biological Systems) biocontrols were applied bi-weekly to each plant. The severity of thrips 

infestation was determined using a modified version of the method from Purdue University. Briefly, each 

of the four greenhouse benches used was divided into 5 sections, from which the lowest trifoliate leaf 

from 5 randomly selected plants were enumerated for the presence of thrips at any life stage for the GP2 

plants. All plants from the GP1 replicate, were also monitored for thrips on the uppermost trifoliate.  

3.2.3.4 Sample Collection for Biomass and Yield  

After 12 weeks of growth for both the experimental replicates (including treatment F) were 

harvested, when the majority of plants had reached the seed maturation stage with several plants 

beginning to senesce. The above ground portion of the plant was cut from the roots ~1 cm above the first 

lateral root and placed in a paper bag for drying. Roots were then carefully separated from the soil and 

stored in plastic bags until the soil was washed from the roots with water.  Above and below ground 

tissues were placed in a drying oven for 2 days at 70 °C. After drying, pods were removed and weighed 
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separately. Subsequently, all seeds were removed from the pods and placed back in the drying oven for an 

additional 2 days. Dry weight of the roots and the above ground tissue (without seeds) was used as an 

estimate of soy plant biomass. Dry mass of seeds was recorded, as a measure of seed yield. 

After recording biomass data, 9 random samples were chosen from each treatment to be used for 

measurements of above ground total plant P concentrations. Oven dried samples were pooled in triplicate 

and ground using a coffee grinder to prepare samples for analysis. Total plant tissue P concentrations 

were determined using ICP-OES analysis, which was conducted by the Analytical Services Unit (ASU) at 

Queen’s University. Spinach leaf tissue was used as a plant reference during analysis, along with a 

separate P control sample. Above ground plant tissues analyzed included the stem, any remaining leaves, 

and empty pods. Analysis of soluble Pi in soil samples collected from three random pots for treatments A-

E was also done using ICP-OES. Prior to analysis, 0.5 g of each dried soil sample (oven dried at 70 °C for 

2 days) was added to a glass vial with 40 mL of water. Sample vials were then placed on an orbital shaker 

overnight at 300 rpm to extract any soluble Pi. After shaking, the sample mixture was syringe filtered 

(0.45 µm). Filtered solutions were then analyzed to determine Pi concentration using ICP-OES. This 

analysis was also conducted by ASU at Queen’s University with a standard Pi control.   

3.2.3.5 Statistical Analysis 

Statistical analysis was performed using R Studio (R Version 3.3.2) and Prism 7. One-way 

ANOVA was used to determine any significant differences between treatments for final height, trifoliates 

produced, overall biomass, below and above ground biomass, and seed yield. TukeyHSD post-hoc tests 

were used to determine any statistically significant differences between groups.   
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3.3 Results 

3.3.1 Nanoparticle Characterization  

TEM imaging of nHA showed needle-like particle morphology, with an average width of 23.1 nm 

(SD + 6.7) and average particle length of 91.7 nm (SD + 29.8) in accordance with the manufacturer 

specifications (Figure 3.1A, B). Both the nHA suspended in Milli-Q water and the nHA suspended in 

Hoagland’s Solution showed similar particle interactions, with evidence of some agglomeration even after 

sonication (Figure 3.1A, B). DLS analysis showed an average peak at approximately 35 nm (Figure 

3.1C), again similar to the size range seen in the TEM images.  

3.3.2 nHA Microbiome Experiment 

3.3.2.1 Effect of microbiome experimental conditions and treatments on soybean growth 

The number of active nodules present on soy roots harvested after 8 weeks in inoculated soil did 

not show any difference between treatments (n = 5, P = 0.998). The average number of nodules present 

on roots for treatments A-E were, 13.2 (SD + 6.4), 14.0 (SD + 5.4), 13.6 (SD + 3.8), 13.0 (SD + 4.2), and 

13.2 (SD + 4.8) respectively. For treatments B-E, 100% of the nodules were observed to have a red 

interior, which indicated active nitrogen fixation. These plants also showed no visual signs of nitrogen 

deficiency in their foliage.  There was also no difference in above ground biomass (P = 0.81), below 

ground biomass (P = 0.08), or total biomass (P = 0.09) (Figure 3.2 A, C, and D). However, both 

treatments D and E with added nHA at 50 ppm and 100 ppm, respectively, showed a significantly higher 

number of pods when compared with control treatments A, B, and C (P < 0.001) (Figure 3.2B).  

3.3.2.2 DGGE, Sequencing, and OTU Table Results 

PCR-DGGE analysis of the soil microbiome showed high similarity in banding between all five 

treatments (Figure B.3). This qualitative result suggested similar microbiome structure, but confirmed that 

microbial community DNA extractions had been successful.  
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Sequencing of the V4 hypervariable region of the 150 leaf, soil, and root samples (including three 

sequencing plate control samples), yielded 8,933,913 reads and 929 unique OTUs. The mean number of 

reads per sample was 58,391 (standard deviation of 28,188). Sequencing plate positive controls had 

>99.9% of reads assigned to Pseudomonas, while the negative controls contained only two reads. The 

filtered OTU table was split up by sample type; soil, root, and leaf, where analysis would be carried out 

separately.   

3.3.2.3 Endosphere and Phyllosphere Microbiome  

Phyllosphere/endosphere was performed using PNA clamps to reduce amplification of 

chloroplast DNA, which has high homology to bacterial 16s rRNA gene sequences. After initial quality 

filtering, there were 929 OTUs (total of 3,515,900 reads) across all 50 leaf samples (Table 3.3), with 

99.9% belonging to chloroplasts (Figure 3.3). After filtering out these three OTUs, only 1662 reads 

remained (Table 3.3). Although an underlying microbiome structure composed of 14 different phyla was 

revealed (Figure 3.3), overall low read numbers prevented further analysis.  

3.3.2.4 Soil and Rhizosphere Microbiome 

To evaluate the effect of experimental treatments on the soil and rhizosphere microbiome, the 

filtered OTU table data was used to determine the relative abundance of different OTUs and taxa present 

within the different treatments.  

Average relative abundances of taxa at the phylum level showed high similarity between the no P 

control (B), 50 ppm HA (C), 50 ppm nHA (D), and 100 ppm nHA (E) treatments, with some small 

differences apparent in the control treatment for both soil and rhizosphere samples (Figure 3.4). 

Differences in the relative abundance of certain phyla were confirmed using non-parametric ANOVA 

analysis, which showed a significant decrease in Bacteroidetes in the no P control, 50 ppm HA, 50 ppm 

nHA, and 100 ppm nHA treatments compared with the untreated control in both the rhizosphere and soil 

(Table B.1, Table B.2). There was also a lower relative abundance of the taxa assigned to ‘Other’ phyla in 
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the control treatment, compared to the other four treatments (both soil and rhizosphere). In the soil, there 

was a significant increase in Acidobacteria in treatments that contained HA or nHA (50 and 100 ppm) 

when compared to untreated control. Other phyla showed significant differences between treatments, but 

these appeared to be independent of treatment effects. As expected, there were differences in the phyla 

present in the soil and rhizosphere, with an increased relative abundance of Firmicutes and Actinobacteria 

in the rhizosphere samples (Figure 3.4B). When differences in relative abundance were examined at the 

genus level, there was a high similarity of abundance across treatments (Figure 3.4C, D). Overall, 

statistical analysis of the high abundance genera (>1%) showed some significant results, however there 

were no meaningful differences in genera present between the 50 ppm HA and 50 ppm nHA.  

Alpha diversity estimation used rarefied OTU data and calculated both phylogenetic diversity 

(PD), which uses phylogenetic relationships and the Shannon diversity index (SD) as a measure of 

species richness and evenness respectively. Across all treatments in both soil and rhizosphere samples, 

neither PD nor SD showed difference between treatments (Figure 3.5). This was confirmed using a non-

parametric one-way ANOVA showing was no significant differences in these (P > 0.05).  

Beta diversity was calculated using the weighted UniFrac beta diversity metric, which considers 

phylogenetic relationships and the proportion of different OTUs present in different samples. Calculations 

were performed on both rarefied and cumulative sum scaling (CSS) normalized OTU tables. Since 

rarefaction discards usable data (McMurdie and Holmes, 2014), CSS normalization was also included to 

compare beta diversity (Paulson et al., 2013). PCoA was performed on beta diversity values to visualize 

the separation between samples and treatments. PCoA plots show a similar pattern between treatments 

that can be seen in both the soil and rhizosphere samples, and were similar using both methods of 

normalization. Samples from the control treatment clustered separate from the 50 ppm HA and nHA, and 

100 ppm nHA treatments, while the no P control samples clustered between the controls and the nHA/HA 

samples (Figure 3.6). To determine whether the visible clustering is significant, with the distance between 

samples in different treatment groups being greater than the distance within samples from the same 
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treatment group, both adonis and ANOSIM non-parametric tests were performed (Table 3.4). Both tests 

indicated significant separation overall between treatments for both soil and rhizosphere samples, using 

weighted UniFrac beta diversity distances calculated using OTUs from both methods of normalization (P 

< 0.001). To confirm clustering, non-parametric t-tests were conducted between each pair of treatments, 

using Bonferroni correction to adjust p-values for multiple comparisons. Significant differences between 

the control treatment and the 50 ppm HA, 50 ppm nHA, and the 100 ppm nHA treatments were confirmed 

(Table B.3). Significantly, there was no difference in beta diversity whether the hydroxyapatite is present 

in bulk or nano form. There was also no significant difference in distance between either of the nHA 

treatments (50 or 100 ppm). The same patterns of significant separation between treatment groups were 

seen for the rhizosphere samples (Table B.4).  

Overall, the statistical analysis of beta diversity distances supports the clustering patterns 

observed in the PCoA plots, with the control treatment clustering separate from treatments with added HA 

or nHA and the no P control overlapping between the two, and the 50 ppm HA and nHA treatment 

samples completely overlapping. Treatments do seem to have an effect on the overall composition of the 

soil and rhizosphere microbiome, whether there is no added fertilizer, as in the control treatment, or added 

hydroxyapatite. However, changes resulting from the addition of nHA also occurred with the addition of 

bulk HA.  

3.3.3 nHA Growth Experiment 

3.3.3.1 Plant Growth 

Greenhouse experiments with agriculturally relevant concentrations and applications of nHA 

were repeated twice (except treatment F), with similar results. There was no increase in plant growth 

observed in the nHA addition treatments when compared with the no P control treatment. Since the 

results were consistent, here only the second experimental replicate serves as representative data.  
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Plant phenotypic variation was observed even within treatments (Figure 3.7), but there was little 

difference in the appearance of the plants across all five treatments (A-E) 10 weeks after planting, with 

height, trifoliate leaves, and pods production (Figure 3.8A). However, when comparing control plants and 

nHA (56.5 ppm P) treatment groups with the positive P controls (treatment F), plants fertilized with 

soluble Pi in treatment F showed striking increases in the above ground biomass and pod number (Figure 

3.8B).  

Heights recorded weekly over the course of 12 weeks were similar for treatment groups A-E 

where growth slowed at around 7 weeks. In contrast excluding the positive P control plants (F) continued 

to grow until around weeks 8-9 (Figure 3.9). As a consequence, the final mean height (38.2 cm) for plants 

from treatment groups A-E were not significantly different (P > 0.05), whereas the average height (143.0 

cm) of positive P control plants was significantly greater (P < 0.0001).  

3.3.3.2 Biomass and Yield 

At 12 weeks’ post planting all plants were harvested to determine biomass and yield. Comparison 

of total biomass and above ground biomass averaged 1,135 mg and 775 mg respectively, and showed no 

significant differences between any of the treatment groups A-E. However, there was a significant 

increase in both total and above ground biomass, 15,535 mg and 13,146 mg respectively, for the positive 

P control (treatment F) compared with the other five treatments (P < 0.0001) (Figure 3.10A, D). The same 

pattern was observed when examining the average yield for each treatment, where there was a significant 

increase in yield in the positive P control (5,282 mg seeds) compared to the other five treatments (P < 

0.0001) which averaged 225 mg of seeds produced. There was no significant difference in yield between 

any of treatment groups A-E (Figure 3.10B). This result is also reflected in the number of seeds and pods, 

with the only significant increase in number existing in the positive P control treatment compared with the 

three control and two nHA treatments (Figure 3.11). 



 

61 

 

 The average below ground biomass, in the positive P control was 2,389 mg, which was 

significantly different from the mean biomass of 364 mg for treatments A-E (P < 0.0001). However, there 

were some differences amongst these 5 treatment groups. The no P control treatment had a significantly 

lower below ground biomass compared with the control treatment (P = 0.001) in both experimental trials. 

Overall, nHA treatments did not show a significant increase in biomass or yield when compared with 

controls, with the only significant increase in growth and yield seen mediated by the addition of soluble P 

in the positive P control.  

Analysis of the total plant P content of above ground plant tissue showed the same pattern as 

observed in the analysis of overall biomass. Not unexpectedly, plants treated with soluble phosphate had a 

significantly higher average concentration of P in their above ground tissues than the treatment groups A-

E (P < 0.0001), which averaged 4675 µg/g DW and 224 µg/g DW respectively (Figure 3.12). This 

suggests that nHA fertilizer was no better at providing the plant with P than the bulk HA, and provided no 

more P to the plant than was available in the control and –P control where no source of P was added. Soil 

samples from treatments A-E collected at the end of the growth trial all had soluble phosphate 

concentrations < 10 µg/g DW.  

3.3.3.3 Biocontrols 

The presence of thrips in the greenhouse resulted in some foliar damage to the newly emerged 

seedlings (Figure B.4), irrespective of the treatment group as determined by non-parametric one-way 

ANOVA (P > 0.05). The application of biocontrols reduced thrips populations and subsequently the 

presence of thrips was low and there was little to no foliar damage visible on the newly emerged leaves. 

When plants were surveys for thrips mid-June, while both GP1 and GP2 plants were being grown in the 

greenhouse, only 2.6% of plants sampled had a live thrip present, with the average number detected on 

these plants to be 1.5 individuals. The lower number of soluble phosphate-treated plants grown during the 

second trial was due to the unavailability of additional biocontrols.  
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3.4 Discussion 

It is important to evaluate the impact of nHA when used as a Pi fertilizer. Considering 

nanofertilizers are available commercially, do they effect plant microbiome establishment and how 

effectively does it function as a Pi source when applied in an agriculturally realistic manner?  

3.4.1 nHA Characterization 

Characterization of nHA used in this study revealed that particles were nano-sized (~23 nm X ~92 

nm), with TEM analysis showing they were needle like in shape, as described by the manufacturer. We 

chose elongated NPs because of their high surface area to volume ratio to ensure a higher rate of 

dissolution of soluble phosphate ions from the surface of the particles. There was agglomeration, even 

after sonication in both Milli-Q water and Hoagland’s solution. Such NP association was also observed in 

the nHA used to test the efficacy of nHA as a fertilizer in P sorbing soils (Montalvo et al. 2015).    

3.4.2 Effect of nHA on soybean microbiomes and symbiotic bacteria 

Overall, the application of nHA had no major impact on the structure of the soil and rhizosphere 

microbial communities. Minor changes in the nHA amended communities were also noted in treatments 

with bulk HA. While assessing the impact of nHA treatments on the establishment of soybean 

microbiomes, we also investigated any effect of the treatments on the formation of active nitrogen-fixing 

nodules by B. japonicum in soy roots. After 8 weeks under treatment conditions, there was no effect of 

nHA on the number of nodules formed on soybean roots suggesting that nHA does not interfere with this 

symbiotic relationship. Nodules were internally red in colour, indicating the occurrence of active nitrogen 

fixation. The only plants without red nodules were from control pots, which were given no liquid 

fertilizer, nor any 3.5 mM KNO3 solution. In the absence of sufficient N prior to the V2 stage in soy 

seedlings, formation of active nodules cannot occur (Severin et al., 2014). Thus, some control plants had 

inactive nodules. There was no visual evidence, including leaf colouration that suggested the other plants 

(-P control or nHA treated) had a N-deficiency that could lead to reduced growth. In contrast, signs of P-
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deficiency including thin stems, small leaves, spindly stems, and early chlorosis of lower leaves (Eaton, 

1950), were exhibited by plants in all treatment groups. 

As indicated, there were minor differences in the soybean microbial community structures 

between treatment groups. There were no significant differences in alpha diversity between treatments, 

and the richness and evenness of the soil and rhizosphere microbiomes was not affected by the addition of 

HA, nHA, or by the application of Hoagland’s solution in all treatments except the un-amended control. 

Beta diversity analysis showed clustering by treatment groups, with control samples significantly 

clustered apart from all three treatments containing HA (nano or bulk). This shows that application of 

both Hoagland’s nutrient solution and HA caused a small, but significant shift in the overall microbial 

community in the soil. As well, a significant decrease of Bacteroidetes present in soil communities from 

all treatments watered with Hoagland’s indicates that the application of soluble nutrients are responsible 

for this change. Similarly, decreases in Bacteroidetes were noted in soil communities of experimental 

sites with ammonium addition compared to unfertilized plots (Wessén et al., 2010), and after adding N 

and P to grasslands (Zhang et al., 2013).  

In comparison, sample clustering by treatment group was less evident in the rhizosphere 

communities, which could be attributed to the selectivity by host plants on the microbes that inhabit their 

root surface (Yang et al., 2017). Overall, there was an increased abundance of Firmicutes and 

Actinobacteria in the rhizosphere compared to soil communities across all treatments (Figure 3.4B). 

Firmicutes abundance increased in black soybean relative to field soils and Actinobacteria colonize the 

rhizosphere and rhizoplane, and were observed during inoculation experiments to promote plant growth in 

winter rye (Secale cereale L.) (Sugiyama et al., 2017; Merzaeva and Shirokikh, 2006). These results that 

are consistent with field studies indicate that our efforts to inoculate sterilized laboratory soils were 

successful. 

Although our results suggest that HA/nHA does have a minor impact on microbial communities 

in the soil, it is important to note that there was no difference in effect between the nano or bulk form of 
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HA (Figure 3.6). This suggests that these NPs do not appear to cause a decrease of abundance of phyla 

beneficial for plant health, as has been seen with the application of metal NPs in a variety of soils (Kumar 

et al., 2011; Shah et al., 2014). Significantly, however, for the assessment of the utility of nanofertilizers, 

the lack of change in the microbial communities from the nHA treatment group compared with the bulk 

HA treatment group suggests that there was no more soluble phosphate released by the nHA than by the 

HA. When concentrations of available P (in the form of Pi) are high in the soil, usually due to fertilizer 

amendments, shifts in soil microbial community composition and microbial activity can result, especially 

in P-deficient environments (Liu et al., 2012). Although available Pi is likely to be transported into plant 

nutrient pools, rendering soil concentrations too low to affect microbial Pi pools, no evidence from soy 

grown for 8 weeks during the experiment indicated the plants were getting large amounts of Pi from the 

nHA, as they exhibited many symptoms of Pi deficiency. Unfortunately, due to inadequate specificity of 

the PNA clamps used for endosphere and phyllosphere microbiome experiments, the upper vegetative 

portion of the soybean could not be assessed for changes in community structure. 

3.4.3 Effect of nHA on soybean growth  

Both experimental greenhouse trials suggested that nHA was not an effective source of Pi when 

added directly to the soil at agriculturally comparable concentrations (low = 15 ppm P of nHA and high = 

56.5 ppm P of nHA). Neither biomass nor yield increased significantly, compared with control treatments 

(Figure 3.10, Figure 3.11). When seedlings were given soluble Pi (treatment F), they were significantly 

taller in height, had a higher biomass and yield, appeared more robust, and showed no premature leaf 

chlorosis compared to all the other 5 treatment groups, which showed evidence of Pi deficiency (Eaton, 

1950). Pi deficiency is supported by assays of total P concentrations in above ground plant tissue in all 

treatments (A-E), which were < 250 µg/g, in contrast to the average concentration in the positive P 

treatment of ~4500 µg/g. Low concentrations of soluble Pi in the soil (<10 µg/g) amended with nHA also 

suggests that the nHA was ineffective in releasing sufficient amount of Pi ions into the surrounding soil to 

provide the plants with, at minimum, the critical concentration of available P in the soil required for 
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growth. Although the soy in all treatments did have access to some form of P from the soil in the form of 

organic P (from peat in the commercial soil mixture), which can be utilized by the plants through the 

secretion of hydrolytic enzymes such as nucleases and phosphatases from the roots (Pant and Warman, 

2000), it also was not an effective source of P to prevent P-deficiencies in the plants.  

The lack of efficacy of nHA to promote soybean growth and yield is in contrast to the results of 

Liu and Lal (2014), on nHA in soybean greenhouse trials. They reported that nHA was a more efficient 

source of Pi compared with traditional soluble fertilizers. It is possible that this difference could be 

attributed to their coated spherical nHA, which was applied weekly by solution to the soil, compared to 

our needle-like nHA applied once using an agriculturally relevant application method. Montalvo et al. 

(2015), using non-coated nHA with a similar morphology to the nHA used in our experiments reported 

that nHA was more effective at supplying P to wheat (Triticum aestivum) compared with bulk HA, but 

significantly it was not as effective as soluble Pi. Their experiments were conducted using highly P-

sorbing andisol and oxisol soils. In these, the mobility of nHA was higher than HA (Montalvo et al., 

2015). Since these authors applied nHA and HA suspended in solution, whereas our nHA was added 

directly to the soil at the time of seeding, we suggest that nHA behaved more like bulk HA. This 

hypothesis is supported by the clustering of microbial communities in the nHA and HA treatment groups 

(Figure 3.6).  

3.4.4 Conclusion 

Overall these experiments demonstrated that nHA implemented in an agriculturally realistic 

manner, with a moderate rate of application, did not function effectively as a source of Pi. It is important 

to recognize however, that nanofertilizer is currently available to some farmers. As well, because of the 

promise of nHA to extend rock phosphate resources, more efficiently fertilize crops, and reduce field run 

off leading to eutrophication (Liu and Lal, 2015), it is a priority to test these claims in an agriculturally-

relevant manner. Although we could fund no harmful effects on the soy microbiome or nodulation, nHA 

was not efficacious at concentrations recommended for traditional Pi fertilizers. We hope that the results 
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presented here will inspire new practical application technologies that will be more effective, allowing 

these nanofertilizers to fulfill their promise. 
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Table 3.3 Number of OTUs and OTU reads of endosphere/phyllosphere samples before and after 

filtering out chloroplast reads.  

 With Chloroplast Sequences Chloroplast Removed 

Number of samples 50 50 

Number of OTUs 929 926 

Total reads 3,515,900 1,662 

Average reads per sample 70,318 33.2 

Standard deviation 31,030 33.9 

Min reads per sample 8,980 1 

Max reads per sample 138,675 196 
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Table 3.4 Results of non-parametric statistical tests adonis and ANOSIM on beta diversity 

distances matrices for both soil and rhizosphere, rarefied and CSS normalized OTU data.  

Normalization Type Test Test statistic P value 

Rarefaction 

Soil 
ANOSIM 0.337 0.001 

adonis 0.298 0.001 

Root 
ANOSIM 0.28 0.001 

adonis 0.245 0.001 

CSS Normalization 

Soil 
ANOSIM 0.458 0.001 

adonis 0.324 0.001 

Root 
ANOSIM 0.344 0.001 

adonis 0.271 0.001 
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Figure 3.1 TEM image of nHA sonicated in Milli-Q water (A) and in Hoagland’s Solution (B), and 

DLS measurement of nHA suspended in Milli-Q water (C). TEM images show a needle morphology 

of nHA (A and B). nHA in Milli-Q water (A) were found to have an average width of ~23 nm and 

average diameter of ~92 nm, and shows similar agglomeration in both images. Similarly, DLS 

measurements show an average peak at 34.9 nm in particle size. The size (d.nm) represents the particle 

distribution in nm. 
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Figure 3.2 Soy grown for 8 weeks under microbiome experiment treatments and growth conditions 

were analyzed for total biomass (A), pod number (B), above ground biomass (C), and below ground 

biomass (D). Average biomass and pod number is shown (n = 5), with error bars representing standard 

deviation. No significant difference was found in above, below, or total biomass between treatments when 

tested using a one-way ANOVA (P > 0.05). Stars above the bars indicated a significantly higher pod 

number (B) (P < 0.001). 
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Figure 3.3 Average relative abundance of bacterial reads across treatment groups from the 

endosphere/phyllosphere samples with the cyanobacteria/chloroplast phylum sequences removed. 

The V4 16s rRNA sequencing of DNA extracted from soybean leaf tissue, was conducted using PNA 

clamps to decrease the probability of chloroplast DNA amplification. 
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Figure 3.4 Average relative abundance of phyla in each treatment group for both soil (A) and 

rhizosphere samples (B), and heatmaps of highly abundant taxa (>1% RA) at the genus level for 

both soil (C) and rhizosphere (D) samples. Overall, the abundance of taxa across all samples is very 

similar. The rhizosphere samples show a high taxonomic diversity between samples in each treatment, 

with no visible pattern of increase or decrease in any taxa occurring within treatments. Heatmaps display 

taxonomic data as log normalized relative abundance at the genus level. 
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Figure 3.5 Alpha diversity measurements using phylogenetic distance (PD) and Shannon Diversity 

(SD) for both soil and rhizosphere grouped by treatment. There was no significant difference in alpha 

diversity for either metrics found between treatments in either soil or rhizosphere microbiomes (n = 10, P 

> 0.05). Calculation of alpha diversity metrics was performed on OTU data rarefied to the minimum 

sample count, and statistical tests were done using a non-parametric one-way ANOVA. Cross indicates 

mean value for each treatment.  
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Figure 3.6 Principle coordinates analysis (PCoA) of beta diversity in soil and rhizosphere using the 

weighted UniFrac metric. Samples were normalized both via CSS normalization (A and B) and rarefied 

to the minimum sample count (C and D) prior to beta diversity calculations. Soil PCoA plots for both 

methods of normalization (A and C) appear similar, with some clustering occurring in the control 

treatment samples and no distinct clustering between the 50 ppm HA, 50 ppm nHA, and 100 ppm nHA 

treatments, while the no P control samples appear clustered and overlap with both the control treatment 

and HA/nHA treatments. Similar clustering patterns are also observed in both of the rhizosphere PCoA 

plots (B and D) as the soil plots (A and C).  
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Figure 3.7 Range of plant phenotypes for each treatment, with respect to height, pod, and trifoliate 

number. The left plant in each image represents the lower growth of physical characteristics observed 

with the right plant representing the higher growth, while an average plant is shown in the middle. 

Pictures were taken 10 weeks after planting for Control treatment (A), -P Control (B), HA Control (C), 15 

ppm P of nHA (D) and 56.5 ppm (P) of nHA (E).  
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Figure 3.8 Average plant phenotypes from each treatment group during the field-type growth 

experiment with treatments A-E for control, -P control, HA control, 15 ppm P of nHA, and 56.5 

ppm P of nHA respectively (left to right) (A) and comparison of average plants from control 

treatment A (left), 56.5 ppm P of nHA in treatment E (middle), and positive P control (Soluble Pi) 

(right) (B). Plants selected to represent the average phenotype were selected based on height, pod 

number, remaining leaves, and total number of trifoliate leaves. Renumeration of height, pod number, or 

trifoliates developed at 10 weeks after planting showed no significant difference (see text) as reflected 

here. 
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Figure 3.9 Height measurements starting at week 2 after planting, taken weekly for all 5 treatments 

(n = 20), plus additional positive P control (Soluble Pi) for GP2 plants (n = 5). The average rate of 

growth plateaus for plants in the control, -P control, 15 ppm HA and nHA, and 56.5 ppm P of nHA, 

however the soluble Pi treatment peaks around 7 weeks after planting. Error bars represent the standard 

deviation. 
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Figure 3.10 Average total biomass (A), soybean yield (B), below ground biomass (C), and above 

ground biomass (D) for all 5 treatments. Control, -P Control, 15 ppm P of HA, 15 ppm P of nHA, and 

56.5 ppm P of nHA (n = 20) and added +P Control (Soluble Pi) (n = 5) treatments are shown with error 

bars representing standard deviation. The concentration of P in either nHA or HA used in treatments is 15 

ppm, while 20 kg/ha is the concentration of P2O5 present in the nHA for equimolar amounts of P (56.5 

ppm).  
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Figure 3.11 Average number of seeds (A) and pods (B) across all five treatments. There was no 

significant difference between treatments (n = 20), except for the positive P control (Soluble Pi) (n = 5) 

which showed a significant increase compared with all other treatments in both number of seeds and pods 

(P < 0.0001). Error bars represent standard deviation, while **** denotes a significant difference from all 

other treatments (P < 0.0001).  
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Figure 3.12 Average concentration of total plant P (µg/g) in above-ground plant tissue of mature 

soy (n = 3). The positive P control (Soluble Pi) treatment had a significantly higher average concentration 

of P compared with the other five treatments (P < 0.0001). There was no significant difference in plant P 

concentration between the control, -P control, 15 ppm P of HA, 15 ppm P nHA, and 56.5 ppm P of nHA. 

Error bars represent standard deviation. 
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Chapter 4 

General Discussion 

4.1 Nutrient Additions, Ecosystem Interactions, and Human Impact 

This thesis examined impacts on soil microbial communities in a natural environment and in a 

greenhouse setting. I examined the impact of both long-term warming and nutrient amendments on the 

microbial communities in the soil, and in the rhizosphere of B. glandulosa. I utilized high throughput 

sequencing of the V4 region of the 16s rRNA gene to determine the composition of both bacterial and 

fungal communities. The microbial community samples were clustered together based on their respective 

nutrient amendments. However, there was much overlap between the control and warming treatments, 

suggesting that the warming had little impact on the overall microbial community structures of both the 

soil and rhizosphere of Arctic birch. Both P and combined N+P amendments had significant impacts on 

the microbial communities in the soil and rhizosphere. Fungal increases were noted for the genera 

Thelephora and Russula in the P and N+P amendments respectively, and increases of the bacterial 

Xanthomonadaceae in the N+P amendment. Overall, results suggest community composition across all 

nutrient amendments was driven by Pi availability in the soil. Many results were consistent with previous 

studies, although the lack of change in microbial communities within the warming treatment was in 

contrast with some previous studies, which could possibly be attributed to differences in vegetative 

communities and the mesic soils. 

In the third chapter of my thesis, I examined the efficacy of nHA as a Pi fertilizer and evaluated 

its impact on microbiome establishment in soybean. My experimental design implemented nHA using 

agriculturally relevant concentrations and application methods to test its ability to promote soybean 

growth. Experiments to evaluate effects of nHA on soybean microbiome establishment were conducted 

using sterile potting soil inoculated with farm soil to stimulate a natural soil microbial community. 

Microbial communities were assessed using the same methods as in Chapter 2. My results showed that 
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nHA did not increase soybean growth or yield during experimental trials. As well, the applied nHA had 

little impact on the structure of soil microbial communities and soybean rhizosphere communities. Both 

these results suggest that the nHA under my experimental conditions was not releasing Pi into the soil or 

functioning in any other way to promote plant growth. These results were contradictory to what was 

observed by other studies, which showed that nHA could successfully function as a Pi fertilizer, even 

better than traditional soluble Pi fertilizers. The different morphology of nHA used in our study could 

explain the difference. However, more research into the behaviour of nHA in the soil under my 

experimental conditions could help to explain the results observed. Thus, the overall objective of this 

thesis covered in both Chapters 2 and 3 was to explore soil nutrient additions and their effects on both soil 

and plant microbial communities. 

 Interactions between soil microbial communities and anthropogenic effects, such as fertilizer 

application, the types of fertilizers, and climate change, are complex (Figure 4.1). I am aware of the 

importance of microbial communities in the soil and the role that they play in nutrient cycling, which is 

crucial for the maintenance of ecosystem productivity. However, with the increase in agricultural 

production, the use of synthetic fertilizers to maintain productive crops or development of crops with 

enhanced P-use and P-acquisition efficiency is required to satisfy the demands of a growing population. 

Production of these fertilizers requires the use of limited natural resources and contributes to the increase 

of atmospheric C (CO2 and CH4) through the energetic processes required for production. Increasing 

global temperatures, affected by increased atmospheric C are having direct impacts on ecosystem 

productivity, more predominantly in Arctic climates, where increased soil microbial activity and 

vegetation growth is releasing stores of C that have long been sequestered in the soils, thus creating a 

positive feedback loop.  

The application of nutrient fertilizers to increase agricultural productivity can also affect the 

composition of soil communities, which contain important microbes that can promote plant nutrient 

acquisition and plant health. With increased understanding of the importance of plant associated microbial 
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communities, when designing future fertilization strategies, one should consider their impact on not just 

the plants, but the ecosystem as a whole, including the microbiota. It is hoped that in the near future, new 

and effective technologies will be created which will reduce the environmental impact of fertilizer use on 

aquatic ecosystems and also come from a sustainable and perhaps renewable resource.  

 
Figure 4.1 Summary of direct and indirect effects of fertilizers, on agricultural productivity, 

aquatic environments, climate change, soil microbial communities, and nutrient cycling.  

4.2 Future Directions 

4.2.1 nHA as a Fertilizer 

As indicated, the goal of this experiment was to try and use nHA in an agriculturally relevant 

manner by simply adding it into the soil as per traditional Pi fertilizer recommendations for crops, with no 

external coating to reduce cost, which farmers would not want to bear. However, it seems that the 

implementation of nHA as Pi fertilizer is more complex than simply throwing NPs into the soil. As my 

experimental design did not prove successful in showing that nHA could be used as a Pi source, to better 

understand circumstances preventing nHA from effectively providing plants with accessible P, in the 

form of Pi, we need to understand the fate of nHA under our experimental conditions. As was done by 
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Montalvo et al. (2015), a column test could be performed using the soil from both the growth and 

microbiome experiments as the matrix to determine the mobility of nHA. This would provide more 

insight into whether the nHA was behaving more as a bulk material while in the soil. Since other 

experiments have shown nHA to have moderate mobility in column tests (Montalvo et al., 2015; Wang et 

al., 2015), it is less likely that the nHA simply eluted out of the pots during the experiment. There are 

other factors such as pH that are known to affect mobility of nHA through porous media (Wang et al., 

2015), so fertilizing solutions used during greenhouse trials may have influenced the mobility and 

dissolution of nHA within the soil and could also be assessed during column tests.  

Based on previous research suggesting that nHA was more effective than traditional soluble Pi 

fertilizer (Liu and Lal, 2014), I used the lowest recommended application rate of 20 kg/ha of P2O5 applied 

for equimolar amounts of P as nHA (56.5 ppm P) during greenhouse trials. It is possible that experimental 

concentrations were too low, and if applying nHA at a higher rate to the soil, I may have seen positive 

impacts on plant growth and yield. Additionally, future direction could include applications of nHA at 

higher levels to determine if this could yield positive impact on plant growth, by simply adding nHA to 

the soil. However, this suggests that nanofertilizers are not as effective as soluble fertilizers.  

Greenhouse trial experiments showed no major effect of nHA on the soil and rhizosphere 

bacterial communities at lower concentrations (above and below 15 ppm P for 50 ppm and 100 ppm nHA, 

respectively, used during experiments). However, we do not know what impact was had on the 

composition of the fungal communities. As there were far more drastic community shifts observed in the 

Arctic nutrient amended plots, this suggests that we could see more evident shifts in the fungal 

communities of the soil and rhizosphere of soybean, even if simply caused by the addition of N and K 

amendments from the soluble fertilizer applied to treatments B-E. However, there were no indications in 

plant growth that would suggest there was any alteration in fungal communities which may have 

promoted nutrient acquisition in the soy during experimental trials. In the near future, we do plan to 
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evaluated the structure of the fungal communities that were also sampled from my greenhouse 

experiment.  

Although a soluble Pi control was not included as a treatment during the microbiome experiment, 

mostly under the assumption that the nHA would be effective at supplying Pi to the plants based on 

previous studies, if similar experiments are repeated in the future, then a soluble Pi treatment should be 

included for microbiome analysis. Since many studies, including results from chapter 2 of this thesis have 

noted that increased Pi can cause shifts in microbial communities, using a soluble Pi ‘control’ could 

provide a baseline for microbial community appearance under high Pi conditions by providing them an 

immediately accessible source of P.  

Negative results from my experimental trials highlight the need for further research into the 

potential use of nHA as a fertilizer. All studies, to my knowledge, which have demonstrated the use of 

nHA as an effective Pi source, have used nHA with different morphologies and applied it using various 

methods, so there is no concrete comparability between studies to elucidate the most effective way to use 

nHA as a fertilizer.  Future study should be conducted to determine what morphology is most effective at 

allowing nHA to function as a Pi source and determine what factors in an agricultural setting potentially 

reduce or increase its efficacy.  

With the promise that nHA could potentially provide a more efficient and less environmentally 

impactful method of Pi fertilization (Liu and Lal, 2015), it is likely worth investing more research into 

this technology. As well, resources used to produce HA can be sourced from biological materials, such as 

bones and shells, making it a sustainable source of mineral rock phosphates (Akram et al., 2014). 

However, my results may actually show that this approach is not feasible, and this is important to 

communicate to farmers given that several types of nanofertilizer are commercially available. It does not 

appear though, that there are any nano-phosphate fertilizers currently on the market, although one can 

easily purchase nHA commercially, as it is commonly used for both medical and dental applications. 
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4.2.2 Evaluating interactions between vegetation and Arctic soil microbial communities 

After evaluation of the soil and rhizosphere microbial communities under nutrient amendments 

and warming plots, results showed that nutrient amendments had a significant impact on community 

composition, whereas communities from warming plots did not. These results are, as discussed, contrary 

to previous observations under long-term warming experiments. However, other long term warming 

experiments were conducted in different tundra environments. It would be worth further examining 

interactions between the soil microbial communities, nutrient amendments and warming, and vegetation, 

to better understand how they influence one another. As well, there are additional experimental plots at 

Daring Lake, which have low level nutrient amendments. Analysis of the microbial communities in these 

plots as well should be evaluated to determine how the level of nutrient amendment impacts community 

structure, as was done for the nutrient pools and vegetative communities in these plots (Zamin, 2013). 

Evaluation of microbial community composition in different soil layers, organic and mineral, was 

conducted by other studies which evaluated the impact of both long-term warming and nutrient 

amendments in the Arctic (Campbell et al., 2010; Koyama et al., 2014). Within both the aforementioned 

studies, they observed different community responses to the nutrient amendments in the organic and 

mineral layers. In our experiments, we only evaluated the community structure in the upper organic layer 

in the soil. It would be interesting to determine if we observe similar results to those found by other 

studies who evaluated both microbial communities in organic and mineral soil layers.  

4.2.3 Examining Phyllosphere and Endosphere Microbiomes 

The attempt to characterize the endosphere and phyllosphere of soybeans used in this experiments 

highlights the difficulties that still arise from the sequencing of plant microbiomes caused by the presence 

of plastid 16s rRNA genes. Due to the large abundance of V4 16s rRNA gene reads representing plastids, 

it is likely that the PNA clamps used during sequencing did not have high enough specificity to soybean 

plastid sequences to sufficiently reduce their amplification. If in the future we attempt to investigate the 
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community structure of the phyllosphere and endosphere, using the V4 region of the 16s rRNA gene, 

PNA clamps more specific to the plastid 16s rRNA gene in soybean should be designed. Alternatively, 

alternate regions of the 16s rRNA gene could be targeted with primers that have a lower specificity to all 

chloroplast 16s rRNA genes. Primers were designed to target the V5-V7 region of the 16s rRNA gene to 

examine the endosphere of Arabidopsis thaliana, and effectively reduced the amplification of chloroplast 

sequences (Bulgarelli et al., 2012). This method was also successfully implemented when looking at the 

phyllosphere communities of soybean over the course of its growing season (Copeland et al., 2014). 

Although with the rapid advances in microbiome sequencing methods, more effective ways to get a 

detailed look at plant endospheres without the interference of plastid DNA will hopefully be developed.  

In addition, characterization of the endosphere in the Arctic birch would be interesting to 

evaluate. Since we have found that nutrient amendments, especially P and N+P, are capable of altering 

the structure of microbial communities, one could hypothesize that these amendments may also alter the 

composition of the endosphere microbiome in Arctic birch. Alternatively, the nutrient amendments could 

have little or no impact on the endosphere microbiomes, as colonization of the endosphere is known to be 

highly selective (Compant et al., 2010). To my knowledge, the impact of nutrient amendments on 

endosphere and phyllosphere microbiomes in the Arctic has yet to be investigated. By examining the 

effects of nutrient amendments on these plant associated microbiomes, we would hopefully gain further 

insights into the interactions between the various components of this ecosystem.  

4.3 Conclusion 

Results from this thesis highlight the importance of Pi in plant growth and its role in limiting 

competition in microbial soil ecosystems. Overall, the findings from our study on the use of nHA as an 

alternative fertilizer indicate that further research is required to better understand its interactions in an 

agricultural setting, and more development into this nanotechnology is required before it can fulfill its 

promise as both a more effective and less environmentally impactful alternative to traditional fertilizers. 
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Soil ecosystems and their interactions with both plant communities and environmental changes are 

complex. The better we understand how all of these factors within the ecosystem are capable of 

influencing one another, the more we will too understand how our anthropogenic activities affect these 

systems. Hopefully, with increased understanding of the interplay between microbiota, nutrient cycling, 

and plants, we will be able to find solutions to the environmental and agricultural problems facing our 

world today.  
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Table A.1 Comparison of beta diversity distances within treatments compared with distances 

between treatments for the bacterial communities.   

Distance 
Within	

Distance 
Between 

Bacterial Soil Bacterial Rhizosphere 

t stat P-Value P-Adj. t stat P-Value P-Adj. 

Control 

Warming 0.32 7.54E-01 1 -0.43 6.71E-01 1 

Nitrogen -4.20 1.91E-04 2.60E-02 -7.38 1.78E-08 2.42E-06 

Phosphorus -6.76 1.05E-07 1.42E-05* -9.22 1.20E-10 1.63E-08* 
Nitrogen & 
Phosphorus -10.93 1.67E-12 2.27E-10* -18.06 1.12E-18 1.53E-16* 

Warming 

Control -0.18 8.56E-01 1 1.27 2.14E-01 1 

Nitrogen -4.41 1.03E-04 1.40E-02 -5.19 1.04E-05 1.42E-03 

Phosphorus -7.53 1.15E-08 1.56E-06* -6.22 5.02E-07 6.83E-05* 
Nitrogen & 
Phosphorus -11.53 4.11E-13 5.58E-11* -10.45 5.29E-12 7.19E-10 

Nitrogen 

Control -0.76 4.50E-01 1 -3.12 3.74E-03 5.08E-01 

Warming -0.88 3.88E-01 1 -3.18 3.18E-03 4.32E-01 

Phosphorus 0.46 6.49E-01 1 -1.95 5.96E-02 1 

Nitrogen & 
Phosphorus 1.24 2.22E-01 1 -2.24 3.16E-02 1 

Phosphorus 

Control -6.21 5.18E-07 7.05E-05* -7.65 8.38E-09 1.14E-06* 

Warming -6.69 1.28E-07 1.74E-05* -6.60 1.65E-07 2.24E-05* 

Nitrogen -5.25 8.70E-06 1.18E-03 -5.24 9.03E-06 1.23E-03 
Nitrogen & 
Phosphorus -2.66 1.21E-02 1 -4.44 9.41E-05 1.28E-02 

Nitrogen & 
Phosphorus 

Control -12.26 7.85E-14 1.07E-11* -11.92 1.66E-13 2.26E-11* 

Warming -12.73 2.82E-14 3.83E-12* 3.81 5.80E-04 7.89E-02 

Nitrogen -7.09 4.05E-08 5.51E-06 -2.86 7.26E-03 9.87E-01 

Phosphorus -4.15 2.19E-04 2.98E-02 -1.34 1.89E-01 1 

Significant p-values are in bold, with and * indicating significant difference comparing within and 
between treatment when using either of the two treatments being compared as the within treatment 
distance. 
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Table A.2 Comparison of beta diversity distances within treatments compared with distances 

between treatments for the bacterial microbiome.  

Distance 
Within	

Distance 
Between 

Fungal Soil Fungal Rhizosphere 

t stat P-Value P-Adj. t stat P-Value P-Adj. 

Control 

Warming 1.06 2.96E-01 1 -1.16 2.53E-01 1 

Nitrogen -4.71 4.28E-05 5.83E-03 -6.38 3.15E-07 4.29E-05 

Phosphorus -8.21 1.75E-09 2.38E-07* -5.88 1.39E-06 1.89E-04 

Nitrogen & 
Phosphorus -9.23 1.15E-10 1.56E-08* -10.63 2.44E-11 3.31E-09* 

Warming 

Control -0.20 8.43E-01 1 0.34 7.36E-01 1 

Nitrogen -4.43 9.79E-05 1.33E-02 -4.90 2.48E-05 3.38E-03 

Phosphorus -8.73 4.35E-10 5.92E-08* -4.86 2.76E-05 3.76E-03 

Nitrogen & 
Phosphorus -9.69 3.50E-11 4.77E-09* -10.60 2.62E-11 3.56E-09* 

Nitrogen 

Control -0.89 3.82E-01 1 -0.55 5.85E-01 1 

Warming -0.45 6.58E-01 1 -1.45 1.56E-01 1 

Phosphorus -1.21 2.34E-01 1 -1.68 1.03E-01 1 

Nitrogen & 
Phosphorus 0.88 3.87E-01 1 -3.03 5.26E-03 7.16E-01 

Phosphorus 

Control -5.28 8.15E-06 1.11E-03* -3.45 1.54E-03 2.10E-01 

Warming -4.99 1.92E-05 2.62E-03* -3.57 1.13E-03 1.54E-01 

Nitrogen -3.68 8.20E-04 1.11E-01 -2.84 7.61E-03 1 

Nitrogen & 
Phosphorus -1.90 6.61E-02 1 -3.91 5.31E-04 7.22E-02 

Nitrogen & 
Phosphorus 

Control -5.87 1.40E-06 1.91E-04* -4.17 3.46E-04 4.70E-02* 

Warming -5.38 5.98E-06 8.13E-04* -5.19 2.59E-05 3.53E-03* 
 

Nitrogen -1.73 9.32E-02 1 -1.75 9.23E-02 1 

Phosphorus -2.08 4.52E-02 1 -1.30 2.07E-01 1 

Significant p-values are in bold, with and * indicating significant difference comparing within and 
between treatment when using either of the two treatments being compared as the within treatment 
distance. 
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Table A.3 Non-parametric ANOVA analysis evaluating differences in bacterial relative abundance 

at the phylum level between treatments groups for soil samples.  

Phylum Non-parametric ANOVA Post-hoc Test 

chi-squared p-value Groups Compared p-value adj. 

Acidobacteria 13.3 1.00E-02 
C – N 1.70E-02 
C – P 2.80E-01* 
W – N 5.96E-02* 

Armatimonadetes 13.3 9.80E-03 

C – NP 5.20E-02* 
W – NP 7.70E-02* 
C –  P 1.40E-01* 

W – NP 7.70E-02* 

Planctomycetes 17.1 1.87E-03 

C – NP 9.90E-02* 
W – NP 5.00E-03 
W – N 4.50E-02 
W – P 7.70E-02* 

Verrucomicrobiota 16.5 3.30E-02 
C – P	 1.81E-01* 
W – P 1.97E-01* 

WPS-1 18.8 8.60E-04 
C – NP 5.00E-03 
W – NP 4.00E-03 

WPS-2 15.9 3.00E-03 
C – NP 5.20E-02* 
W – NP 2.60E-03 

 

*Asterisks indicate significant p-values prior to Bonferroni adjustment for multiple comparisons. Only 
significantly different groups are listed. 
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Table A.4 Non-parametric ANOVA analysis evaluating differences in bacterial relative abundance 

at the phylum level between treatments groups for rhizosphere samples.  

Phylum Non-parametric ANOVA Post-hoc Test 
chi-squared p-value Groups Compared p-value adj. 

Acidobacteria 13.5 9.00E-03 

C – N 3.50E-02 
W – N 5.96E-02* 
C – P 1.81E-01* 
W – P 2.84E-01* 

Actinobacteria 12.0 1.70E-02 
C – NP 1.97E-02 
N – NP 4.50E-02 
W – NP 3.56E-01* 

Armatimonadetes 15.5 3.90E-03 

W –  N 4.57E-02 
W – NP 1.98E-02 
C – N 3.53E-01* 
C –NP 1.81E-01* 
W – P 9.90E-02* 

Bacteroidetes 10.4 3.50E-02 
C – NP 9.90E-02* 
W – NP 5.00E-03 
W – N 4.50E-02 

Planctomycetes 14.0 7.30E-03 

W – NP 1.20E-02 
C – NP 2.03E-01* 
N – NP 3.92E-01* 
W – P 7.70E-02 

Proteobacteria 12.2 1.57E-02 
C – NP 9.38E-03 
W – NP 8.77E-02* 
P – NP 3.92E-01* 

WPS-1 20.5 3.89E-04 

C – NP 1.56E-03 
W – NP 3.62E-03 

C – P 8.77E-02* 
W – P 1.61E-01* 

N – NP 2.55E-01* 

WPS-2 14.5 5.91E-03 

C – NP 2.63E-02 
C – P 1.12E-01* 
W – P 5.20E-03 

W – NP 2.03E-02 
 
*Asterisks indicate significant p-values prior to Bonferroni adjustment for multiple comparisons. Only 
significantly different groups are listed. 
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Table A.5 Significant differences in fungal phylum RA between treatment groups for both soil and 

rhizosphere samples using non-parametric ANOVA.  

Soil 

Phylum Non-parametric ANOVA Post-hoc Test 

chi-squared p-value Groups Compared p-value adj. 

Basidiomycota 19.7 5.85E-04 

W – NP 3.03E-02 
W – P	 4.46E-04 
C – P 5.22E-02* 
W – N 1.61E-01* 

Other 17.2 1.76E-03 

C – NP 4.57E-02 
W – NP 1.09E-02 
W –  P 3.03E-02 
C – P 1.12E-01* 

Rhizosphere	

Phylum 
Non-parametric ANOVA Post-hoc Test 

chi-squared p-value Groups Compared p-value adj. 

Basidiomycota 13.0 1.33E-02 

C – NP	 3.92E-01* 
C – P 2.84 E-01* 
W – N 1.81 E-01* 

W – NP 9.90 E-02* 
W – P 6.70 E-02* 

* Asterisks indicate significant p-values prior to Bonferroni adjustment. 
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Table A.6 Significant comparisons between treatments of highly abundant bacterial families in soil.  

Bacterial Family Non-parametric ANOVA Significant Post-hoc Test 
chi-squared p-value Groups Compared p-value adj. 

Acidobacteria Gp1; Other 17.2 1.77E-03 
C –NP 2.20E-03 

W – NP 4.57E-02 

Acidobacteria Gp2; Other 14.5 5.87E-03 
C – NP 4.22E-03 
W – NP 4.54E-02 

Acidobacteria Gp3; Other 14.8 5.07E-03 
C – P 5.91E-02* 
W – P 5.96E-02* 

Actinobacteria; Other 9.8 4.42E-02 W – NP 3.99E-02 
Alphaproteobacteria; Other 12.2 1.56E-02 W – NP 5.87E-03 

Bradyrhizobiaceae 12.7 1.30E-02 N – P 3.99E-02 

Chitinophagaceae 16.0 3.06E-03 
W – N 3.70E-02 

W – NP 4.27E-02 

Gp1; Other 19.2 7.08E-04 
C – NP 4.62E-02 

W – NP 4.62E-02 

Gp2; Other 16.0 3.07E-03 
C – NP 4.05E-03 

W – NP 2.92E-02 

Planctomycetaceae 17.3 1.70E-03 
W – P 2.36E-02 

W – NP 1.09E-02 

Rhizobiales; Other 14.2 6.62E-03 
C – P 2.63E-02 

W – P 8.76E-02* 

Spartobacteria; Other 15.8 3.33E-03 C – N 3.48E-02 

Sphingobacteriaceae 18.1 1.16E-03 

C – P 1.98E-02 

C – NP 3.03E-02 

W – P 2.28E-02 

W – NP 3.48E-02 

Sphingobacteriia; Other 13.4 3.10E-03 W – N 1.27E-02 

Verrucomicrobia; 
Subdivision3; Other 15.9 2.41E-03 

C – P 3.99E-02 
W – P 3.48E-02 

WPS-2; Other 16.5 2.41E-03 
C – NP 4.57E-02 
W – NP 3.07E-03 

Xanthomonadaceae 13.0 1.11E-02 
C – NP 2.63E-02 
W – NP 1.48E-02 

*Asterisks indicate significant p-values prior to Bonferroni adjustment. 
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Table A.7 Significant comparisons between treatments of highly abundant bacterial families 

present in the rhizosphere.  

Bacterial Family Non-parametric ANOVA Post-hoc Test 
chi-squared p-value Groups Compared p-value adj. 

Acetobacteraceae 13.5 2.86E-03 N – P 1.48E-02 

Acidobacteria Gp3; Other 16.1 1.02E-02 
C – P 4.26E-03 

C – NP 3.03E-02 

Actinobacteria (Class); Other 13.2 9.77E-03 W – NP 3.99E-02 

Actinobacteria (Phylum); Other 13.3 3.82E-02 N – NP 4.26E-03 

Actinomycetales 10.1 7.65E-03 N –NP 3.48E-02 

Bradyrhizobiaceae 13.9 3.59E-02 N – P 3.07E-03 

Caulobacteraceae 10.3 1.52E-03 W – N 3.03E-02 

Chitinophagaceae 17.5 1.57E-03 W – N 2.61E-02 

Gp2; Other 17.5 9.23E-03 
C – NP 3.61E-03 

W – NP 9.36E-03 

Planctomycetaceae 13.5 1.00E-02 W – NP 2.28E-02 

Rhizobiales; Other 13.3 2.29E-02 W – P 1.48E-02 

Solirubrobacterales 11.4 6.41E-03 P – NP 4.57E-02 

Sphingobacteriaceae 14.3 1.23E-03 
C – P 4.57E-02 

W – P 1.98E-02 

Subdivision 3 genera incertae 
sedis; Other 18.0 1.23E-03 

C – P 9.38E-03 

C – NP 1.98E-02 

Verrucomicrobiota; Subdivision 
3; Other 10.0 4.03E-02 C – N 1.61E-01* 

WPS-2 genera incertae sedis; 
Other 12.2 1.62E-02 W – N 2.28E-02 

Xanthomonadaceae 20.9 3.24E-04 
C – NP 2.96E-03 

W – NP 2.96E-03 

*Asterisks indicate significant p-values prior to Bonferroni adjustment. 
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Table A.8 Significant comparisons between treatments of highly abundant fungal genera present in 

the soil.  

Fungal Genus 
Non-parametric ANOVA Post-hoc Test 

chi-squared p-value Significant Groups p-value adj. 

Agaricomycetes; 
Other 14.7 5.47E-03 

W – P 2.63E-02 

NP – P 1.27E-02 

Clavulinopsis 14.2 6.76E-03 C – N 1.76E-02 

Davidiella 15.1 4.47E-03 
C – NP 1.37E-02 

N – P 4.88E-02 

Laccaria 12.1 1.68E-02 
C – N 3.40E-02 

W – N 3.40E-02 

Mycena 18.2 1.11E-03 

C – NP 3.48E-02 

C – P 1.09E-02 

W – P 1.98E-02 

Pezoloma 18.4 1.04E-03 
C – P 2.60E-03 

W – P 2.28E-02 

Pseudogymnoascus 9.8 4.36E-02 C – NP 2.63E-02 

Russula 13.6 8.82E-03 
W – NP 8.00E-03 

C – NP 2.28E-01* 

Ryvardenia 18.1 1.16E-03 
C – P 1.71E-02 

W – P 1.48E-02 

Thelephora 19.9 5.17E-04 
C – P 4.61E-03 

W – P 1.20E-03 

Tomentella 20.3 4.38E-04 
C – P 2.01E-03 

W – P 2.38E-03 

Xylaria 10.7 2.98E-02 
C – NP 4.81E-01* 

W – NP 8.77E-02* 

Other 17.2 1.76E-03 

C – NP 4.57E-02 

W – NP 1.09E-02 

W – P 3.03E-02 

*Asterisks indicate significant p-values prior to Bonferroni adjustment. 
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Table A.9 Significant comparisons between treatments of highly abundant fungal genera present in 

the rhizosphere.  

Fungal Genus 
Non-parametric ANOVA Post-hoc Test 

chi-squared p-value Significant Groups p-value adj. 

Agaricomycetes; 
Other 14.4 6.08E-03 

W – P 1.48E-02 

NP – P 4.57E-02 

Davidiella 11.0 2.60E-02 C – N 2.63E-02 

Eupenicillium 9.8 4.40E-02 W – N 4.57E-02 

Mycena 12.5 1.41E-02 W – P 9.94E-02* 

Pezoloma 18.5 9.96E-04 
C – NP 1.27E-02 

C – P 3.62E-03 

Phialocephala 17.3 1.66E-03 

C – P 1.09E-02 

C – NP 3.48E-02 

W – P 4.57E-02 

Russula 11.1 2.58E-02 
C – NP 4.34E-01* 

W – NP 3.99E-02 

Ryvardenia 12.0 1.77E-02 C – NP 5.20E-02* 

Thelephora 15.0 4.65E-03 
C – P 8.85E-03 

W – P 7.51E-03 
*Asterisks indicate significant p-values prior to Bonferroni adjustment. 
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Appendix B 

Chapter 3 Supplemental Data 

 

 

 

Figure B.1 Set-up of soy microbiome experiment (A) and for growth experiment (B). Three seeds 

and nHA/HA both placed 1 cm below the surface in 5’’ pot containing 86 g of the 5% farm soil mixture 

(A). nHA or HA was placed 3’’ below the surface of soil and 2’’ below soybean seeds as recommended 

by the OMAFRA for placement of solid fertilizer for growth experiment, with soybean seeds placed 

approximately 1’’ away from the centre of the pot, equidistant from each other (B).  

 

 

A B 
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Figure B.2 DGGE Sample Pooling. Schematic depicting the sample pooling done for each of the 5 

treatments prior to running pooled samples on a DGGE. 9 samples for each treatment were grouped 

into threes, pooling 10 µL of each sample, to create 3 triplicate samples. Sample pooling was conducted 

in order to create 3 average representative samples for each treatment.  

 

 

10	!L
10	!L

10	!L 10	!L
10	!L

10	!L 10	!L
10	!L

10	!L

30	!L	pooled	sample 30	!L	pooled	sample 30	!L	pooled	sample

9	Random	samples	selected	per	treatment

Pooled	 triplicate	samples	to	represent	
average	microbiome	in	one	treatment
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Figure B.3 DGGE analysis of nHA soy microbiome soil samples showing similar community 

structure across all 5 treatments. 1 kb ladders are run in the first and last lanes of the gel. First three 

lanes following the ladder (lanes 2-4) are pooled triplicates of individual samples from the control 

treatment A, following in lanes 5-7 each with a pooled triplicate from negative P control treatment B, then 

pooled triplicates from treatment C (50 ppm HA) in lanes 8-10, from treatment D (50 ppm nHA) in lanes 

11-13, and treatment E (100 ppm nHA) in lanes 14-16. Although overall banding pattern shows high 

similarity across treatments, there are a few bands that appear brighter in the control samples (mainly 

lanes 3-4) compared with the other treatments.   
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Figure B.4 Foliar damage to soybean trifoliate leaves and bacterial infection present on leaves – 

potentially introduced via thrips carrier. Small juvenile thrip can be seen on the center vein of the middle 

trifoliate leaf, marked by red circle.
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Table B.1 Summary of rhizosphere phyla whose relative abundance were significantly different 

between treatments.  

Phylum Non-parametric ANOVA Post-hoc Test 

chi-squared p-value Groups Compared p-value adj. 

Other 17.2 1.78E-03 

A-C 3.12E-03 

A-E 2.27E-02 

A-D 1.28E-02 

A-B 2.04E-02 

Acidobacteria 19.0 7.83E-04 

A-C 2.27E-02 

B-C 1.40E-03 

B-D 4.12E-02 

Bacteroidetes 19.6 5.87E-04 
A-C 1.70E-03 

A-E 3.30E-03 

A-D 1.35E-02 

Proteobacteria 11.1 2.56E-02 A-D	 1.94E-02 
 

Note: A = Control Treatment, B = -P Control Treatment, C = 50 ppm HA Treatment, D = 50 ppm nHA 
Treatment, and E = 100 ppm nHA Treatment 
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Table B.2 Summary of soil phyla whose relative abundance were significantly different between 

treatments.  

Phylum 
Non-parametric ANOVA Post-hoc Test 

chi-squared p-value Groups Compared p-value adj. 

Other 21.4 2.59E-04 

A-C 3.72E-03 

A-E 5.27E-03 

A-D 3.94E-04 

A-B 1.25E-02 

Acidobacteria 25.7 3.70E-05 

A-C 3.73E-03 

A-E 1.25E-03 

A-D 1.03E+03 

B-C 3.93E-02 

B-E 1.58E-02 

Armatimonadetes 15.6 3.53E-03 
A-D 2.39E-02 

B-D 4.12E-02 

Bacteroidetes 24.3 6.87E-05 

A-C 4.19E-03 

A-E 4.50E-04 

A-D 1.75E-04 

Gemmatimonadetes 13.5 8.89E-03 A-C 1.15E-02 

Planctomycetes 10.8 2.84E-02 C-E 1.85E-02 

WPS-1 12.3 1.50E-02 
A-E 1.42E-02 

A-D 4.33E-02 
 
Note: A = Control Treatment, B = -P Control Treatment, C = 50 ppm HA Treatment, D = 50 ppm nHA 
Treatment, and E = 100 ppm nHA Treatment 
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Table B.3 Comparison of beta diversity distances within treatments compared with distances 

between treatments for soil samples.  

Distance 
Within	

Distance 
Between 

CSS Normalized Rarefied 

t stat P-Value P-Adj. t stat P-Value P-Adj. 

Control 

-P Control -3.10 2.33E-03 3.17E-01 -2.39 1.80E-02 1 

HA 50 ppm -6.60 7.62E-10 1.04E-07* -7.01 8.80E-11 1.20E-08* 

nHA 50 ppm -6.83 2.27E-10 3.09E-08* -6.23 4.99E-09 6.79E-07* 

nHA 100 ppm -7.32 1.64E-11 2.23E-09* -6.29 3.56E-09 4.84E-07* 

-P Control 

Control -4.43 1.83E-05 2.49E-03 -6.56 8.95E-10 1.22E-07 

HA 50 ppm -3.44 7.54E-04 1.03E-01 -4.27 3.58E-05 4.87E-03* 

nHA 50 ppm -3.10 2.30E-03 3.13E-01 -2.49 1.40E-02 1 

nHA 100 ppm -3.28 1.30E-03 1.77E-01 -1.98 4.98E-02 1 

HA 50ppm 

Control -12.57 6.90E-25 9.39E-23* -10.90 1.66E-20 2.26E-18* 

-P Control -11.59 2.54E-22 3.45E-20 -4.17 5.16E-05 7.01E-03* 

nHA 50 ppm -1.38 1.71E-01 1 0.43 6.65E-01 1 

nHA 100 ppm -5.78 4.50E-08 6.12E-06 -2.35 2.00E-02 1 

nHA 50ppm 

Control -10.79 3.11E-20 4.23E-18* -9.62 3.30E-17 4.48E-15* 

-P Control -7.56 4.46E-12 6.06E-10 -2.38 1.86E-02 1 

HA 50 ppm 1.09 2.76E-01 1 0.45 6.55E-01 1 

nHA 100 ppm -3.04 2.86E-03 3.89E-01 -0.99 3.24E-01 1 

nHA 100ppm 

Control -10.34 4.56E-19 6.20E-17* -9.18 4.35E-16 5.92E-14* 

-P Control -6.57 8.70E-10 1.18E-07 -0.94 3.47E-01 1 

HA 50 ppm -2.55 1.18E-02 1 -1.48 1.42E-01 1 

nHA 50 ppm -2.05 4.23E-02 1 -0.22 8.24E-01 1 

Significant p-values are in bold, with and * indicating significant difference comparing within and 
between treatment when using either of the two treatments being compared as the within treatment 
distance. 
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Table B.4 Weighted Rhizosphere Comparison of beta diversity distances within treatments 

compared with distances between treatments for rhizosphere samples.  

Distance 
Within	

Distance 
Between 

CSS Normalized Rarefied 

t stat P-Value P-Adj. t stat P-Value P-Adj. 

Control 

-P Control -3.51 6.01E-04 8.18E-02 -3.03 2.91E-03 3.96E-01 

HA 50 ppm -7.11 5.16E-11 7.02E-09* -5.40 2.75E-07 3.75E-05* 

nHA 50 ppm -6.64 6.06E-10 8.24E-08* -8.82 3.64E-15 4.95E-13* 

nHA 100 ppm -7.65 2.74E-12 3.73E-10* -5.31 4.15E-07 5.64E-05* 

-P Control 

Control -1.52 1.31E-01 1 -5.52 1.58E-07 2.15E-05 

HA 50 ppm -0.71 4.81E-01 1 0.28 7.83E-01 1 

nHA 50 ppm -2.17 3.15E-02 1 -3.22 1.61E-03 2.19E-01 

nHA 100 ppm -0.52 6.05E-01 1 -0.85 3.97E-01 1 

HA 50ppm 

Control -10.21 1.03E-18 1.40E-16* -10.38 3.59E-19 4.88E-17* 

-P Control -6.01 1.44E-08 1.96E-06 -3.01 3.13E-03 4.26E-01 

nHA 50 ppm -1.68 9.43E-02 1 -2.32 2.19E-02 1 

nHA 100 ppm -0.44 6.57E-01 1 -1.17 2.42E-01 1 

nHA 50ppm 

Control -4.87 2.94E-06 4.00E-04* -8.25 9.62E-14 1.31E-11* 

-P Control -2.00 4.72E-02 1 -0.49 6.26E-01 1 

HA 50 ppm 1.83 6.92E-02 1 2.55 1.18E-02 1 

nHA 100 ppm 1.41 1.62E-01 1 0.83 4.10E-01 1 

nHA 100ppm 

Control -12.30 3.64E-24 4.95E-22* -8.24 1.01E-13 1.38E-11* 

-P Control -7.15 4.06E-11 5.52E-09 -1.43 1.55E-01 1 

HA 50 ppm -1.33 1.85E-01 1 0.99 3.26E-01 1 

nHA 50 ppm -3.27 1.34E-03 1.82E-01 -2.37 1.92E-02 1 
 
Significant p-values are in bold, with and * indicating significant difference comparing within and 
between treatment when using either of the two treatments being compared as the within treatment 
distance. 
 


