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Abstract 

Pseudomonas aeruginosa is a prevalent Gram-negative opportunistic human pathogen 

responsible for many hospital-acquired infections. It is a significant source of infection in burn victims 

and is the predominant cause of morbidity and mortality in cystic fibrosis patients. P. aeruginosa is of 

considerable medical importance due to its high antibiotic resistance. 

Like most organisms, P. aeruginosa requires iron for survival and proliferation. As free iron is 

scarce within humans, with the majority of iron complexed with heme, this human pathogen expresses 

proteins responsible for heme uptake and breakdown. P. aeruginosa possesses two iron-regulated 

cytoplasmic heme proteins, PhuS and HemO. PhuS has been previously classified as merely a heme-

trafficking protein, while HemO is the canonical heme oxygenase (HO) responsible for heme degradation 

to produce biliverdin, CO, and free iron. Determination of the crystal structures of PhuS in the apo- and 

heme-bound forms show unique structural differences compared to its homologue ChuS, the Escherichia 

coli O157:H7 HO. However, we have discovered that PhuS also has heme-degrading activity and is five 

times more potent than ChuS. We show that PhuS degrades heme to verdoheme and has a much lower 

energy barrier for this step than HemO. Thus, HemO is mainly responsible for the ring-opening reaction 

of verdoheme to biliverdin. We have also confirmed through kinetics analysis that the presence of PhuS 

and HemO together enhances heme degradation compared to HemO alone. These results combined have 

identified function coupling of this unique two-enzyme system that affords P. aeruginosa with more 

efficient heme breakdown and iron utilization. 

As iron is used as a cofactor for many enzymatic processes, we focused on another family of iron-

containing oxygenase called the 2-oxoglutarate/Fe(II)-dependent oxygenases (2OG oxygenases). P. 

aeruginosa encode four putative 2OG oxygenases, of which two of them are characterized here: MicL 

(PA4191) and PiuC (PA4515). We show that MicL has the ability to bind 2OG and Fe(II), while PiuC has 

potential protein substrates in EF-Tu and keto-acid isomerase. Through in vivo P. aeruginosa growth 
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assays, we show that MicL and PiuC are important regulators of cell growth, allowing the pathogen to 

survive longer under greater levels of nutrient stress. 
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Chapter 1 

General Introduction 

1.1 Pseudomonas aeruginosa 

Pseudomonas aeruginosa is a Gram-negative, opportunistic human pathogen that takes 

advantage of immunocompromised hosts [1,2]. It is a versatile bacterium that thrives in a 

multitude of different environments, including soil, marshes, coastal marine habitats, and plant 

and animal tissues [3]. P. aeruginosa is a significant source of infection in burn victims, urinary-

tract infections, and hospital-acquired pneumonia [1,2]. It is also responsible for about 11% of 

nosocomial infections [1]. P. aeruginosa is primarily known as the predominant cause of 

morbidity and mortality in cystic fibrosis patients, due to its ability to colonize abnormal airway 

epithelia [2]. The complete genome of P. aeruginosa was sequenced in 2000, and at 6.3 million 

base pairs, this was the largest bacterial genome sequenced, suggesting that the size and 

complexity of its genome may reflect an evolutionary adaptation that allows them to thrive in 

diverse environments [2]. 

P. aeruginosa has recently been classified by the World Health Organization as a critical 

priority “superbug” requiring new treatments [4], due to their high antibiotic resistance strategies. 

Pan-resistant strains of P. aeruginosa have also been described, causing major therapeutic 

problems. Clinical isolates of P. aeruginosa have been shown to be resistant to a variety of 

commonly used antibiotics such as β-lactams, fluoroquinolones, and aminoglycosides [5,6]. Their 

resistance mechanisms include low permeability of the outer membrane, production of antibiotic-

inactivating enzymes, and the constitutive expression of several antibiotic efflux pumps [7]. As a 

consequence, there is significant interest in developing new therapeutics for P. aeruginosa. 
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1.2 Iron and Bacterial Pathogens 

Almost all living organisms require iron, which helps facilitate numerous cellular 

processes such as electron transport, peroxide reduction, and nucleotide biosynthesis [8,9]. Once 

bacterial pathogens enter the mammalian host, they need to acquire iron from tissues for survival, 

proliferation, and proper pathogenesis [10]. However, free iron is very scarce inside the host  

(~10-18 M concentration within humans), although it is the second most abundant metal on Earth 

[11]. The evolutionary struggle for iron between the host and invading bacterial pathogen has set 

up a competition that has shaped the host’s defense strategies, as well as the iron-acquisition 

mechanisms deployed by the invading pathogen [12–14]. In humans, most of the iron is 

sequestered by high-affinity iron-binding proteins, such as transferrin (Tf), lactoferrin (Lf), and 

ferritin, or by incorporation into heme in hemoproteins [10,15]. Since heme catalyzes the 

formation of reactive oxygen species, accumulation of heme can be toxic to cells by causing 

cellular damage, and oxidative stress [16,17]. Therefore, heme-scavenging proteins are necessary 

to keep the free iron concentration within the host at very low levels. 

Efficient iron acquisition is critical for an invading pathogen’s survival and virulence. As 

such, pathogens have developed sophisticated mechanisms for iron uptake from the environment. 

In particular, pathogenic bacteria can steal iron from the host by capturing it from Tf, Lf, or 

ferritin via specific outer membrane receptors, or they can acquire iron from free heme or from 

heme-containing proteins, such as hemoglobin [9,15,18,19]. As the majority of iron in humans is 

complexed with heme, many pathogens have developed systems that hijack the host’s heme-

containing proteins as a source of iron [10,18]. 
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1.3 Heme Uptake and Metabolism 

1.3.1 Heme Uptake Systems in Gram-Negative Bacteria 

1.3.1.1 Hemophore-Mediated Heme Uptake Systems 

 Gram-negative bacteria encode the has (heme assimilation system) operon, which 

expresses two proteins involved in hemophore-mediated heme uptake. The HasA hemophore is a 

19-kDa monomer that binds one heme molecule with high affinity (Kd ~ 10-11 M) [20]. Sequence 

alignment shows that HasA proteins share about 30-50% identity among different species [21]. 

HasA transfers the heme to an outer membrane receptor, HasR, for which it has a Kd value of 

~10-6 M [22]. However, HasA has a significantly higher affinity (Kd ~ 10-11 M) for heme than 

HasR, which raised the question of how heme could transfer from a high-affinity protein to a 

lower-affinity protein [22]. It has been shown that heme transfer in vitro from HasA to HasR is 

energy- and TonB-independent and is only driven by protein-protein interactions [23]. Caillet-

Saguy [24] proposed that once HasA is bound to HasR, the high-spin/low-spin equilibrium of 

iron shifts toward the high-spin species. As a result, the affinity of HasA for heme in the HasA-

HasR complex would become lower than that of HasR, allowing heme transfer to its receptor 

[24]. The has system does not code for a periplasmic uptake protein and is presumed to utilize the 

products of another iron-regulated operon for further transport of the heme into the cytoplasm 

[19]. 

1.3.1.2 Direct Heme Uptake Systems 

 The direct heme uptake systems in Gram-negative bacteria are similar to each other and 

are encoded by a Fur (ferric uptake regulator protein)-regulated operon, which codes for a single 

outer membrane receptor, a periplasmic heme-transport protein, inner membrane proteins, and a 

cytoplasmic protein (see Figure 1.1 for an example) [21]. Heme uptake by bacterial pathogens 

starts with the secretion of hemolysin to lyse red blood cells and release hemoglobin into the  
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Figure 1.1 Organization of the phu operon in P. aeruginosa. Map of the Pseudomonas heme 

uptake locus containing the phuR gene and the phuSTUVW operon. The functions of each 

component are labeled, as well as where in the bacteria they exist. The iron-dependent 

transcription repressor protein Fur binds to Fur boxes shown as white boxes. Adapted from 

[25]. 

to inner membrane ATP-dependent permeases (PhuUVW) which
transfer the heme to a cytoplasmic heme-binding protein (PhuS)
[47,85]. Once internalized into the cytosol, heme is rapidly trans-
ferred to heme oxygenase (HO) which opens the porphyrin ring
producing biliverdin, carbon monoxide and iron [85,86].

Heme-transport across the outer membrane

In Gram-negative bacteria, specific outer membrane receptors
sequester heme from free heme or host hemoproteins and bring

it into the periplasmic space via a TonB-dependent process. The
receptors identified so far include heme receptors, hemopexin
receptors, hemoglobin (Hb) and hemoglobin–haptoglobin (Hb–
Hp) receptors. Over thirty outer membrane heme receptors have
been reported from a wide variety of Gram-negative bacteria
[87]. The receptors range from 70 kDa to 120 kDa in size, and vary
in their binding diversity, from interacting with a large number of
ligands to only one or a few. Heme receptors have been subdivided
into three categories: the first group recognizes heme; the second
group binds host hemoproteins; and the third group interacts with
hemophores [87].

The heme receptor HemR from Y. enterocolitica has been most
investigated [75,87]. Mutational analysis has postulated that
heme-binding involves two conserved histidine residues, His128
and His461 which are located between two conserved motifs, the
FRAP and NPNL boxes, identified by comparison of the HemR se-
quence with other heme receptors [75]. HemR also recognizes
other hemoproteins such as, myoglobin, hemoglobin, hemopexin,
haptoglobin–hemoglobin, and heme–albumin complexes. Similar
to HemR, outer membrane heme receptor BhuR in Bordetella per-
tussis also recognizes heme, hemoglobin, haptoglobin–hemoglobin
and the heme–albumin complex. Mutation of the bhuR gene makes
B. pertussis incapable of utilizing any of these compounds, suggest-
ing that BhuR is essential for the heme uptake system [52]. How-
ever, in contrast to HemR, the BhuR (B. pertussis and B.
bronchiseptica) as well as other heme receptors PfhR (P. fluorescens)
and PhuR (P. aeruginosa) are predicted to lack the conserved histi-
dine residue in the FRAP and NPNL motifs [52,88], suggesting that
the heme-binding mechanism between different heme receptors
may be somewhat different.

Some hemophore receptors may also function as heme recep-
tors, such as HasR in S. marcescens, not only binding hemophore-
bound heme, but also taking up free and hemoglobin-bound heme
[26].

Hemopexin receptors are not ubiquitously expressed [89]. It has
been reported that hemophore HxuA in Hib, is not only released
into the culture supernatant, but also presented on the bacterial
cell surface as an outer membrane hemopexin receptor, which is
regulated by the availability of iron in the growth medium
[66,80,90]. In response to iron depleted conditions, H. influenzae
706705 and DL42 do not express the 99-kDa hemopexin receptor
[65]. Wong et al. also suggested that some H. influenzae strains
could possess at least two hemopexin receptors and the expression
of which is determined by the prevailing growth medium [90].

Two Hb receptors have been described in N. meningitidis, HmbR
and HpuB. HmbR is an 89.5 kDa single-component TonB-depen-

Fig. 4. Map of the P. aeruginosa heme uptake locus containing the phuR gene and the phuSTUVW operon. Three Fur binding elements are shown as white boxes (adapted from
[49]).

Fig. 5. Homology models and structures of heme-transport proteins of P. aeruginosa
in the phu locus: PhuR (A); PhuU (B); PhuV (C); Crystal structure of PhuT (D) [48]
and crystal structure of a PhuW analog, ChaN (adapted from [123]) (E).

Y. Tong, M. Guo / Archives of Biochemistry and Biophysics 481 (2009) 1–15 5
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serum (see Figure 1.2 for an example) [21]. After the heme is released from the hemoglobin with 

a yet unknown mechanism, it is rapidly taken up by hemopexin (Kd ~ 10-13 M) [21]. The bacterial 

outer membrane heme receptor can recognize free heme, and other heme-containing proteins, and 

assimilate the heme across the membrane to the periplasmic heme transporter in a TonB-

dependent process [21]. The heme is then carried from the outer membrane to the inner 

membrane ATP-dependent permease, which then shuttles it across the cytoplasmic membrane to 

the cytoplasmic heme-binding protein [21,26]. Once in the cytoplasm, the heme is broken down 

by a single heme oxygenase enzyme by cleaving the porphyrin ring to release iron, biliverdin, and 

carbon monoxide (CO) [21,26]. 

 Outer membrane heme receptors in Gram-negative bacteria have been subdivided into 

three groups: the first group recognizes free heme, the second recognizes host hemoproteins, and 

the third recognizes secreted hemophores [27]. The heme receptor HemR from Yersinia 

enterocolitica has been studied extensively, showing that heme binding involves two conserved 

histidine residues, His128 and His461 [27,28]. This receptor also recognizes other host 

hemoproteins, where mutation of the hemR gene resulted in Y. enterocolitica being unable to 

utilize any of these compounds, suggesting the essentiality of this receptor for heme uptake [28]. 

Some hemophore receptors have been found to also function as heme receptors, such as HasR in 

Serratia marcescens, which takes up free heme and hemoglobin-bound heme as well [29]. 

 Heme transport across the outer membrane requires energy; in most Gram-negative 

bacteria, this energy is provided by the cytoplasmic membrane protein TonB, along with two 

helper proteins ExbB and ExbD that form a complex in a ratio of 1:7:2, respectively [30–32]. 

This is an active process driven by the proton motive force generated from the cytoplasmic 

membrane [30–32]. TonB is made up of three domains: the N-terminal domain which anchors to 

the membrane and interacts with ExbB and ExbD to form an energy transducing complex; the C-

terminal domain directly contacts outer membrane receptors; and the middle domain consists of  
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Figure 1.2 Heme uptake system in P. aeruginosa. Acquisition of iron by P. aeruginosa is 

initiated by lysing red blood cells through the secretion of hemolysin and the release of 

hemoglobin into the serum. Host hemoproteins bind the outer membrane receptor PhuR, 

where the heme is removed by the receptor and transported across the outer membrane 

(OM) in a TonB-dependent process. The heme is then available to bind to the periplasmic 

heme transporter PhuT, which carries the heme to the ATP-dependent heme permease 

complex PhuUVW embedded in the cytoplasmic membrane (CM). Once in the cytoplasm, 

the heme is sequestered by the cytoplasmic heme-binding protein PhuS, and finally 

transferred to the heme oxygenase HemO for heme degradation. Adapted from [21]. 
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alternating Pro-Glu and Pro-Lys repeats [33]. ExbB is composed of three transmembrane 

segments with the majority of the protein in the cytoplasm, and ExbD has one transmembrane 

segment with the bulk of the protein located in the periplasm [34]. TonB has a histidine residue in 

its N-terminus, which is hypothesized to bind protons together with ExbB and ExbD, inducing the 

structural change of TonB into an energized form [35–37]. The energized TonB can now interact 

with the outer membrane receptor via the TonB box, which is in the N-terminal domain of the 

receptor [35–37]. After energy transduction, ExbB and ExbD will retrieve TonB from the outer 

membrane [35–37]. 

 Once the heme is transported across the outer membrane, it is internalized into the 

periplasm and binds a heme-specific periplasmic transport protein. This periplasmic transporter 

mediates heme transfer to the cytoplasm through the membrane-bound ATP-binding cassette 

(ABC) transporter [21]. It has been considered that heme binding to the periplasmic protein will 

induce a conformational change, allowing the holo-protein to interact with the transmembrane 

domain of the ABC transporter [21]. Once associated with the periplasmic protein, the 

membrane-bound transporter forms a complete heme uptake permease and can now shuttle the 

heme across the cytoplasmic membrane [21]. 

 Once heme is internalized into the cytoplasm, it is catabolized by a heme oxygenase, 

which opens the heme porphyrin ring [21]. Bacterial heme oxygenases are used to break down 

heme so that the bacteria can use the released iron as a nutrient source, whereas mammalian heme 

oxygenases are primarily involved in protecting cells against the toxic effect of heme [38]. 

However, before heme is delivered to a heme oxygenase, it may be sequestered by a cytoplasmic 

heme-binding protein, since free heme is toxic to the cell [21]. The mechanism of heme oxidation 

by heme oxygenases has been extensively studied. The first step involves formation of the ferric 

heme-heme oxygenase complex with histidine as an iron ligand [18]. Ferric iron is then reduced 

to ferrous iron by the electron donated by NADPH-cytochrome P450 reductase [18]. Oxygen then 
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binds to the complex, forming a metastable oxy-form (Figure 1.3) [18]. The iron-bound oxygen is 

converted to a hydroperoxide intermediate (Fe3+-OOH) by receiving another electron from the 

reductase and a proton from the distal pocket water molecule [18]. Finally, the terminal oxygen of 

Fe3+-OOH attacks the α-meso-carbon of the porphyrin ring to form ferric α-meso-hydroxyheme, 

which is then converted to ferric verdoheme in the presence of oxygen [18]. The final step 

involving verdoheme degradation to biliverdin is not well understood [18]. 

1.3.2 Heme Uptake Regulation 

 As an excess of heme and iron in cells is harmful, regulating the expression of heme 

uptake proteins during different periods of infection in response to iron levels in the environment 

is crucial [21]. In many pathogens, heme uptake regulation is negatively controlled by Fur 

[39,40]. Fur is a homodimer consisting of 17-kDa subunits and are divided into two domains: an 

N-terminal domain which binds DNA, and a C-terminal domain, rich in His residues, which is 

responsible for dimerization and divalent iron binding [41]. Under iron-rich conditions, Fur binds 

to divalent iron and is capable of binding its target 19-bp consensus DNA sequence called the Fur 

box [21]. Two Fur dimers are suggested to bind to each Fur box on opposites sides of the DNA 

helix [21]. As a result, transcription of the genes that encode heme uptake proteins will be 

inhibited. When iron is scarcely available, divalent iron will be released from Fur and the RNA 

polymerase will be able to gain access to the promoter region, allowing transcription of the genes. 

1.3.3 Heme Uptake and Metabolism in P. aeruginosa 

 Heme requires specialized mechanisms for uptake and storage, and in P. aeruginosa, this 

uptake and utilization of heme as an iron source is a receptor-mediated process and involves 

several proteins required for internalization and metabolism of heme (Figure 1.2) [42,43]. The 

opportunistic Gram-negative pathogen P. aeruginosa encodes two heme-uptake systems in the 

phu (Pseudomonas heme utilization) (Figure 1.1), and has operons, and are under transcriptional 

regulation by Fur [40]. The phu operon encodes for the outer-membrane receptor PhuR, the  
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Figure 1.3 Heme degradation as catalyzed by heme oxygenases. This particular scheme is 

the mechanism of heme breakdown by the P. aeruginosa heme oxygenase HemO, showing 

oxidation of the δ-meso carbon. Substituents are numbered 1-8, and abbreviations are given 

by Me (methyl group), V (vinyl group), and P (propionic acid group). Adapted from [44]. 

δ-meso carbon (28), while all other well-studied HOs
hydroxylate the R-meso carbon (29-31). However, mutants
of HO-1 have been shown to exhibit altered regioselectivity.
For example, mutating Arg183 in rat HO-1 leads to the
formation of δ-biliverdin, suggesting that heme propionate-
protein interactions are important in controlling regioselec-
tivity (32). Here we report the crystal structure of pa-HO at
1.60 Å resolution and compare it to the 1.60 Å structure of
nm-HO (6), which provides important insights into factors
that control the unique regioselectivity of heme oxygenation
by pa-HO.

EXPERIMENTAL PROCEDURES

Expression of pa-HO. The Escherichia coli BL21(DE3)
strain carrying pWMZ1656 (pigA) was expressed as previ-
ously described (23). A single colony of freshly transformed
cells was cultured overnight at 37 °C in 5 mL of LB medium
containing 100 µg/mL ampicillin. The cells were subse-
quently subcultured into fresh LB-ampicillin medium (100
mL) and grown at 37 °C to mid-log phase. These cells were
then subcultured (10 mL) into fresh LB-ampicillin medium
(1 L), and upon reaching mid-log phase, expression was
induced by addition of isopropyl 1-thiogalactopyranoside
(IPTG) to a final concentration of 1 mM. The cells were
grown further for ∼4 h at 28-30 °C and harvested by
centrifugation (5500 rpm for 15 min). The resulting cell pellet
was green due to the conversion of endogenous E. coli heme
to biliverdin by the expressed pa-HO protein.
Purification of pa-HO and Reconstitution with Heme.

Purification of the recombinant pa-HO protein and its
reconstitution with heme were carried out as previously

described (23). The cell pellet was resuspended in 20 mM
Tris-HCl (pH 7.8) containing 1 mM EDTA and 1 mM
phenylmethanesulfonyl fluoride (PMSF), and the mixture was
allowed to stir at 4 °C for 1 h. The cells next were lysed by
sonication and centrifuged at 18 000 rpm for 1 h. The soluble
fraction was applied to a Sepharose-Q Fast Flow column
(1.5 × 10 cm) previously equilibrated with 20 mM Tris-
HCl (pH 7.6). The column was washed with three volumes
of 20 mM Tris-HCl (pH 7.6), and the protein was eluted in
the same buffer by a linear gradient of NaCl from 0 to 500
mM. Peak fractions were pooled together on the basis of
SDS-PAGE analysis, and the purified protein was dialyzed
against 20 mM Tris-HCl (pH 7.6, 2 × 4 L) at 4 °C. Hemin
was then added to the pa-HO sample at a final 2:1
heme:protein molar ratio, and the heme-pa-HO complex
was applied to a Sepharose-Q Fast Flow column (1.5 × 6.0
cm) previously equilibrated with 20 mM Tris-HCl (pH 7.6).
The column was washed with three volumes of 20 mM Tris-
HCl (pH 7.6), and the protein was eluted in the same buffer
by a linear gradient of NaCl from 0 to 500 mM. Peak
fractions were pooled together and dialyzed against 20 mM
Tris-HCl (pH 7.6) (2× 4 L), and the sample was then applied
to a Sephacryl S-100 HR column (3.0 × 100 cm) previously
equilibrated in the same buffer. The final purified pa-HO
protein was concentrated by Amicon filtration unit and stored
at -80 °C.
Crystal Growth and Data Collection. Optimized conditions

for crystallization of pa-HO consisted of vapor diffusion with
the reservoir containing 2.3 M ammonium sulfate, 0.1 M
Tris-HCl, pH 8.5, 2.0% Jeffamine ED-600 (Fluka), and
sitting drops consisted of 5 µL of reservoir buffer and 5 µL

FIGURE 1: Overall reaction catalyzed by P. aeruginosa heme oxygenase (pa-HO) as defined by the studies of mammalian heme oxygenases
and cd-HO from C. diphtheriae. Substituents are numbered 1-8, and abbreviations are given by Me (methyl group), V (vinyl group), and
P (propionic acid group). All heme oxygenases characterized thus far oxidize the porphyrin ring at the R-meso carbon, whereas pa-HO
oxidizes heme primarily at the δ-meso carbon.

5240 Biochemistry, Vol. 43, No. 18, 2004 Friedman et al.
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periplasmic transport protein PhuT, the soluble cytoplasmic membrane ATP-dependent permease 

complex PhuUVW, and the cytoplasmic heme-binding protein PhuS, which sequesters heme 

translocated to the cytoplasm by PhuUVW [45]. On the other hand, the has operon encodes a 

TonB-dependent outer-membrane receptor, HasR, which accepts heme from a secreted 

hemophore, HasA, that extracts heme from the serum [45]. However, the has system does not 

have a periplasmic uptake system and is assumed to use the phu-encoded ABC transporter 

[19,45]. 

 Heme uptake into the cytoplasm of P. aeruginosa has been well characterized, but the 

fate of heme once inside has not been annotated until recently [45]. Heme oxygenases have been 

identified and characterized in Gram-positive and Gram-negative pathogens including 

Corynebacterium diphtheria, Neisseriae spp., and P. aeruginosa [45]. P. aeruginosa encodes the 

iron-regulated heme oxygenase HemO, for which the catalytic mechanism and structural fold is 

strikingly similar to the better characterized eukaryotic heme oxygenases [44,46]. However, 

HemO has been shown to have novel δ-regioselectivity (Figure 1.3), compared to the canonical α-

regioselectivity found in mammalian heme oxygenases [44]. P. aeruginosa also encode a second 

heme oxygenase, BphO, which produces α-biliverdin and acts as a chromophore for the 

bacteriophytochrome kinase, BphP [45]. However, the bphOP operon is not iron-regulated and 

does not appear to be involved in extracellular heme uptake [45]. 

1.3.4 PhuS and HemO 

The cytoplasmic heme-binding protein PhuS has been previously characterized as a 

heme-trafficking protein that interacts with the heme oxygenase HemO, but only when PhuS is 

bound to heme [42,43]. PhuS was determined to have a Kd of 0.41 ± 0.05 µM for heme, and once 

bound to heme, has a Kd of 1.23 ± 0.05 µM for HemO [42]. Thus, PhuS has high affinity for 

heme and HemO, which would be necessary for proper heme breakdown by the bacteria. Holo-

PhuS forms a 1:1 complex with HemO, and the heme-dependent conformational switch in PhuS 
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drives the protein-protein interaction required, and the subsequent free energy necessary to drive 

heme release to HemO [42]. As a result, these studies have indicated that PhuS is specifically a 

heme-trafficking protein and is not a heme-degrading enzyme. 

PhuS has homologues (up to ~40% sequence identity) in heme utilization systems of 

other Gram-negative bacteria, including ChuS in Escherichia coli O157:H7 [47], HemS in Y. 

enterocolitica [48], HmuS in Yersinia pestis [49], HmuS in Yersinia pseudotuberculosis [50], and 

ShuS in Shigella dysenteriae [51]. The crystal structures of ChuS and HemS have been solved for 

both the apo- and heme-bound forms, with both proteins bound to one heme per monomer 

[47,48,52]. The structure of ChuS was identified as a previously uncharacterized fold, and was 

novel compared to the structure of canonical heme oxygenases [47]. The overall structure of 

ChuS is comprised of a central core of two large pleated β-sheets, each consisting of nine anti-

parallel β-strands sandwiched together and bowing outward. Each β-sheet is flanked at its N-

terminus by one pair of parallel α-helices, and at the C-terminus by three α-helices in an α-loop-

α-loop-α motif, forming the two halves of a structural repeat. 

Interestingly, E. coli O157:H7 does not have a homologue for the heme oxygenase 

HemO, as is present in P. aeruginosa [47]. As a result, Suits et al. [47] reported that ChuS is 

actually a heme oxygenase and is able to break down heme to produce CO and other products that 

were uncharacterized at the time. ChuS was shown to be capable of using ascorbic acid or 

cytochrome P450 reductase-NADPH as electron sources for heme oxygenation [47]. Ouellet et al. 

[53] have further characterized the products of ChuS-catalyzed heme degradation to be hematinic 

acid, tripyrrole, CO, and free iron, which were unique products compared to the biliverdin 

produced by canonical heme oxygenases such as HemO and those found in mammals. 

Meanwhile, Schneider et al. [48]
 
solved the structure of HemS, showing the same 

characteristic fold as ChuS. It is unknown whether HemS has heme degrading activity or if it has 

any binding partner to transfer its heme to. The heme-bound structure of HemS showed that upon 
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binding of heme, the N- and C-terminal domains pivot to close onto the ligand, indicating an 

induced fit conformational change around the heme-binding pocket [48]. The HemS structure 

therefore switches between closed and open states, depending on whether heme is bound or not, 

respectively. 

The majority of Gram-negative bacteria possess a single, iron-regulated cytoplasmic 

protein for degrading heme and obtaining iron, which is the heme oxygenase. P. aeruginosa is 

unique in that it has a cytoplasmic heme-binding protein (PhuS) that sequesters heme before it is 

broken down by its heme oxygenase (HemO). P. aeruginosa knockout studies of PhuS showed 

that they are still able to survive but do not grow as efficiently as wild-type cells [54], signifying 

that PhuS is important but not absolutely required. In the absence of HemO in vivo, isomers of 

biliverdin produced by HemO were not detected [45], showing that HemO knockout strains 

cannot utilize heme as an iron source. All efforts to characterize heme metabolism in P. 

aeruginosa have focused on the activity of HemO and have not considered the possibility of PhuS 

having heme degradation activity, considering its close homology to the E. coli O157:H7 heme 

oxygenase ChuS. The possibility of PhuS being involved in heme degradation along with HemO 

would be intriguing, and would change the view of heme degradation in any organism. 

1.4 Iron Utilization 

Heme is the major source of iron for P. aeruginosa during host infection as the majority 

of iron in humans is found coordinated within the porphyrin ring of heme. Although numerous 

metal ions, including magnesium, zinc, copper, nickel and manganese, are essential for many 

biological processes [1], iron is one of the most abundant transition metals present in P. 

aeruginosa, with concentrations between 0.3 and 4 mM depending on the growth medium used 

(Table 1.1) [55]. It is a redox-active metal that exists in two oxidation states, Fe(II) and Fe(III). In 

the presence of oxygen, soluble Fe(II) is rapidly oxidized to poorly soluble Fe(III) [1]. It has been 

estimated that one in three proteins requires a metal ion to be active [56,57]. These metals,  
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Table 1.1 Intracellular concentrations of biological metals in P. aeruginosa PAO1 cells 

grown in nutrient-rich media (LB) compared to metal-restricted media (CAA) [55]. 

Increasing concentrations of metals depicted by darker shades of grey. 

Metal LB PAO1 in LB CAA PAO1 in CAA 

Mg 82 µM 143 mM 995 µM 310 mM 

Mn <1 µM 325 µM <1 µM <1 µM 

Fe 4 µM 4.23 mM 21 nM 360 µM 

Ni 27 nM <10 nM 86 nM 41 µM 

Cu 152 nM 302 µM <10 nM 44 µM 

Zn 15 µM 2.5 mM 571 nM 940 µM 
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including iron, are involved in macromolecule structuring, as well as act as cofactors for 

catalyzing biochemical reactions [1]. Although these metals are necessary for optimal bacterial 

growth, an excess can have toxic effects on the bacteria [1]. Proper homeostasis of iron levels 

within the bacteria must be regulated or else bacterial cell viability can be affected [1]. One way 

that bacteria can utilize free iron is to use it as cofactors for certain enzymes. Among the many 

different classes of enzymes that depend on iron for activity, one family of enzymes that will 

particularly benefit from iron availability within P. aeruginosa are the 2-oxoglutarate/Fe(II)-

dependent oxygenases (2OG oxygenases). 

1.4.1 2OG Oxygenases 

 A class of metalloenzymes has evolved to utilize transition metals which are stable in 

multiple redox states, such as iron, to activate oxygen and catalyze the oxidation of organic 

molecules in a controlled environment. There are two main subgroups of iron-containing 

oxygenases; the heme-containing enzymes, as introduced previously, and the non-heme iron 

enzymes. Here, one of the largest subclasses of non-heme iron enzymes, the 2-

oxoglutarate/Fe(II)-dependent oxygenases (2OG oxygenases), will be discussed. 

 The 2OG oxygenases catalyze a wide range of oxidation reactions for an extensive array 

of substrates. These enzymes couple the oxidative decarboxylation of 2OG to the oxidation of the 

primary substrate, while forming succinate and carbon dioxide as side products (Figure 1.4) 

[58,59]. Primary substrates include small molecules, lipids, methylated nucleotides, and proteins 

[58]. The most common reaction catalyzed is hydroxylation, and is the only reaction known to be 

catalyzed by 2OG oxygenases in animals [60]. In plants and bacteria, the 2OG oxygenases 

display more catalytic versatility, where they catalyze reactions such as halogenation, ring 

closure, epimerization, and epoxidation [58,59]. In animals, 2OG oxygenases have also been 

identified to perform demethylation of N-methylated groups in proteins and nucleic acids, which 

likely occurs via initial hydroxylation of the methyl group [60]. 2OG oxygenases employ a  
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Figure 1.4 Simplified mechanism of 2OG oxygenases. Within the active site, Fe(II) is 

coordinated by the HX(D/E)…H triad, while the remaining coordination sites are initially 

occupied by water molecules. Binding of 2OG displaces two of the water molecules, while 

binding of the substrate displaces the final water molecule, allowing oxygen to bind. 

Oxidative decarboxylation of 2OG forms succinate and CO2 and generates a ferryl 

intermediate [Fe(IV)=O] that reacts with the substrate to perform the hydroxylation 

reaction. Adapted from [60]. 

i.e. at transcriptional, splicing, and translational levels. Protein hy-
droxylations catalyzed by human 2OG oxygenases are summa-
rized in Table 1. It should be noted that there are other examples of
protein hydroxylases beyond the scope of this review that do not
use 2OG as a substrate and that are structurally unrelated to the
2OG oxygenases (see e.g. Ref. 14). The main purpose of this mini-
review is to introduce the non-expert to the expanding role of 2OG
oxygenases, focusing on protein oxidation; where appropriate we
direct the reader to specialist reviews.

Collagen Hydroxylases

There are three types of 2OG oxygenase with roles in colla-
gen biosynthesis: the C-3 and C-4 prolyl hydroxylases and the
C-5 lysyl hydroxylases, all of which catalyze modifications of
the pro-collagen polypeptide in the endoplasmic reticulum
(1–3). C-4 prolyl hydroxylation of multiple residues in the

Y-position of Gly-X-Y motifs in collagen stabilizes the collagen
triple helical fold (15). C-3 prolyl hydroxylation is less abundant
in collagen and occurs subsequent to C-4 prolyl hydroxylation
(16). The molecular roles of collagen C-3 prolyl hydroxylation
are unclear, although it is proposed to cause local (de)stabiliza-
tion of the triple helix, thus enabling cross-linking (17). Never-
theless, it is clearly of biological importance as evidenced by
animal studies and diseases associated with a reduced level of
such hydroxylation (18). Like C-4 prolyl hydroxylation, colla-
gen C-5 lysyl hydroxylation occurs at the Y-position of Gly-X-Y
motifs (19). Lysyl hydroxylation enables glycosylation (20) and,
after further oxidation of the N!-amino group by an amine oxi-
dase, cross-linking (21, 22).

The roles of 2OG oxygenases in extracellular protein modi-
fications are likely not fully defined. Recent work has identified
a new type of cross-link involving reaction of C-5 hydroxylysine

FIGURE 1. Outline mechanism and characteristic fold of 2OG oxygenases. A, within the active site, Fe(II) (orange) is bound in an octahedral manner by an
HX(D/E) . . . H facial triad. The remaining coordination sites are initially occupied by water molecules, two of which are displaced upon binding of 2OG. Binding
of the substrate (purple) displaces the final water molecule, creating an open coordination site for oxygen (red) to bind. Oxidative decarboxylation of 2OG
generates succinate and CO2 and yields a ferryl intermediate (FeIV!O) that reacts with the substrate to form the hydroxylated product. Note that N-methyl
demethylation (shown in gray) occurs via hydroxylation of the methyl group to form a hemiaminal intermediate that subsequently collapses to yield formal-
dehyde and the demethylated product. B, view from a crystal structure of a PHD in complex with a HIF-1" fragment peptide substrate (Protein Data Bank ID:
3HQR). The core double-stranded #-helix fold (salmon) is conserved in 2OG oxygenases and consists of eight #-strands that form two anti-parallel #-sheets. The
HIF-1" peptide (purple) binds such that the side chain of Pro 564 is oriented toward the metal within the active site. A magnified view of the active site (right)
highlights residues involved in binding Fe(II) (yellow) and 2OG (light blue). Note that in this structure, N-oxalylglycine (NOG) and Mn(II) replace 2OG and Fe(II),
respectively.
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conserved mechanism in which 2OG binding to the active site is followed by substrate and 

oxygen binding (Figure 1.4) [58]. Oxidative decarboxylation of 2OG yields a ferryl intermediate 

(FeIV=O), which reacts with the substrate, yielding the hydroxylation reaction. Although the 

addition of hydroxyl groups to proteins represent small and chemically neutral post-translational 

modifications, they have been shown to have profound biological effects, such as in the hypoxic 

response in humans, described in more detail later. As a result, several 2OG oxygenases have 

already become chemotherapeutic targets [61]. 

 Structural studies of 2OG oxygenases revealed a conserved core fold comprised of a 

distorted double-stranded β-helix (DSBH), also known as a jelly-roll, Jumonji-C (JmjC), or cupin 

fold, that contains the conserved binding motifs for ferrous iron and 2OG (Figure 1.5) [62]. The 

DSBH is composed of eight antiparallel β-strands that form a β-sandwich structure made of two 

four-stranded antiparallel β-sheets [62]. The iron is normally coordinated by three residues 

comprised by the HX(D/E)…H motif, where the conserved H and D/E residues are located on 

strand 2 of the DSBH, and the distal H found on strand 7 [60]. This 2-His-1-carboxylate facial 

triad is found not only in 2OG oxygenases, but in all non-heme iron oxygenases that have been 

characterized [63]. 

 The importance of 2OG oxygenases can be further highlighted by the discovery in 2001 

that hydroxylation can play physiologically relevant roles in transcriptional regulation, which has 

stimulated work on the function of ~60 human 2OG oxygenases [64,65]. This work has revealed 

that these enzymes likely play roles in all stages of protein biosynthesis in animals, from 

transcription to translation. 

1.4.1.1 Biological Functions of 2OG Oxygenases 

 2OG oxygenases were first identified in collagen biosynthesis, where they catalyzed the 

post-translational hydroxylation of C-3 and C-4 proline residues, as well as C-5 lysine residues 

(Figure 1.6) [66–68]. C-4 prolyl hydroxylation in the Y-position of Gly-X-Y motifs in collagen  
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Figure 1.5 Crystal structure of human FIH, a representative 2OG oxygenase, in complex 

with Fe and 2OG (PDB ID: 1MZF). Ribbon diagram is coloured according to secondary 

structure, with the DSBH coloured in magenta. The 2OG molecule is coloured green, while 

the Fe atom is depicted as a brown sphere. Inset, zoom-in of the 2-His-1-carboxylate facial 

triad and a 2OG molecule coordinating the Fe. 
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Figure 1.6 Human 2OG oxygenase-catalyzed hydroxylations. The hydroxylated oxygen 

atom is shown in red. C-P4Hs, collagen prolyl 4-hydroxylases; C-P3Hs, collagen prolyl 3-

hydroxylases; PLODs, pro-collagen lysine 2-oxoglutarate 5-dioxygenase enzymes. Adapted 

from [60]. 

 

methylated lysyl residues in histones H3 and H4. However, bio-
chemical and MS analyses support their assignment as protein
hydroxylases rather than demethylases (90). The side chains of
the target histidinyl residues extend into the ribosome core, and
in the case of Rpl8, toward the peptidyl transferase center.
Although the biological consequences of these hydroxylation
events remain to be defined, an effect on translation is consis-
tent with the cellular roles of MINA53 and NO66 in regulating
growth and proliferation (91, 92).

OGFOD1 catalyzes C-3 prolyl hydroxylation of RPS23, a
modification conserved in eukaryotes ranging from yeasts to
humans (93–95). The hydroxylated prolyl residue is located
within the ribosome decoding center; interestingly, hydrox-
ylation at this position has a profound effect on stop codon
recognition in yeast. Tpa1, the Saccharomyces cerevisiae
OGFOD1 homolog, catalyzes two sequential hydroxylations
on the same prolyl residue to give dihydroxyproline in
Rps23p (94); however, the functional significance of the sec-
ond hydroxylation is unclear. Further work is required to
understand the effects of OGFOD1 on protein synthesis in

human cells, as well as the extent to which these are medi-
ated by RPS23 hydroxylation.

Beyond the hydroxylation of ribosomal proteins, 2OG oxy-
genases influence translation via the hydroxylation of ribo-
some-associated proteins. The eukaryotic release factor eRF1
undergoes lysyl hydroxylation, as catalyzed by JMJD4 (96). In
contrast to JMJD6 and collagen lysyl hydroxylases, JMJD4 cat-
alyzes C-4 lysyl hydroxylation (Fig. 2). eRF1 is involved in trans-
lation termination; it recognizes stop codons as they enter the
ribosomal A site and, together with the GTPase eRF3a, triggers
release of the nascent polypeptide chain and ribosome disas-
sembly. The JMJD4-hydroxylated lysyl residue lies in a con-
served NIKS motif, essential for stop codon recognition;
JMJD4-catalyzed hydroxylation of eRF1 increases translation
termination efficiency (96).

ROXs are not only present in eukaryotes; an Escherichia coli
homologue of MINA53 and NO66, ycfD, catalyzes C-3 hydrox-
ylation of an arginyl residue in ribosomal protein L-16 (90).
L-16 is an essential component of the bacterial ribosome,
required for ribosome assembly, aminoacyl tRNA binding, and

FIGURE 2. Hydroxylations catalyzed by human 2OG oxygenases. Human 2OG oxygenases catalyze the stereoselective hydroxylation of prolyl, lysyl,
asparaginyl, aspartyl, and histidinyl residues in protein substrates; the oxygen atom incorporated into the product is shown in red. Note that the stereochem-
istry of JMJD4-catalyzed hydroxylation is unknown. C-P4Hs, collagen prolyl 4-hydroxylases; C-P3Hs, collagen prolyl 3-hydroxylases; PLODs, pro-collagen lysine
2-oxoglutarate 5-dioxygenase enzymes.
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stabilizes the collagen triple helical fold [69]. C-3 prolyl hydroxylation is less frequent and occurs 

subsequent to C-4 hydroxylation [70]. The role of C-3 hydroxylation is unclear, although it has 

been proposed to cause local (de)stabilization of the triple helix to allow cross-linking [71]. C-5 

lysyl hydroxylation also occurs at the Y-position and enables glycosylation and cross-linking 

[72–74]. 

 The first evidence that non-collagen proteins undergo hydroxylation came with the 

identification of C-3 hydroxylation of aspartyl and asparaginyl residues in EGF-like domains 

(Figure 1.6) [75,76]. This work indicated that multiple proteins may be hydroxylated by a single 

2OG oxygenase, namely aspartyl/asparaginyl β-hydroxylase (ASPH) [77]. Although the role of 

ASPH-catalyzed hydroxylation is unclear, mutations in ASPH are associated with severe facial 

abnormalities, and its overexpression is linked to malignant transformation and poor prognosis in 

human cancers [78,79]. 

 A breakthrough in functional assignment of human 2OG oxygenases came with the 

identification of two types of 2OG oxygenases involved in hypoxia [64,65,80–82]. In animals, the 

hypoxic response involves up-regulation of the α-subunit of the α,β-hypoxia-inducible 

transcription factor (HIF), which regulates expression of hundreds of genes [83]. The intact HIF 

binds to hypoxic response elements associated with target genes that promote increased oxygen 

supply to hypoxic tissues [84]. In humans, three prolyl hydroxylase domain (PHD) enzymes 

catalyze C-4 prolyl hydroxylation in HIF-α (Figure 1.6), which increases signaling for HIF-α 

degradation [64,65,80,85]. A second type of 2OG oxygenase in humans termed FIH (factor 

inhibiting HIF) catalyzes C-3 asparaginyl hydroxylation in HIF-α, which substantially weakens 

the otherwise tight binding of HIF-α to CBP/p300 transcriptional activators [81,82]. 

 Post-translational modifications to histone proteins play key roles in the regulation of 

gene expression in eukaryotes [86]. Methylation and acetylation of lysine residues are well-

known modifications, however, demethylation is also known to occur and it is only until recently 
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that the enzymes which catalyze this demethylation have been identified as the JmjC subfamily of 

2OG oxygenases [87]. This subfamily of 2OG oxygenases is the largest identified family of 

lysine demethylases with ~15 human members [60]. These 2OG oxygenases undergo the 

consensus hydroxylation mechanism to give a hemiaminal intermediate, which likely 

spontaneously breaks down to produce the demethylated product and formaldehyde [88]. 

 An increasing body of work suggests that 2OG oxygenases are regulators of translation. 

Recent studies have shown that several ribosomal proteins and translation elongation factors are 

also 2OG oxygenase substrates. To date, there are three human 2OG oxygenases assigned as 

“ribosomal oxygenases” (ROXs): MINA53, NO66, and OGFOD1. MINA53 and NO66 catalyze 

C-3 histidinyl hydroxylation in Rpl27a and Rpl8 (Figure 1.6), respectively, having a profound 

effect on translation [89]. OGFOD1 catalyzes C-3 prolyl hydroxylation of RPS23 and is a 

conserved modification in eukaryotes ranging from yeasts to humans [90]. JMJD4 is an example 

of a 2OG oxygenase catalyzing C-4 lysyl hydroxylation on the eukaryotic release factor eRF1, 

which increases translation termination efficiency [91]. Although these are only examples of 

eukaryotic ROXs, there are examples in prokaryotes, including the E. coli YcfD, a homologue of 

MINA53 and NO66 [89]. YcfD catalyzes C-3 arginyl hydroxylation in ribosomal protein L-16, 

an essential component of the bacterial ribosome required for ribosome assembly [89]. Deletion 

of the ycfD gene in E. coli led to growth retardation, as well as reduced translation of proteins 

[89]. Structural studies of YcfD showed the conserved jelly-roll fold found in 2OG oxygenases 

[92,93], suggesting that the eukaryotic 2OG oxygenases may have evolved from prokaryotes. 

This is further supported by the discovery of a prolyl hydroxylase in P. aeruginosa (PPHD), 

which is related to the HIF prolyl hydroxylases [94]. PPHD was shown to hydroxylate the 

translation elongation factor EF-Tu, providing further evidence for a conserved role for 2OG 

oxygenases in translational regulation. 
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 As it can be seen, 2OG oxygenases catalyze a wide range of hydroxylation reactions that 

regulate processes from transcriptional control, all the way to post-translational regulation. Major 

advances have been made in the last 15 years in our understanding of 2OG oxygenase-catalyzed 

hydroxylation. We now understand that such modifications occur in many eukaryotes and 

prokaryotes, including pathogenic bacteria. Taken together, these examples show the importance 

of 2OG oxygenases and how they can be potential targets for novel therapeutics against 

pathogens such as P. aeruginosa. 

1.4.2 2OG Oxygenases in P. aeruginosa 

A sequence homology study found four genes encoding putative 2OG oxygenases in P. 

aeruginosa: PA0147, PA0310, PA4191, and PA4515 [95]. To date, the only one to be extensively 

studied is PA0310, known as Pseudomonas prolyl-hydroxylase domain containing protein 

(PPHD) [94]. PPHD was found to be a 2OG oxygenase related in structure and function to animal 

prolyl-hydroxylases [94]. A P. aeruginosa knockout mutant of this protein displayed impaired 

growth in the presence of iron chelators and produced increased amounts of the virulence factor 

pyocyanin [94]. Its protein substrate was determined to be EF-Tu, which is part of the 

translational machinery, and undergoes C-4 prolyl hydroxylation on its switch I loop [94]. 

The remaining three putative 2OG oxygenases in P. aeruginosa are currently 

bioinformatically classified as an oxidoreductase (PA0147), an iron/ascorbate oxidoreductase 

(PA4191), and a PKHD-type hydroxylase (PA4515), although they have never been 

experimentally characterized. All three currently uncharacterized 2OG oxygenases contain the 

conserved HX(D/E)…H facial triad present in all 2OG oxygenases characterized to date. Further 

characterization is necessary to completely understand their functional roles within P. 

aeruginosa. 
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1.5 Significance and Objectives 

The majority of Gram-negative bacteria possess a single cytoplasmic protein for 

obtaining iron from heme, that is the heme oxygenase. P. aeruginosa is unique in that it expresses 

a cytoplasmic heme-binding protein (PhuS) that sequesters heme before it is broken down by its 

heme oxygenase (HemO). In an effort to comprehend the coexistence of PhuS and HemO, as well 

as the importance of PhuS, we performed structural and functional studies, along with its 

interacting partner, HemO. We predict that P. aeruginosa possesses two cytoplasmic heme 

proteins to increase its efficiency in obtaining iron for use in various important cellular processes. 

To shed light on a different type of iron-containing oxygenase, we concentrated on an important 

family of iron-dependent enzymes, the 2OG oxygenases. We are just beginning to fully 

understand the breadth of functionality of these enzymes and so to add to the current knowledge, 

we focused on examining the role of two putative 2OG oxygenases in P. aeruginosa, MicL 

(PA4191) and PiuC (PA4515). 

Consequently, this thesis aims to: 

• Determine the three-dimensional structure of PhuS and characterize its role as more than 

a cytoplasmic heme chaperone (Chapter 2) 

• Understand the new-found role of PhuS as a heme-degrading enzyme and how it changes 

the view of heme degradation within P. aeruginosa (Chapter 3) 

• Characterize MicL and PiuC as 2OG oxygenases and determine what role they play 

within P. aeruginosa (Chapter 4) 
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Chapter 2 

Structural Analysis and Identification of PhuS as a Heme-Degrading 

Enzyme from Pseudomonas aeruginosa 

2.1 Abstract 

Bacterial pathogens require iron for proliferation and pathogenesis. Pseudomonas 

aeruginosa is a prevalent Gram-negative opportunistic human pathogen that takes advantage of 

immunocompromised hosts and encodes a number of proteins for uptake and utilization of iron. 

Here we report the crystal structures of PhuS, previously known as the cytoplasmic heme-

trafficking protein from P. aeruginosa, in both the apo- and the holo-forms. In comparison to its 

homologue ChuS from Escherichia coli O157:H7, the heme orientation is rotated 180° across the 

α-γ axis, which may account for some of the unique functional properties of PhuS. In contrast to 

previous findings, heme binding does not result in an overall conformational change of PhuS. We 

employed spectroscopic analysis and CO measurement by gas chromatography to analyze heme 

degradation, demonstrating that PhuS is capable of degrading heme using ascorbic acid or 

cytochrome P450 reductase-NADPH as an electron donor and produces five times more CO than 

ChuS. Addition of catalase slows down but does not stop PhuS-catalyzed heme degradation. 

Through spectroscopic and mass spectrometry analysis, we identified the enzymatic product of 

heme degradation to be verdoheme. These data taken together suggest that PhuS is a potent heme-

degrading enzyme, in addition to its proposed heme-trafficking function. 

2.2 Introduction 

Iron is an essential nutrient that is required for almost all living organisms and helps 

facilitate numerous cellular processes such as electron transport, peroxide reduction, and 

nucleotide biosynthesis [8,9]. However, free iron is scarcely available inside the host (~10−18 M 
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concentration within humans) for direct utilization by bacterial pathogens, although it is the 

second most abundant metal on Earth [11]. The competition for iron between the host and 

invading pathogen has shaped the host's defense strategies, as well as the iron-acquisition 

mechanisms utilized by the pathogen [12–14]. Efficient iron acquisition is crucial for an invading 

pathogen's survival and virulence in the host. As a result, many pathogens have developed 

sophisticated mechanisms to capture the host's heme-containing proteins as a source of iron 

[10,18]. In particular, pathogenic bacteria can acquire iron from the host by capturing iron from 

transferrin, lactoferrin, or ferritin via specific outer-membrane receptors, or they can take up iron 

from free heme or from heme-containing proteins, such as hemoglobin [9,15,18,19]. 

Iron requires specialized mechanisms for uptake and storage due to its limited 

bioavailability, and in the opportunistic Gram-negative pathogen Pseudomonas aeruginosa, the 

uptake and utilization of heme as an iron source are a receptor-mediated process and involve 

numerous proteins required for internalization and degradation of heme [42,43]. P. aeruginosa 

encodes two heme-uptake systems in the phu (Pseudomonas heme utilization) and has (heme 

assimilation system) operons, which are under transcriptional regulation by the ferric uptake 

regulator protein Fur [40]. The phu operon encodes for the outer-membrane receptor PhuR, the 

periplasmic transport protein PhuT, and the soluble cytoplasmic membrane ATP-dependent 

permease complex PhuUVW [45]. As well, the cytoplasmic heme-binding protein PhuS 

sequesters heme translocated to the cytoplasm by PhuUVW [45]. In contrast, the has operon 

encodes a TonB-dependent outer-membrane receptor HasR, which accepts heme from a soluble 

hemophore HasA, which is secreted, and extracts heme from the serum [45]. However, the has 

system lacks a periplasmic uptake system and is assumed to utilize the phu-encoded ATP-binding 

cassette transporter [19,45]. 

Heme oxygenases have been identified and characterized in Gram-positive and Gram-

negative pathogens including Corynebacterium diphtheriae, Neisseriae spp., and P. aeruginosa 
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[45]. P. aeruginosa encodes the iron-regulated HemO, for which the catalytic mechanism and 

structural fold are strikingly similar to the more well characterized eukaryotic heme oxygenases 

[44,46]. However, HemO has been shown to be a δ-regioselective heme oxygenase enzyme, 

compared to the canonical α-regioselectivity seen in eukaryotic heme oxygenases [44]. P. 

aeruginosa also encodes a second heme oxygenase, BphO, which produces α-biliverdin and acts 

as a chromophore for the bacteriophytochrome kinase, BphP [45]. Interestingly, the bphOP 

operon is not iron regulated and does not appear to be involved in extracellular heme uptake [45]. 

Previous studies with the cytoplasmic heme-binding protein PhuS have shown that it is a 

heme-trafficking protein that interacts with the heme oxygenase HemO, but only when PhuS is 

bound to heme [42,43]. PhuS binds one heme per monomer and holo-PhuS forms a 1:1 complex 

with HemO [42]. The heme-induced conformational switch in PhuS was thought to drive the 

protein–protein interaction and the subsequent free energy necessary to drive heme transfer to 

HemO [42]. As a result, these studies have implied that PhuS is specifically a heme-trafficking 

protein with no enzymatic activity. 

PhuS has homologues in heme utilization systems of other Gram-negative bacteria, 

including ChuS in Escherichia coli O157:H7, HemS in Yersinia enterocolitica, HmuS in Yersinia 

pestis, and ShuS in Shigella dysenteriae [47–49,51,52]. The crystal structures of ChuS and HemS 

have been solved for both the apo- and the heme-bound forms [47,48,52]. Interestingly, E. coli 

O157:H7 does not have a homologue for the heme oxygenase HemO, as is present in other Gram- 

negative pathogens, including P. aeruginosa [47]. Suits et al. reported that ChuS is a heme 

oxygenase and is able to break down heme to generate free iron and CO [47]. The structure of 

ChuS represents the identification of a previously uncharacterized fold and was unique compared 

to other characterized heme oxygenases [47]. ChuS was shown to be capable of using ascorbic 

acid or cytochrome P450 reductase-NADPH as electron sources for heme oxygenation and was 

proposed to be α-regioselective for heme [47,52]. 
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Subsequently, Schneider et al. reported the structure of HemS, showing the same 

characteristic fold as ChuS [48]. It is currently unknown whether HemS is able to break down 

heme or if it has any binding partner to transfer its heme to. The heme-bound structure of HemS 

showed that, upon binding of heme, there is an induced-fit conformational change around the 

heme-binding pocket, where the N- and C-terminal domains pivot to close onto the ligand [48]. 

The HemS structure therefore switches between an open, apo-form, and a closed, bound state. 

Recently, the apo-PhuS structure has been reported [96] and displayed close structural similarity 

to ChuS, as expected. However, the apo-PhuS structure did not provide insights into the heme 

binding of PhuS and the previously proposed heme transfer to HemO [96]. In the present study, 

we report the crystal structures of apo- and holo-PhuS at 2.0 and 1.95 Å resolution, respectively, 

which show structural similarity to ChuS and HemS but with key differences. We further show 

through spectroscopic analysis that PhuS is capable of breaking down heme using ascorbic acid 

or cytochrome P450 reductase-NADPH as an electron source. CO detection through gas 

chromatography showed that PhuS is five times more active in producing CO than ChuS. We 

identify through mass spectrometry that verdoheme is the product of PhuS heme breakdown. 

Taken together, these results led us to propose that PhuS is a potent heme-degrading enzyme in P. 

aeruginosa. 

2.3 Results and Discussion 

2.3.1 Crystal Structure of PhuS 

To determine the structure of PhuS in both the heme-bound and the unbound forms, we 

overexpressed and purified full-length PhuS. The apo-PhuS crystals were colorless and cube-

shaped and were diffracted to 2.0 Å, whereas the holo-PhuS crystals were bright red and were 

diffracted to 1.95 Å. The PhuS structure is highly similar to and has the same characteristic fold 

as ChuS (Figure 2.1), revealing rmsd (root-mean-square deviation) values of 0.95 and 1.16 Å 

(260 and 263 Cα atoms, respectively) when comparing the apo monomers and 0.99 and 1.12 Å 
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Figure 2.1 Crystal structure of PhuS. Ribbon representation of a monomer of the holo-PhuS 

dimer found in the asymmetric unit. The overall structure shows a similar characteristic 

fold as ChuS. The heme is found coordinated by His209 in the C-terminal half of the 

protein. (Inset) A zoom-in of the heme-binding pocket shows a shift of the proximal His209 

and distal Arg112 residues to accommodate the heme. 
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(276 and 267 Cα atoms, respectively) when comparing the holo monomers. Both PhuS structures 

are more complete than ChuS, with electron density missing only for the first 13 residues for both 

PhuS structures due to disorder. The overall structure is composed of a central core of two pleated 

β-sheets, each consisting of nine anti-parallel β-strands stacked together. Each β-sheet is flanked 

at its N-terminus by a pair of parallel α-helices and at the C-terminus by three α-helices in an α-

loop-α-loop-α motif, forming the two halves of a structurally repeating protein. The two halves 

are connected by a long stretch of coil from Arg168 to Asp194. For holo-PhuS, both molecules 

were found with strong density for the heme in the binding pocket. The heme iron is coordinated 

by His209, which is 2.3 Å away. The heme moieties were unambiguously placed in a very 

specific orientation made possible by the high-resolution X-ray data and quality of the electron 

density map, with proper positioning of the methyl, vinyl, and propionate groups at specific 

positions (Figures 2.2 and 2.S1). 

Although the structures of PhuS revealed the same characteristic fold as ChuS (41% 

sequence identity), there are small changes in residues and their orientations (Figure 2.S2a). Our 

apo structure is identical with the recently reported PhuS structure in the absence of heme (rmsd 

values ranging from 0.16 to 0.46 Å depending on which monomers are aligned) [96]. The two 

monomers in the asymmetric unit make contacts with each other through the face opposite of the 

heme-binding pocket. Alignment of the two monomers in apo-PhuS revealed an rmsd value of 

0.47 Å and a value of 0.37 Å for holo-PhuS, showing very little discrepancies. Alignment of the 

apo- and holo-PhuS structures does not show major overall differences but reveals minor 

differences between each other. The side chains of the proximal iron-coordinating residue His209 

and the distal residue Arg112 shifted 2.9 Å closer and 5.3 Å away, respectively, to accommodate 

the heme (Figure 2.1). We were able to trace the entire flexible loop region connecting the two 

structural repeats, which was missing in the reported structures of all other ChuS-type heme-

degrading homologues. O'Neill et al. reported through indirect methods that heme binding to 
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Figure 2.2 Differences in heme orientation and heme-contacting residues between PhuS and 

ChuS. The orientation of the heme is flipped 180° across the α-γ axis in PhuS (orange) 

compared to ChuS (purple), as noticed by the different positions of the methyl and vinyl 

groups on both hemes. Furthermore, out of the 13 heme-contacting residues in ChuS, three 

of these residues are not conserved in PhuS, as indicated here (holo-ChuS PDB code 2HQ2). 

(Inset) A 2Fo − Fc omit map contoured at 2σ for the heme in holo-PhuS. 
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PhuS results in a significant conformational change that is the driving force for the heme-

dependent PhuS–HemO complex formation [42]. The heme-bound PhuS structure reported here, 

however, reveals virtually no overall conformational changes, raising interesting aspects about 

PhuS–HemO complex formation. 

The main difference between the apo-PhuS and apo-ChuS structures is seen around the 

heme-binding pocket. The pocket in the apo-PhuS structure is more open than apo-ChuS, where 

the C-terminal α-helices and the β-strands are oriented closer toward the pocket (Figure 2.S3a). 

Alignment of the holo-PhuS structure with holo-ChuS again showed the same pattern (Figures 

2.S2b and 2.S3b). A closer examination of the β-sheet core that is part of the heme-binding 

pocket reiterates this notion, where the β-strands in holo-PhuS are oriented farther away from the 

heme than the β-strands in holo-ChuS (Figure 2.S4). This may be, in part, due to the fact that 

PhuS has a different functional role than ChuS, as the former has a binding and functional partner 

whereas ChuS does not. Another difference between the pocket of PhuS and ChuS is the 

positioning of the water molecule on the distal side of the heme. The distal Arg112 of PhuS is 2.1 

Å away from the water molecule, which is 2.8 Å away from the iron of the heme. These distances 

are considerably shorter than those between the conserved Arg100 and the closest water molecule 

in ChuS. This water molecule is common among heme oxygenases where it is known to play a 

crucial role during the initiation of heme degradation by providing a proton for activation of the 

distal oxygen atom bound to iron [44,97,98]. 

Most intriguingly, a significant difference between holo-PhuS and holo-ChuS is the 

orientation of the heme. Although the propionate groups of the heme are buried into the protein in 

both structures, the positions of the methyl and vinyl groups are different so that the heme in 

PhuS is actually flipped 180° across the α-γ axis (Figures 2.2 and 2.S5). A closer look at the 13 

heme-contacting residues of holo-ChuS revealed that three of these residues are not conserved in 

PhuS (Figures 2.2 and 2.S5). One of these residues, Leu92 in ChuS, is a Val105, which is shorter 
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and unable to make contact with the heme. The second residue, Phe331, corresponds to Tyr315 in 

ChuS where it makes a hydrogen bond with the propionate group of the heme that is the most 

buried in the protein. The third residue, Thr208, which corresponds to Val192 in ChuS, makes a 

hydrogen bond with the propionate group that is present closer to the surface of PhuS. In essence, 

these last two residues, either in PhuS or in ChuS, are in fact hydrogen bonding with the same 

propionate group of the heme, which could be the difference required to orient the heme in these 

specific orientations. This unique heme orientation in PhuS correlates with the heme orientation 

in the structure of HemO [44]. If heme or an intermediate is transferred from PhuS to HemO, the 

orientation of the ligand is such that it can be transferred without any major rotations across the α-

γ or β-δ axes, which would facilitate an efficient transfer within a tight space in the PhuS–HemO 

complex. The propionate groups of the heme in PhuS are buried into the protein, and once 

transferred to HemO, the propionate groups stick out of the surface of the protein. This may 

explain the heme orientation in HemO. As HemO produces δ-biliverdin [44], it would be 

energetically favorable for PhuS to also be δ-regioselective if an intermediate of heme breakdown 

is indeed transferred to HemO. 

2.3.2 Spectroscopic Analysis of Heme Degradation 

Analysis of holo-PhuS in the presence of ascorbic acid showed a decrease in the Soret 

peak (410 nm) maximum as the reaction progressed for 30 min (Figure 2.3A). This decrease 

signified that the heme bound to PhuS was degrading. The addition of superoxide dismutase had 

barely any effect on heme degradation (data not shown). In contrast, in the presence of the same 

amount of catalase used by Lansky et al. [43], this degradation was still able to proceed with an 

unmistakable decrease of the Soret peak over the entire reaction duration (Figure 2.4A), although 

the reaction was slowed down. This result strongly suggests that the heme degradation activity of 

PhuS is not through molecular oxygen-mediated coupled oxidation but through enzymatic 

activity. Furthermore, using cytochrome P450 reductase-NADPH as the electron source also 
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Figure 2.3 Spectroscopic analysis of 

heme degradation by PhuS, ChuS, 

and HemO. Heme degradation by (a) 

40 µM holo-PhuS, (b) 40 µM holo-

ChuS, and (c) 80 µM holo-HemO and 

initiated by addition of 500 µM 

ascorbic acid. Absorbance values 

were measured using wavelengths 

between 300 and 700 nm at 1-nm 

increments. Spectra for each were 

recorded at 6-min intervals for 30 

min. The right half of each panel is a 

zoom-in of that wavelength range. 
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Figure 2.4 Spectroscopic analysis of heme degradation by PhuS and ChuS in the presence of 

catalase. Heme degradation by (A) 40 µM holo-PhuS and (B) 40 µM holo-ChuS in the 

presence of 150 units catalase and initiated by addition of 500 µM ascorbic acid. 

Absorbance values were measured using wavelengths between 300 and 700 nm at 1-nm 

increments. Spectra for each were recorded at 6-min intervals for 30 min. The right half of 

each panel is a zoom-in of that wavelength range. 
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demonstrated similar heme degradation spectra for PhuS. Addition of pyridine during the reaction 

by holo-PhuS showed spectra characteristic of isolated verdoheme (Figure 2.5A). Pyridine acts to 

displace any product bound to the protein, and thus, the resulting spectra would display the 

absorbance of the isolated product molecule previously bound to the protein [43,46]. 

The ChuS expression plasmid produced by Suits et al. [47] was used to express and 

purify the protein for functional assays and comparison with PhuS. When this assay was carried 

out for ChuS, it was noted that the addition of catalase completely reduced the degradation 

activity of ChuS (Figure 2.4B). However, in the absence of catalase, the spectra for ChuS showed 

a peak at 640 nm as the reaction proceeded (Figure 2.3B), which was not seen in the PhuS 

spectra. This peak at 640 nm may signify biliverdin production, which is the final product of 

heme oxygenation with the opening of the porphyrin ring to release iron [47,52,99]. The absence 

of this peak for PhuS suggests that, although it effectively breaks down heme, its enzymatic 

activity stops short of generating the final products of heme oxygenation, namely biliverdin and 

free iron. Hence, PhuS does not appear to be a canonical heme oxygenase but a distinct heme 

degradation enzyme. Identical concentrations of ascorbic acid were used in all spectroscopic 

analyses of heme degradation in order to easily compare between proteins and to show clear 

degradation of the heme. It is also noteworthy that the reaction by PhuS is also faster than ChuS, 

as noticed by the faster decrease in the Soret peak. 

Mixing apo-HemO with holo-PhuS then starting the reaction with ascorbic acid showed 

spectra similar to that of holo-HemO alone (Figures 2.3C and 2.S6). The Soret peak wavelength 

of maximum absorbance shifts from 412 nm to 415 nm and back to 412 nm during the course of 

the reaction. For holo-HemO alone, the Soret peak wavelength shifts from 411 nm to 414 nm and 

gradually down to 402 nm. The appearance of a peak at 690 nm signifies biliverdin production by 

HemO. The increase in absorbance in the 600- to 700-nm range for the holo-PhuS:apo-HemO 

mixture resembles that of holo-HemO alone, suggesting that the heme or an intermediate is  
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Figure 2.5 Mass spectrometry analysis of PhuS heme degradation. (A) Spectroscopic 

analysis of PhuS heme degradation products through addition of pyridine. Absorbance 

spectra before addition of pyridine were measured before starting the reaction. Absorbance 

spectra of the product closely resemble that of verdoheme. (B) Control reaction containing 

40 µM holo-PhuS shows heme (m/z 616) as the most abundant species in the sample. (C) 

Reaction sample containing 40 µM holo-PhuS initiated by 500 µM ascorbic acid shows 

verdoheme (m/z 619) as the most abundant species. (D) Fragmentation of the m/z 616 

(heme) parent ion into m/z 557 and 498 daughter ions. (E) Fragmentation of the m/z 619 

(verdoheme) parent ion into m/z 560 and 501 daughter ions. δ-Verdoheme is the proposed 

isomer of PhuS heme degradation. The two daughter ions are a result of two successive 

losses of –CH2COOH from the propionate groups. All ions shown are molecular ions ([M + 

H]+). Samples analyzed by mass spectrometry were directly infused into an electrospray 

ionization mass spectrometer in ES positive mode. 
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transferred from PhuS to HemO for full breakdown. The spectra in the 600- to 700-nm range for 

holo-PhuS alone shows an initial increase and then a decrease in absorbance as the reaction 

continues, confirming the notion that the heme or an intermediate is transferred for complete 

degradation by HemO. 

2.3.3 CO Measurements by Gas Chromatography 

As CO from heme degradation by mammalian heme oxygenases is produced during the 

step that converts meso-hydroxyheme to verdoheme [99], CO would be detected even if PhuS 

does not degrade heme completely to biliverdin. From this experiment, it was revealed that PhuS 

was capable of releasing CO using ascorbic acid as the electron source. There was a linear 

increase in CO production over a 25-min period as PhuS concentration increased (Figure 2.6A). 

Compared to ChuS, PhuS was shown to produce five times more CO under the same conditions 

(Figure 2.6B). It is further noted that this activity was achieved by using a very small amount of 

ascorbic acid (50 µM), which is between 100- and 350-fold less than that used to characterize all 

other heme oxygenases [100,101]. By using much smaller amounts of ascorbic acid, we 

minimized heme breakdown through coupled oxidation, further supporting the earlier notion that 

PhuS possesses its own enzymatic activity. Indeed, PhuS is a very active and potent enzyme in 

producing CO. 

2.3.4 Mass Spectrometry Analysis 

To investigate whether the product of heme degradation by PhuS was in fact verdoheme 

as suggested by our previous spectroscopic results, we employed mass spectrometry to analyze 

the PhuS reaction product. At the start of the reaction before addition of an electron donor, the 

heme substrate was easily identified as the major component of the reaction control on the basis 

of its molecular ion ([M + H]+) m/z 616 (Figure 2.5B). As the reaction progressed, the m/z 616 

peak diminished significantly and the m/z 619 peak became the dominant species (Figure 2.5C). 

The fragmentation pattern of heme is unique in that it produces fragments of m/z values 498 and  



 

37 

 

 

Figure 2.6 CO detection via gas chromatography of PhuS and ChuS. (A) Increasing 

concentrations of PhuS (0.01– 0.1 µM) were used, along with 50 µM heme, and each 

reaction was initiated with 50 µM ascorbic acid. n = 3. (B) Comparison of the average CO 

released between 0.1 µM PhuS and 0.1 µM ChuS. Average CO formation yield for PhuS is 

228.2 pmol; average CO formation yield for ChuS is 46.4 pmol. n = 3. All error bars 

represent standard error of the mean. 
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557 [102]. Further analysis of the m/z 616 (heme) and m/z 619 peaks by collision-induced 

dissociation revealed a similar fragmentation pattern of two successive losses of −59 (–

CH2COOH) (Figures 2.5D and 2.5E), suggesting that the major product was a closely related 

metabolite of heme, possessing a molecular weight corresponding to verdoheme. This led us to 

conclude that the heme is being consumed by PhuS to produce the verdoheme intermediate that is 

part of the canonical heme breakdown pathway by heme oxygenases. 

Previously, PhuS has been identified as a heme-trafficking protein that would deliver 

heme to its partner heme oxygenase HemO [42,43,45]. Our structure analysis has revealed a 

different heme-binding orientation than ChuS, which correlates with the heme or an intermediate 

being transferred to HemO via the PhuS–HemO complex, thus supporting the functional 

annotation of PhuS being a heme-trafficking protein. Our discovery of PhuS possessing its own 

enzymatic heme degradation activity adds an interesting aspect to the heme-uptake pathway in P. 

aeruginosa. Although the novel enzymatic role of PhuS necessitates further investigation, it is 

tempting to suggest that verdoheme generated by PhuS is passed on to HemO for complete 

degradation to produce biliverdin. This would present a new way for heme breakdown, in 

addition to the direct heme transfer mechanism. As such, PhuS is not only a heme-trafficking 

protein but also a so-called “pre-heme oxygenase” that may trigger the first step in the breakdown 

of heme (Figure 2.S7). This is the first occurrence, to our knowledge, of the existence of a pre-

heme oxygenase in any organism. Of course, we cannot exclude the possibility that PhuS may 

have another function independent of HemO. 

In P. aeruginosa, the presence of PhuS is advantageous because it is the first protein to 

sequester the heme as soon as it becomes available in the cytoplasm from the outer environment. 

Once the heme or an intermediate is transferred from PhuS to HemO, the heme is broken down 

fully to release biliverdin, free iron, and CO. As an excess of free iron is harmful, regulating the 

expression of heme-uptake proteins during different periods of infection in response to iron levels 
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in the environment is crucial [21]. Free iron mediates undesirable side reactions in bacteria 

known as the Fenton reaction, where iron reacts with hydrogen peroxide to produce toxic 

hydroxyl radicals [11]. These radicals can be highly destructive to the bacteria, damaging lipids, 

proteins, and DNA [11]. Hydrogen peroxide arises from the spontaneous combination of 

superoxide anions created by oxidative metabolism in cells [11]. The radicals induce formation of 

unsaturated bonds in lipids, decreasing membrane fluidity, and leading to cell lysis [11]. They 

react with thiol groups in proteins and can extract hydrogen atoms from nucleic acids, causing 

mutations or cleavage of the phosphodiester backbone [11]. Therefore, a simple way to reduce 

formation of radicals by iron is to regulate the availability of iron within the bacteria itself, which 

is the case in P. aeruginosa. 

In summary, we have elucidated the structure of PhuS and found unique structural 

features. The 180° rotation of the heme across the α-γ axis compared to its homologue ChuS is 

unique and is proposed to be responsible for the functional and biochemical property difference 

between PhuS and ChuS in their respective bacteria. We have shown that PhuS is a potent heme-

degrading enzyme that was previously characterized exclusively as a cytoplasmic heme-

trafficking protein. The possibility of verdoheme, and not heme, being transferred to HemO is an 

interesting prospect that provides avenues for future studies. 

2.4 Experimental Procedures 

2.4.1 Expression and Purification of PhuS, HemO, and ChuS 

Full-length, 39-kDa PhuS and 22-kDa HemO from P. aeruginosa PAO1 genomic DNA 

were individually cloned into the pET-21b vector and expressed in E. coli BL21 (DE3) cells. 

Overnight cultures were made in 5 mL of lysogeny broth and 0.1 mg/mL ampicillin and were 

subcultured the next day into 1 L of lysogeny broth and antibiotic. Cells were grown at 37 °C 

with shaking to an optical density at 600 nm (OD600) between 0.6 and 1.0, at which point the 

cells were induced overnight by adding 0.1 mM isopropyl β-D-1-thiogalactopyranoside and 
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lowering the temperature to 20 °C. Cells were then harvested by centrifugation at 4550g for 40 

min at 4 °C. The remaining cell pellet was lysed with 1.5 mg/mL lysozyme in the presence of 100 

mL lysis buffer [0.1 M Tris (pH 8.5), 0.3 M sodium chloride, and 10 mM imidazole]. This lysis 

solution was incubated on ice for 30 min with occasional shaking before sonication. After 

sonication, the lysed cells were centrifuged at 30,900g for 30 min at 4 °C, and the supernatant 

was kept for affinity chromatography. 

The recombinant PhuS protein possessed an N-terminal 6 × His-tag, and HemO 

possessed a C-terminal 6 × His-tag to allow purification via nickel-nitrilotriacetic acid beads. The 

supernatant was flowed through the column to allow the protein to bind the resin. The resin was 

then washed with wash buffer [0.1 M Tris (pH 8.5), 0.3 M sodium chloride, and 10 mM 

imidazole], and the protein eluted with elution buffer [0.1 M Tris (pH 8.5), 0.3 M sodium 

chloride, and 0.3 M imidazole]. Purification through this method revealed high purity and 

expression for both PhuS and HemO, and the eluted fraction from the nickel-nitrilotriacetic acid 

column was then used for size-exclusion chromatography using the HiLoad 16/60 Superdex 200 

(S200) prep-grade column (GE Healthcare) by fast protein liquid chromatography. The fractions 

containing protein were pooled together and concentrated using a centrifugal concentrator to a 

concentration in the range 10–30 mg/mL. Protein concentration was determined through 

ultraviolet–visible spectroscopy. PhuS purified as the apo-form, with no heme bound, as observed 

by the absence of color in the protein solution. HemO purified in the presence of biliverdin, as 

noticed by the green color. ChuS was expressed and purified following the established protocol 

[47]. 

2.4.2 Crystallization, Data Collection, and Structure Determination of PhuS 

Crystals of PhuS in the absence of heme were grown at room temperature by the 

hanging-drop vapor diffusion method by mixing 2 µL of 12 mg/mL of apo-PhuS in buffer 

containing 25 mM Tris (pH 8.5), 0.1 M sodium chloride, and 2 µL of reservoir solution consisting 
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of 0.3 M sodium acetate, 0.1 M Tris (pH 8.4), and 30% polyethylene glycol 4000. Fully grown 

crystals appeared within 1 week. Heme soaks were then performed using apo-PhuS crystals. 

Briefly, a solution of hemin (Sigma-Aldrich) was added to each drop in the hanging-drop crystal 

trays. After about 1 week, the crystals would have gradually taken up the heme, as noticed by the 

change in color of the crystals to a bright red compared to the rest of the drop. 

Diffraction data were collected at beamline 23-ID-D at the Advanced Photon Source, 

Argonne National Laboratory (Argonne, IL). X-ray data were collected for 360° total, with 1° 

oscillation. Data were processed using XDS [103], and the apo-PhuS structure was solved by 

molecular replacement using Phaser MR [104] with apo-ChuS (PDB code 1U9T) as the search 

model. The AutoBuild program in PHENIX [105] was used to build in flexible loop regions of 

poor electron density present in the structure. Multiple cycles of structure refinement were 

performed using Coot [106] and Phenix.refine [105]. The holo-PhuS structure was solved with 

apo-PhuS as the starting model. Both chains in the structure were found with unambiguous 

difference electron density for the heme in the binding pocket. The heme moieties were placed in 

the PhuS structure accordingly, and the resulting structure was subsequently refined. Akin to 

ChuS [52], only one heme was found to bind in the C-terminal half of the two structural repeats 

in PhuS. The diffraction data and refinement statistics for both the apo- and the holo-PhuS 

structures are summarized in Table 2.1. The atomic coordinates and structure factors (PDB codes 

4MGF and 4MF9 for apo- and holo-PhuS, respectively) have been deposited in the PDB. 

2.4.3 Heme Reconstitution and Spectroscopic Analysis of Heme Degradation 

Reconstitution of PhuS, ChuS, and HemO with heme was achieved by dissolving heme 

into 0.5% ethanolamine and diluting it with 25 mM Tris (pH 8.5) and 0.1 M sodium chloride just 

prior to mixing with protein samples. A final protein-to-heme ratio of 1:1 was achieved by 

running this protein sample down a desalting column to remove excess, non-coordinated heme. 

Absorbance data were then collected using a microplate spectrophotometer (Bio-Tek, Winooski,  
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Table 2.1 Data collection and refinement statistics 

 apo-PhuS holo-PhuS 

Data collection 

Space group I4 I4 

Cell dimensions 

a, b (Å) 186.5, 186.5 187.0, 187.0 

c (Å) 41.9 42.6 

α, β, γ (°) 90, 90, 90 90, 90, 90 

Resolution range (Å) 50–2.0 (2.1–2.0)a 20–1.95 (2.05–1.95)a 

Total reflections 140,506 799,957 

Unique reflections 48,884 54,263 

Completeness (%) 99.0 (99.6)a 99.7 (98.8)a 

Rsym (%) 8.1 (78.9)a 9.3 (113.3)a 

I/σI 9.45 (1.39)a 24.17 (2.15)a 

No. of molecules in the asymmetric unit 2 2 

Refinement 

Rwork (%) 20.82 19.61 

Rfree (%) 26.55 23.32 

B-factors (Å2), protein/solvent/heme 24.4/27.5 21.0/24.6/29.6 

rmsd for bond length (Å)/bond angle (°) 0.008/1.159 0.007/1.160 

Ramachandran plot preferred (%) 94.09 95.17 

Ramachandran plot allowed (%) 5.02 3.95 

Ramachandran plot outliers (%) 0.89 0.88 

a  Values in parentheses are for the outermost shell. 
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VT). Heme degradation was initiated by adding ascorbic acid to a final concentration of 500 µM, 

or 400 nM cytochrome P450 reductase (Sigma-Aldrich) and 135 µM NADPH, and spectra were 

recorded between 300 and 700 nm at 1-nm intervals. In separate experiments, catalase (150 units) 

and superoxide dismutase (10 µM) were added, followed by the electron donor. 

2.4.4 CO Activity Assay of PhuS and ChuS 

In 1.5-mL amber vials with screw caps and Chromatherm septa (Chromatographic 

Specialties Inc., Brockville, ON), 150-µL reaction volumes of 50 µM heme and various 

concentrations of PhuS and ChuS in 100 mM potassium phosphate buffer (pH 7.0) were 

equilibrated with constant shaking at 37 °C for 10 min, during which time the headspace gas in 

each vial was purged with CO-free air for 10 s. Enzymatic heme degradation was initiated by 

adding 50 µM ascorbic acid, and samples were incubated at 37 °C for 25 min with constant 

shaking. The reactions were stopped by placing the vials on powdered dry ice. The amount of CO 

in the headspace of each vial was measured using a ta3000R gas chromatograph (Ametek Process 

Instruments, Newark, DE). The amount of liberated CO was determined by comparing peak area 

measurements for CO in samples against linear CO standard curves. 

2.4.5 Mass Spectrometry of PhuS Heme Degradation Product 

The enzymatic reaction was prepared with 40 µM holo-PhuS and 500 µM ascorbic acid 

(absent in control) up to a volume of 0.1 mL, after which 0.1 mL of 100% pyridine was added. 

After 30 min, 0.5 mL of 100% methanol was added and the samples were centrifuged at 15,900g 

for 10 min. The pellets were discarded and the supernatants were subjected to mass spectrometry 

analysis to characterize the products of heme degradation. A 1:5 dilution of both the control and 

the reaction solution were directly infused into an electrospray ionization mass spectrometer 

(Xevo TQ-S, Waters Corporation, Milford, MA) in ES positive mode at a flow rate of 5 µL/min 

in 60% methanol/water. Samples were analyzed in both scanning and collision-induced 
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dissociation modes. Mass spectrometry conditions were as follows: capillary, 1.0 kV; cone, 80 V; 

collision, 34 eV. 

2.4.6 Accession Numbers 

The atomic coordinates and structure factors (PDB codes 4MGF and 4MF9 for apo- and 

holo-PhuS, respectively) have been deposited in the PDB. 
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Figure 2.S1 Heme fitting in difference electron density map contoured at 1σ for holo-PhuS. 

Flipped orientations of the heme were fitted into the density found for the heme to see 

which orientation was correct. In the incorrect orientation on the right, there was not 

enough density for the end of both vinyl groups, meaning the orientation shown on the left 

was the correct one. 

Correct orientation Incorrect orientation 
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Figure 2.S2 Alignment of holo-PhuS and holo-ChuS. (a) Structure-based sequence 

alignment between PhuS and ChuS. Residues highlighted in red are conserved, while those 

highlighted in yellow are residues with similar properties. PhuS and ChuS share 41% 

sequence identity. Figure generated using Clustal Omega and ESPript. (b) Structural 

superposition of holo-PhuS (orange) with holo-ChuS (purple), showing minimal structural 

differences. The heme moieties and their respective coordinating residues in both structures 

are shown as sticks. (holo-ChuS PDB code 2HQ2) 

B 
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Figure 2.S3 Root-mean-square deviation between PhuS and ChuS. Alignment of (a) apo-

PhuS with apo-ChuS, and (b) holo-PhuS with holo-ChuS. Resulting regions of high or low 

root-mean-square deviation are differentiated by colour according to the legend. (apo-ChuS 

PDB code 1U9T, holo-ChuS PDB code 2HQ2) 

A 
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Figure 2.S4 Comparison of the β-sheet core and the heme-binding pocket between PhuS and 

ChuS. Alignment of the holo-PhuS (orange) and holo-ChuS (purple) structures reveals a 

more open heme-binding pocket for ChuS compared to PhuS as shown by the difference in 

orientation of the β-strands. (holo-ChuS PDB code 2HQ2) 
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Figure 2.S5 Stereo view diagram of the differences in heme orientation and heme-contacting 

residues between PhuS and ChuS. The orientation of the heme is flipped 180° across the α-γ 

axis in PhuS (orange) compared to ChuS (purple), as noticed by the different positions of 

the methyl and vinyl groups on both hemes. Furthermore, out of the 13 heme-contacting 

residues in ChuS, three of these residues are not conserved in PhuS, as indicated here. 

(holo-ChuS PDB code 2HQ2) 
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Figure 2.S6 Spectroscopic analysis of heme degradation by a mixture of holo-PhuS and apo-

HemO. Reaction initiated by addition of 500 µM ascorbic acid. Absorbance values were 

measured using wavelengths between 300-700 nm at 1-nm increments. Spectra were 

recorded at 6-min intervals for 30 mins. The right half of the panel is a zoom-in of that 

wavelength range. 
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Figure 2.S7 Proposed mechanism of heme degradation by PhuS. The heme undergoes 

multiple steps to reach the final product of δ-verdoheme, where CO is produced as a by-

product. The heme iron is coordinated by His209.  
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Chapter 3 

Function Coupling Mechanism of PhuS and HemO in Heme 

Degradation 

3.1 Abstract 

Most bacteria possess only one heme-degrading enzyme for obtaining iron, however few 

bacteria such as Pseudomonas aeruginosa express two, namely PhuS and HemO. While HemO is 

a well-known heme oxygenase, previously we discovered that PhuS also possesses heme 

degradation activity and generates verdoheme, an intermediate of heme breakdown. To 

understand the coexistence of these two enzymes, using the DFT calculation we reveal that PhuS 

effectively enhances heme degradation through its participation in heme hydroxylation, the rate 

limiting reaction. Heme is converted to verdoheme in this reaction and the energy barrier for 

PhuS is substantially lower than for HemO. Thus, HemO is mainly involved in the ring opening 

reaction which converts verdoheme to biliverdin and free iron. Our kinetics experiments show 

that, in the presence of both PhuS and HemO, complete degradation of heme to biliverdin is 

enhanced. We further show that PhuS is more active than HemO using heme as a substrate and 

generates more CO. Combined experimental and theoretical results directly identify function 

coupling of this two-enzyme system, resulting in more efficient heme breakdown and utilization. 

3.2 Introduction 

Heme oxygenase (HO) is a family of enzymes which catalyze the degradation of heme to 

CO, free iron and biliverdin [107]. These degradation products play important physiological roles 

in cells. In pathogenic bacteria, HO is also indispensable for protecting the bacteria from the 

toxicity of heme, and acquiring iron from the host for proliferation due to very limited soluble 

iron. Therefore, HO is abundant in nearly all classes of eukaryotes and prokaryotes [107–112]. 

Typical heme oxygenases, such as HO-1 and HO-2 from mammals [113], HmuO in 
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Corynebacterium diphtheriae [114], HemO in Neisseria meningitidis [115], all share similar folds 

and utilize a similar mechanism to degrade heme. The active site of HO binds heme between the 

proximal and distal helices in a sandwich manner. On the proximal side is a conserved histidine 

residue that coordinates the iron of heme, while the distal residues are different in various HOs. 

Most bacteria contain only one heme degradation enzyme to obtain iron; nevertheless a 

few bacteria including the opportunistic human pathogen Pseudomonas aeruginosa encode two 

iron-regulated enzymes implicated in heme breakdown, namely PhuS and HemO [116]. P. 

aeruginosa also encodes a separate heme oxygenase, BphO, which is not iron-regulated and is 

used to produce a different isomer of biliverdin than HemO for use as a chromophore for the 

sensor kinase BphP [117]. While HemO is a well-known heme oxygenase similar to other 

canonical HOs, PhuS was once considered a trafficking protein that specifically transfers heme to 

HemO for heme breakdown. However, recently we discovered that PhuS also possesses heme 

degradation activity. In the presence of an electron donor and catalase, PhuS was observed to 

degrade heme to verdoheme, an intermediate of heme breakdown [116]. However, HemO alone 

can break down heme in the absence of PhuS in vitro [116] and in vivo [54], and PhuS knockout 

mutants are still able to survive but do not grow as efficiently as wild type P. aeruginosa [54]. 

HemO enables complete degradation of heme to biliverdin. Thus, the intermediates of this 

process, including verdoheme, are not detectable. In the absence of HemO in vivo, specific 

biliverdin isomers produced by HemO were not observed [45]; however there has been no report 

showing that verdoheme is not produced by a HemO deletion strain. Because of the fact that 

HemO alone is able to break down heme and PhuS also possesses heme degradation activity, it 

has been difficult to comprehend the coexistence of two heme-degrading enzymes within the 

same heme utilization pathway. We had previously proposed that PhuS may degrade the heme 

partially to verdoheme, and transfer the verdoheme, instead of heme, to HemO for subsequent 

degradation to produce biliverdin [116] (Figure 3.1). As such, heme degradation would be  



�

7>�

�

�

�

�

�

�

�

�

�

�

�

�

�

�

�

�

�

�

�

�

�

��+��!�-<;��!*!�'!+��'����%��%���
����������<�2�3��!*!���%���:!��%!��(��5��'!+��'����%�
 ���5�&���%�!��%���!��&�� $��*��(���
����������<���!� ���5�&��%4�$4�%+������)�����%'�
�!*����$�:!$&����������*����(�!@�!%�$&<�273���* $�(�!'����!*������(��!*!�'!+��'����%�
�%4�$4�%+�)�����%'��!*<�)��������$&,!����!�*�$�� $!���! ���%4�$4!'��%���!�'!+��'����%��(�
�!*!����4!�'��!*!/��!$!���%+����%���!� ���!��<��!*�����$&,!����!���%4!����%��(�
4!�'��!*!������$�4!�'�%/��!$!���%+�(�!!����%<�

)��� 8!�'��!*! 7�$�4!�'�%�!*! �!*

�!*

�

� �

�
��

���� ����

�

)���

�

�

��

�

�
��

���� ����

�!

�!*

��

�� ��

�

���� ����

�
�

�!*! �4!�'��!*! ���$�4!�'�%

�

7



 

55 

 

accomplished by two enzymes as opposed to one canonical HO. An important question arising 

from this hypothesis is what, if any, advantage might there be for this two-enzyme system. 

3.3 Results and Discussion 

To answer the aforementioned question, in this work we sought to reveal in the presence 

of PhuS, whether HemO’s heme degradation activity would be altered using a combined 

approach of experimental and theoretical investigation. We developed a rapid and simple method 

to study the kinetics of enzyme-catalyzed heme degradation using apo-enzymes (instead of heme-

conjugated). We expressed and purified PhuS and HemO as per a previously published protocol 

[116]. Fresh heme solution was mixed with protein solution and reactions were initiated by 

adding L-ascorbic acid (detailed experimental procedures found in Materials and Methods). 

Cytochrome P450 reductase-NADPH has also been previously shown to initiate heme 

degradation by PhuS [116]. To compare HemO’s activity in the presence and absence of PhuS, 

two protein samples were used, namely HemO and PhuS together (both 40 µM) and HemO alone 

(40 µM). Absorbance at 671 nm for biliverdin was measured to monitor the amount of product 

formed, following titration of increasing amounts of heme. As shown in Figure 3.2, the 

production of biliverdin in the two-enzyme system (HemO+PhuS) is faster than HemO alone 

(Figures 3.2A and 3.2C). At a heme concentration of 160 µM, PhuS and HemO together 

produced biliverdin more than four times faster. These results show that in the presence of PhuS, 

overall heme degradation is clearly enhanced. Furthermore, the velocity plot of HemO+PhuS 

appears to be sigmoidal, in contrast to HemO alone. Thus, it appears the two-enzyme system 

experienced an initial limiting step and exhibited cooperativity as the reaction proceeded, 

revealing considerable differences between the two systems (HemO+PhuS vs. HemO). 

To understand HemO’s lower catalytic efficiency than the HemO+PhuS system, as well 

as compared to canonical HOs such as HmuO [118], we investigated the mechanism of HemO  

and PhuS catalyzed heme degradation with ONIOM(UB3LYP:AMBER) calculations. Chemical
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Figure 3.2 PhuS and HemO together evidently enhances heme degradation. (A) Final 

velocity plot of biliverdin production for PhuS and HemO together obtained by averaging 

velocity values of five replicates for each reaction. Each reaction contained 40 µM of both 

enzymes in the presence of increasing heme concentrations. (B and C) Final velocity curves 

for PhuS (B) and HemO (C) obtained by averaging velocity values of five replicates for each 

reaction. Each reaction contained 40 µM enzyme in the presence of increasing heme 

concentrations. Error bars represent standard error of the mean. Verdoheme production 

was monitored at 655 nm for PhuS (B), and biliverdin at 671 nm was monitored for 

PhuS+HemO (A) and HemO (C). (D) Comparison of the average amount of CO released by 

0.1 µM of PhuS, HemO, and PhuS + HemO mixture. 50 µM heme was used for each 

reaction, along with 50 µM ascorbic acid to initiate the reaction. 
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models were constructed from the 1.6 Å-resolution crystal structure of heme-bound HemO (PDB 

code: 1SK7) [44] and 1.95 Å-resolution crystal structure of heme-bound PhuS (PDB code: 4MF9) 

[116]. Although earlier reports showed that the HO enzyme exclusively utilizes O2 for verdoheme 

degradation, further experiments indicated that HOs could utilize either H2O2 or O2 to complete 

heme degradation, and the surrogate pathway with H2O2 as the oxidant is faster than the native 

pathway with O2 [119]. Since previous studies revealed that H2O2 and O2 follow a similar 

mechanism [118], in this work only H2O2 as the oxygen source was investigated. The ONIOM 

method was employed to explore the reaction mechanism [120]. UB3LYP functional was used in 

conjunction with the LANL2DZ effective core potential basis set for iron and the 6-31G* basis 

set for other atoms in the QM region [121,122]. The remaining atoms were treated as the MM 

region with AMBER ff98 [123]. 

Heme degradation is completed through two catalytic reactions. In the first reaction, 

which can be divided into two steps, heme is firstly hydroxylated on a meso position carbon to 

form the meso-hydroxyheme; the hydroxyheme is then converted to verdoheme and CO. Finally, 

the verdoheme macrocycle is cleaved into biliverdin, releasing free ferrous iron. It is believed that 

the heme hydroxylation step and verdoheme cleavage step are completed enzymatically, while 

the conversion of hydroxylated heme to verdoheme proceeds spontaneously [124]. The reaction 

energy profiles calculated for the heme hydroxylation and verdoheme ring cleavage reactions by 

HemO are presented in Figure 3.3 and Figure 3.4. The O-O bond cleavage is rate-limiting in both 

reactions, which is not surprising considering that two sequential reactions take place in a single 

active center of HemO. Yet the energy barriers are very different in the two reactions, 21.3 

kcal·mol-1 for heme hydroxylation and 12.1 kcal·mol-1 for verdoheme cleavage respectively. 

Given the rather significant difference in energy barrier, it appears that HemO is specialized in 

cleaving the O-O bond during verdoheme cleavage but not heme hydroxylation. 
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Figure 3.3 Energy diagrams with schematic descriptions of the characteristics of the 

reaction species. (A) HemO-catalyzed heme hydroxylation, which is rate-limited by O-O 

bond cleavage with a 21.3 kcal·mol-1 energy barrier. (B) PhuS-catalyzed heme 

hydroxylation, which follows the same reaction mechanism but only experiences a 13.8 

kcal·mol-1 high energy barrier. *The energy barrier (shown in brackets) for the rate-

limiting step is further refined using B3LYP functional with LANL2DZ for iron and cc-

pVTZ for the remaining atoms.  

A 
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Figure 3.4 Energy diagram of HemO-catalyzed verdoheme ring cleavage. The reaction is 

also rate-limited by O-O bond cleavage with 12.1 kcal·mol-1 energy barrier. *The energy 

barrier (shown in brackets) for the rate-limiting step is further refined using B3LYP 

functional with LANL2DZ for iron and cc-pVTZ for the remaining atoms. 
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Heme hydroxylation by HemO is initiated by O-O bond cleavage. Along with O-O bond 

elongation, the proximal OH group (ligating Fe) obtains an electron from the Fe(III)-porphyrin 

complex and forms hydroxide, while the distal OH radical becomes stabilized by the hydrogen 

bond network inside the active pocket, which is formed among three structural water molecules 

(Wat962, Wat980, Wat1066) and three residues Ser122, Arg80, Gln52. A hydrogen bond 

network involving structural water molecules is ubiquitous for HOs [97,113,125–134], which has 

been identified to play indispensable roles in the heme degradation reaction [118]. After critical 

O-O bond homolysis of H2O2, the resulting OH radical attacks the meso-C atom of heme without 

any barrier. In contrast, a prerequisite transition state involving flipping of the OH radical was 

reported for HmuO [118].  

O-O bond cleavage during the verdoheme ring opening reaction shares most of the 

structural characteristics with those of heme hydroxylation. The hydrogen bond network 

stabilizes OH radicals in the transition state. Small differences in Fe-O coordination and O-O 

distance were observed between the two transition states, reflecting changes of oxidation states of 

iron proceeding from heme to verdoheme. After O-O bond homolysis, the subsequent reaction 

process is controlled by the hydrogen bond network, which guides the movement of the distal OH 

radical and ensures its optimal orientation for an eventual attack on the pyrrole position of the 

verdoheme ring. 

Judging from our DFT calculations, HemO shares most characteristics of its heme 

degradation mechanism with canonical HOs, such as O-O cleavage being the rate-limiting step, 

and the hydrogen bond network playing a critical role in the reaction such as stabilizing the 

transition states. The low efficiency of HemO compared to HmuO [54] lies in its relative higher 

energy barrier of homolytic cleavage of the O-O bond in heme hydroxylation. It is worth noting 

that HemO has a very compact distal pocket, where the distal α-helix is located very close to the 

heme plane so that H2O2 serves as hydrogen bond donors to form two hydrogen bonds with the 
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backbone carbonyls of Ser122 and Leu124. Though these two hydrogen bonds assist the binding 

of H2O2 in the active center, they also suppress the activity of H2O2 as an oxidant, since H2O2 

pulls electronic density toward itself through these two hydrogen bonds. While in HmuO, H2O2 

forms only one accepting hydrogen bond with a structural water molecule, which, in contrast, 

promotes the activity of H2O2. 

Our DFT calculation results also indicate that HemO is highly efficient in the verdoheme 

cleavage reaction step. This observation is in accordance with our proposed mechanism in which 

HemO is the preferred enzyme that converts verdoheme to biliverdin in the HemO-PhuS two-

enzyme system. The determining factor for the significant enhancement in HemO-catalyzed 

verdoheme ring opening compared to heme hydroxylation stems from the intrinsic difference of 

redox partners involved. The hydrogen bonding network only experiences slight changes in these 

two reactions. As a result, the oxidant H2O2 can be considered comparably capable of electron 

salvage in both processes, which is evident from the Mulliken spin density populations (Table 

3.1). In the hydroxylation and verdoheme cleavage reactions, the spin density change of the 

oxidant H2O2 between the reactant and transition states are 0.49 and 0.45 respectively. On the 

other hand, the reductants in the two reactions are different. In the verdoheme ring opening 

reaction, ferrous Fe2+ acts as the electron provider and its spin population changes from 0.00 in 

the reactant state (RE) to -0.46 in the transition state (TS). While in the hydroxylation step, 

porphyrin ring plays the role as the reductant in the O-O bond homolysis instead. Porphyrin is 

obviously not as good as ferrous iron in the reducing reaction. The reported porphyrin ring redox 

potential is approximately 1V [135], significantly higher than that of Fe2+/Fe3+ (0.77V). The 

notable difference of the reductant in the two reactions results in very different energy barriers. 

The ferric to ferrous switch from heme to verdoheme also results in a delicate change in 

the metal ligation between RE and TS. In heme hydroxylation, given that ferric iron is partially 

reduced from RE to TS, ligation strength due to H2O2 homolysis is compromised. While in the  
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Table 3.1 Mulliken spin populations for various species during PhuS and HemO catalyzed 

heme degradation#. #The spin density population represents the total electron density of 

alpha spin electrons minus that of beta electrons of the corresponding atoms. *His is the 

histidine residue, which coordinates the iron centre of heme. Por stands for porphyrin ring. 

 
  Fe !!!!! 

(bound) 
!!!!! 

(unbound) 
His* Por* 

PhuS heme 
hydroxylation 

Re 1.02 0.00 0.00 -0.01 0.00 
TS 0.97 -0.05 -0.43 0.00 0.44 
INT 0.91 0.15 0.77 0.00 0.00 

HemO heme 
hydroxylation 

Re 1.05 -0.01 0.00 -0.03 -0.01 
TS 0.75 -0.02 -0.47 0.00 0.74 
INT 0.93 -0.06 -0.83 0.00 0.00 

HemO  
verdoheme 
ring-opening 

Re 0.00 0.00 0.00 0.00 0.00 
TS -0.46 -0.02 0.43 0.00 0.04 
INT 0.93 0.11 0.97 0.00 0.00 



 

63 

 

verdoheme cleaving step, ferrous iron is oxidized to the ferric state in the TS, which further 

strengthens the ligation between proximal OH and Fe, thus facilitating the reaction. In fact, in the 

heme hydroxylation and verdoheme cleaving steps, the Fe-O distance is shortened by 0.18 and 

0.24 Å respectively, demonstrating the effect of the valence change of iron. 

To further understand the reason why addition of PhuS accelerates heme degradation, we 

next examined heme hydroxylation catalyzed by PhuS. Although the reaction follows a very 

similar stepwise mechanism as that of HemO with the rate-limiting step of O-O homolysis, the 

energy barrier of 13.8 kcal·mol-1 for PhuS is considerably lower than 21.3 kcal·mol-1 for HemO, 

even lower than the barrier of 14.3 kcal·mol-1 reported for HmuO [118]. These results suggest 

that PhuS is a preferred enzyme in catalyzing the first reaction and is specialized in heme 

oxidation. 

The high activity of PhuS owes to its unique active center structure. One prominent 

feature of PhuS is that an arginine residue (Arg112) is positioned very close to the heme ring and 

bisects the heme plane from its distal side (Figure 3.5). The positively-charged guanidyl group of 

Arg112 forms two hydrogen bonds with the H2O2 which binds Fe. These hydrogen bonds 

withdraw electrons from H2O2 and consequently raise its oxidative capability. In contrast, in the 

active center of HemO, H2O2 donates two hydrogen bonds to the backbone carbonyls of Ser122, 

which increases its electron population and results in lower oxidative capability. As a 

comparison, in HmuO, H2O2 acts as the acceptor to form a hydrogen bond with one of the 

structural water molecules, which also increases the redox potential of H2O2, though to a limited 

extent. The spin density population analysis confirmed the role of the hydrogen bonds. In PhuS, 

from reactant to transition state in the O-O bond homolysis step, the spin density change shows 

spin population transfer from porphyrin to H2O2, forming a [Fe(III)-porphyrin•+] cation in the 

transition state. However, in HemO, the electron given out by the porphyrin must be reallocated  
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Figure 3.5 Comparison of the Arg positions in PhuS and HemO. Side chains of the residues 

near the active site are drawn as sticks. Oxygen atoms of adjacent waters are drawn as 

balls. In PhuS, Arg resides right above the heme ring (left), while in HemO, there are 

several residues and water molecules located between Arg and the heme ring (right). 
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between H2O2 and Fe(III), as shown in Table 3.1. The transition state is thus even more 

energetically uphill and significantly more difficult to reach. 

To experimentally validate the computational findings which suggest that PhuS is a more 

potent enzyme than HemO in catalyzing heme hydroxylation and converting heme to verdoheme, 

we conducted further kinetics studies with PhuS. The same experimental procedures for HemO 

were used except that the absorbance at 655 nm characteristic of verdoheme was used, since PhuS 

generates verdoheme, an intermediate of heme degradation [116]. Analysis by Michaelis-Menten 

kinetics revealed that the maximum rate of reaction (Vmax) for PhuS at saturating heme 

concentrations was 4.9 ± 0.4 mM/s which is >4 times than that for HemO (1.1 ± 0.1 mM/s) 

(Figure 3.2B). Evidently, PhuS is a more potent enzyme than HemO using heme as the substrate 

given that its ability to bind heme is twice as weak as HemO (see below for Michaelis constants 

and discussion). This is not surprising as our previous experiments also revealed that PhuS 

exhibits 5-fold higher activity than the HO from Escherichia coli, ChuS [116]. Taken together, 

our results undoubtedly further confirm that PhuS is not only a heme trafficking protein but also a 

heme degradation enzyme with high efficiency.  

Since HemO converts heme to biliverdin and there is no verdoheme accumulation [116], 

we sought to monitor verdoheme production at 655 nm in the presence of both PhuS and HemO. 

As shown in Figure 3.S1, a smaller amount of verdoheme was observed than PhuS alone (Figure 

3.2B), which is expected since in the PhuS+HemO mixture, HemO will sequester the verdoheme 

for subsequent verdoheme cleavage, decreasing the amount of verdoheme present in the reaction 

mixture. This result provides further support for the function coupling in the two-enzyme heme 

degradation system. Although the difference in energy barrier for heme hydroxylation between 

PhuS and HemO does not directly correspond with our experimental finding that PhuS degrades 

heme >4 times faster than HemO, we simply wanted to see that there indeed was a difference in 

enzyme velocity, displaying the same trend as our theoretical findings. A possible explanation for 
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the discrepancy is that our in vitro experiments may encounter some extraneous factors that 

would not be accounted for in our theoretical calculations, such as proper buffer conditions, 

potential product inhibition, etc. 

To directly compare the catalytic efficiency of the two enzymes, we next focused on the 

first reaction which can be examined in isolation; this reaction produces CO and verdoheme. 

However, comparing production of verdoheme is not practical as it is quickly converted to 

biliverdin in the case of HemO. We thus measured the amount of CO using gas chromatography. 

As shown in Figure 3.2D, PhuS generated ~2.5 times more CO than HemO, once again 

supporting the notion that PhuS is more active than HemO in the heme hydroxylation reaction. 

Interestingly, PhuS and HemO together produced only slightly more CO (~18%) than PhuS 

alone. Since CO is released as a consequence of the initial degradation step to form verdoheme, 

this would mean that PhuS accounts for the majority of the CO, and thus verdoheme, produced in 

the PhuS+HemO mixture. The presence of HemO may allow PhuS to quickly dispose of its 

bound verdoheme to HemO, allowing more PhuS to be available to bind and initiate degradation 

of extra heme molecules. Hence, we observe an increase in CO production, but not an additive 

effect, when HemO is present. HemO now only has to perform a one-step reaction to degrade the 

verdoheme into biliverdin, as opposed to having to go through the entire degradation pathway 

from heme to biliverdin, which may account for the increase in its production rate. Thus, our CO 

results clearly demonstrate that PhuS is a preferred enzyme to react with and partially degrade 

heme to verdoheme, following which HemO completes degradation to generate final products 

biliverdin and free iron. These results are in full agreement with our proposed model in which 

PhuS is a preferred enzyme for heme hydroxylation, the limiting step, and HemO completes the 

final degradation step. 

Finally, we varied the ratio of PhuS and HemO in our kinetics experiment. When the 

amount of PhuS was more than HemO, biliverdin production was increased (Figure 3.S2a). In 



 

67 

 

comparison, when the amount of HemO was more than PhuS, biliverdin production did not 

increase but in fact decreased (Figure 3.S2b). This is not surprising because more PhuS generates 

more verdoheme, the product of the limiting first step, which is quickly converted to biliverdin by 

HemO. Based on our kinetics results (Figures 3.2B and 3.2C), the heme concentration at which 

the reaction rate is half of Vmax (Michaelis constant, Km) for PhuS was 75 ± 13 µM, and for 

HemO was 37 ± 13 µM, revealing that HemO exhibits a higher affinity for heme. As a less 

efficient enzyme in the first step of heme degradation, HemO appears to serve as a competitive 

inhibitor for PhuS. With higher binding affinity, HemO competes with PhuS for heme, reducing 

the rate of verdoheme production by PhuS and slowing the overall reaction down.  

In summary, by combining theoretical and experimental approaches we have shown that 

PhuS and HemO constitute an efficient two-enzyme system for heme degradation. In the first 

reaction, PhuS is effective in hydroxylating heme and partially degrading heme to generate CO 

and verdoheme, the latter of which is readily converted to biliverdin and free iron by HemO. This 

function coupling results in more efficient heme breakdown. The enhanced heme degradation 

efficiency afforded by the two-enzyme system offers opportunistic bacteria such as P. aeruginosa 

an advantage in protecting itself against heme toxicity and in acquisition of iron, which is very 

scarce in soluble form, but absolutely required for bacterial cell proliferation and pathogenesis. 

3.4 Materials and Methods 

3.4.1 Theoretical Methods and Models 

We investigated the mechanism of HemO and PhuS catalyzed heme degradation with 

ONIOM (UB3LYP:AMBER) calculation using the mechanical embedding approach. Chemical 

models were constructed from the 1.6 Å X-ray crystal structure of HemO (PDB code: 1SK7) and 

1.95 Å X-ray crystal structure of PhuS (PDB code: 4MF9), respectively. H2O2 was positioned by 

replacing the water molecule coordinating iron in the crystal structure. UB3LYP functional [122] 

was used in conjunction with the LANL2DZ [136–138] effective core potential basis set for Fe 
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and the 6-31G* basis set for the rest atoms in the QM region. Frequency calculations were 

performed at the same level as geometry optimization to verify local minima and transition states 

and obtain zero-point corrections. All the calculations were performed using the Gaussian 09 

package [139]. 

For HemO, the QM region of our model consists of the heme ring, the proximal ligand 

histidine (His15), the residues and water molecules that are involved in the hydrogen bond 

network in the distal pocket, which include Arg80, Gln52, Ser122, Wat1063, Wat1066, Wat980 

and Wat962. Lys132 is also included in the QM part, which forms a salt bridge with one of the 

propionates on the γ side of heme. The other γ-propionate of heme was manually protonated. The 

protonation state of all amino acid residues was assigned based on pH 7.0. The QM-MM layer 

boundary was captured with hydrogen atoms. The whole QM region includes about 162 atoms. 

The rest part of the HemO was treated as the MM region with AMBER ff98. During 

optimization, all the atoms in the MM region except those on the QM/MM boundaries were 

frozen. 

For PhuS, since the X-ray structure is in the form of a dimer with two structurally 

repeating chains of PhuS, only the protein chain A complexed with heme was taken for 

investigation. The QM region in this study is comprised of the heme with its proximal ligand 

His209, three residues Asp110, Arg112, Thr270 and three structural water molecules (Wat530, 

578, 694) which form the hydrogen bond network in the distal pocket. Two other arginines 

(Arg222, Arg334) were also included in the QM part, which interact with the carboxylate groups 

on the γ−side of heme via salt bridges. The protonation state of all amino acid residues was 

assigned based on pH 7.0. The whole QM region includes about 150 atoms. The rest part of the 

protein was treated with the MM method. Hydrogen atoms were used to cap the cutting boundary 

between the QM and MM parts. During optimization, all the atoms in the MM region except 

those on the QM/MM boundaries were frozen. 



 

69 

 

3.4.2 Experimental Procedures 

In this work, we developed a rapid and simple approach using apo-enzymes to study the 

kinetics of heme degradation while monitoring product formation, as opposed to using heme-

conjugated proteins. In order to understand the presence of two heme-degrading enzymes within 

the same heme utilization pathway, we applied this approach to the analysis of heme breakdown 

with PhuS and HemO, both individually and in combination, which, for the first time, revealed 

PhuS-HemO function coupling. 

3.4.2.1 Protein Purification and Heme Degradation Experiments 

We expressed and purified PhuS and HemO according to a previously published protocol 

[116], and carried out heme degradation experiments. Reactions were set up in individual wells of 

a 96-well plate (Corning Incorporated) with a total volume of 100 µL containing 40 µM purified 

apo-enzyme in 25 mM Tris pH 8.5, 100 mM NaCl, in the presence of increasing concentrations 

of heme ranging from 20 to 170 µM, as well as 500 µM L-ascorbic acid as the electron source to 

initiate degradation. Reactions containing both PhuS and HemO used 40 µM of each enzyme. 

The stock heme solution was created by dissolving hemin (Sigma-Aldrich) into 0.5% 

ethanolamine and diluting it with 25 mM Tris pH 8.5, 100 mM NaCl to a concentration of 3 mM 

just before addition to the reactions. Eight different heme concentrations were used and their 

absorbance values measured using a microplate spectrophotometer (PowerWave XS, Bio-Tek, 

Winooski, VT) at 15-second intervals for a total of 10 minutes after addition of the L-ascorbic 

acid. Wavelength maxima of 655 nm for verdoheme and 671 nm for biliverdin were used to 

monitor the amount of product formed by PhuS and HemO, respectively. Reactions containing 

both PhuS and HemO used 655 or 671 nm, depending on the product monitored. Absorbance 

values obtained from the microplate spectrophotometer were path length corrected to 1 cm. 
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3.4.2.2 Kinetic Analysis 

Following the reaction time, absorbance data were tabulated and graphs of absorbance 

over time were created for each reaction. Lines of best fit were calculated and the corresponding 

slope values determined to represent the initial velocity of each reaction in Abs/s at the respective 

heme concentration. Extinction coefficient values of verdoheme at 655 nm for PhuS and 

biliverdin at 671 nm for HemO were determined to be 5.17 mM-1cm-1 and 4.31 mM-1cm-1, 

respectively, and were used to convert the velocities from Abs/s to mM/s using the Beer-Lambert 

law. Each enzyme reaction was performed at least five times and the velocity values at each 

individual heme concentration were averaged to produce a final plot of velocity over heme 

concentration. Using these curves, the Km and Vmax values were calculated for both enzymes 

using GraphPad Prism version 5.0b for Mac OS X, GraphPad Software, La Jolla California USA, 

www.graphpad.com. 

3.4.2.3 CO Activity Assay 

In 1.5-mL amber vials with screw caps and Chromatherm septa (Chromatographic 

Specialties Inc., Brockville, ON), 150-µL reaction volumes of 50 µM heme and 0.1 µM PhuS, 0.1 

µM HemO, or 0.1 µM PhuS + 0.1 µM HemO in 100 mM potassium phosphate buffer pH 7.0 

were equilibrated with constant shaking at 37°C for 10 minutes, during which time the headspace 

gas in each vial was purged with CO-free air for 10 seconds. Enzymatic heme degradation was 

initiated by adding 50 µM L-ascorbic acid, and samples were incubated at 37°C for 25 minutes 

with constant shaking. The reactions were stopped by placing the vials on powdered dry ice. The 

amount of CO in the headspace of each vial was measured using a ta3000R gas chromatograph 

(Ametek Process Instruments, Newark, DE). The amount of liberated CO was determined by 

comparing peak area measurements for CO in samples against linear CO standard curves. 
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Figure 3.S1 Final velocity plot of verdoheme production for PhuS and HemO together 

obtained by averaging velocity values of five replicates for each reaction. Each reaction 

contained 40 µM of both enzymes in the presence of increasing heme concentrations. Error 

bars represent standard error of the mean. Verdoheme production was monitored at 655 

nm. 
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Figure 3.S2 (A) Final velocity plot of biliverdin production in the presence of HemO and 

increasing concentrations of PhuS obtained by averaging velocity values of replicates for 

each reaction. Each reaction contained 40 µM HemO, 300 µM heme, and increasing PhuS 

concentrations. Error bars represent standard error of the mean. (B) Final velocity plot of 

biliverdin production in the presence of PhuS and increasing concentrations of HemO 

obtained by averaging velocity values of replicates for each reaction. Each reaction 

contained 40 µM PhuS, 300 µM heme, and increasing HemO concentrations. Error bars 

represent standard error of the mean. 
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Chapter 4 

Characterization of MicL and PiuC, 2-Oxoglutarate/Fe(II)-Dependent 

Oxygenases Involved in Cell Growth Regulation in Pseudomonas 

aeruginosa 

4.1 Abstract 

The 2-oxoglutarate/Fe(II)-dependent oxygenases (2OG oxygenases) are a large family of 

enzymes that share a conserved three-dimensional structure but catalyze a wide range of 

oxidation reactions. Among them, the coupling of 2OG decarboxylation to primary substrate 

hydroxylation is the most common. Recent identification of a Pseudomonas aeruginosa 2OG 

oxygenase involved in elongation factor Tu (EF-Tu) hydroxylation opened the door for 

characterization of additional 2OG oxygenases present in P. aeruginosa. Here, we characterize 

MicL (PA4191) and PiuC (PA4515) from P. aeruginosa, two putative 2OG oxygenases. Our 

studies show that MicL has the ability to bind 2OG and Fe(II), while PiuC has potential primary 

substrates in EF-Tu and keto-acid isomerase. Through P. aeruginosa growth assays using MicL 

and PiuC single knockout mutants, we show that MicL and PiuC are necessary for allowing the 

bacteria to thrive under greater levels of nutrient stress, and act as regulators of cell growth, 

potentially through regulation of translational machinery. It seems possible that these proteins 

allow the bacteria to survive longer in a nutrient-deprived environment. Combined, these results 

demonstrate the potential of these enzymes for being targets of new therapeutics for P. 

aeruginosa, as they are currently of critical importance to the medical community. 

4.2 Introduction 

2-Oxoglutarate/Fe(II)-dependent oxygenases (2OG oxygenases) are a superfamily of 

non-heme, ferrous iron-dependent oxidizing enzymes. They are a structurally-conserved group of 

enzymes found constitutively in eukaryotes and prokaryotes, and utilize 2OG and a catalytic 
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ferrous iron to generate carbon dioxide, succinate, and a reactive iron species [Fe(IV)=O] used to 

mediate substrate oxidation. The first 2OG oxygenases identified were involved in post-

translational modification of collagen, hydroxylating proline and lysine residues [140,141]. Since 

then, 2OG oxygenases have been shown to catalyze a diverse array of reactions. The most 

common among the numerous reactions they catalyze involves the coupling of 2OG 

decarboxylation to primary substrate hydroxylation, with primary substrates being proteins, 

methylated nucleotides, lipids, and small molecules [58]. Other than hydroxylation, 2OG 

oxygenases catalyze reactions such as halogenation, ring closure, epimerization, and epoxidation 

[58,59]. Because of their catalytic versatility, 2OG oxygenases are involved in a diverse array of 

biologically important processes including protein modification, nucleic acid repair, lipid 

metabolism, and secondary metabolite production in humans, plants, and microbes. 

2OG oxygenases are characterized by the presence of a conserved HX(D/E)…H 

sequence motif that is responsible for coordinating the catalytic Fe(II). This motif, along with the 

2OG binding site, is present within a signature double-stranded β-helix (DSBH) that is conserved 

among all 2OG oxygenases characterized to date [62]. The DSBH is composed of eight 

antiparallel β-strands that form a β-sandwich structure made of two four-stranded antiparallel β-

sheets [62]. Although all 2OG oxygenases contain the conserved DSBH, the differences in 

secondary structural elements that surround it are what differentiate and define their individual 

functions. 

The first 2OG oxygenase to be characterized from the opportunistic human pathogen 

Pseudomonas aeruginosa was the Pseudomonas prolyl-hydroxylase domain containing protein 

(PPHD) and was found to hydroxylate a proline residue within the switch I loop of elongation 

factor Tu (EF-Tu) [94]. Structure determination of PPHD revealed striking similarity to a human 

PHD that is involved in hypoxia sensing [94], providing evidence for prokaryotic origins of 2OG 

oxygenases. An additional two gene products from P. aeruginosa, micL (PA4191) and piuC 
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(PA4515), encode putative 2OG oxygenases based on sequence homology and the presence of the 

conserved HX(D/E)…H sequence motif [95]. They are currently only classified through 

bioinformatics analysis, as they have never been experimentally characterized. Here, we show 

that MicL is capable of binding 2OG and Fe(II), and that PiuC may interact with EF-Tu and/or 

keto-acid isomerase as potential primary substrates. In vivo studies using MicL and PiuC 

knockout mutant strains of P. aeruginosa show that both proteins are important regulators of cell 

growth under nutrient stressed conditions, preventing the bacteria from extensive proliferation 

and early death. 

4.3 Materials and Methods 

4.3.1 MicL and PiuC Expression and Purification 

Full-length MicL (PA4191) and PiuC (PA4515) genes were amplified from P. 

aeruginosa PAO1 genomic DNA and inserted into separate pET-21b expression vectors. Vectors 

containing MicL or PiuC genes were expressed in Escherichia coli BL21 (DE3) cells. 5 mL 

overnight cultures were grown in lysogeny broth (LB) in the presence of 0.1 mg/mL ampicillin 

and were subcultured the next day into 1 L of LB and antibiotic. Cells were grown at 37°C with 

shaking to an optical density at 600 nm (O.D.600) between 0.6 and 1.0, at which point the cells 

were induced overnight with 1 mM isopropyl β-D-1-thiogalactopyranoside (IPTG) and lowering 

the temperature to 20°C. Cells were then harvested by centrifugation at 4550g for 40 mins at 4°C. 

The cell pellet was lysed with 1.5 mg/mL lysozyme in 100 mL lysis buffer (0.1 M Tris pH 8.5, 

0.3 M NaCl, 10 mM imidazole) on ice for 30 mins before sonication. After sonication, the lysed 

cells were centrifuged at 30,900g for 30 mins at 4°C to separate the soluble fraction from the 

insoluble, inclusion bodies. The soluble fraction was used for nickel-affinity chromatography as 

MicL and PiuC constructs contained a N- and C-terminal 6xHis-tag, respectively. After binding, 

the resin was washed with wash buffer (0.1 M Tris pH 8.5, 0.3 M NaCl, 10 mM imidazole), and 

the protein eluted with elution buffer (0.1 M Tris pH 8.5, 0.3 M NaCl, 0.3 M imidazole). The 
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elution fraction then underwent size-exclusion chromatography using a HiLoad 16/60 Superdex 

200 prep-grade column (GE Healthcare Canada, Mississauga, ON, Canada) by fast protein liquid 

chromatography. The fractions containing MicL or PiuC were pooled and concentrated using a 

Millipore centrifugal concentrator to appropriate concentrations for further experimentation. 

Protein concentration was determined using A280 and the Beer-Lambert law. 

Glutathione S-transferase (GST)-tagged MicL was cloned and expressed using a pGEX-

4T-3 vector transformed in E. coli BL21 (DE3) cells. The same protocol for protein expression 

and extraction was followed as mentioned previously. Purification was performed using 

Glutathione Sepharose 4B resin (GE Healthcare Canada, Mississauga, ON, Canada) instead of 

nickel-affinity resin. 25 mM Tris pH 8.0, 100 mM NaCl was used as the wash buffer, while 50 

mM Tris pH 8.0, 10 mM reduced glutathione was used as the elution buffer. 

4.3.2 Isothermal Titration Calorimetry 

Isothermal titration calorimetry (ITC) was performed using a VP-ITC or iTC200 

isothermal titration calorimeter (Malvern Instruments Inc., Westborough, MA, U.S.A.) in the 

Protein Function Discovery Facility at Queen’s University (Kingston, ON, Canada). Samples of 

MicL were present in 25 mM Tris pH 8.5, 100 mM NaCl at concentrations between 67 and 100 

µM and were loaded into the reaction cell. A 10x solution of cofactor (MnCl2 or N-oxalylglycine) 

dissolved in the same buffer was injected into the reaction cell in 10 or 1.3 µL aliquots (VP-ITC 

or iTC200 respectively) at 300 s intervals using a rotating stirrer syringe for 29 injections. 

4.3.3 Circular Dichroism 

Circular dichroism (CD) spectra were recorded at a scan rate of 0.7 s/nm from 190-260 

nm using a Chirascan spectrometer (Applied Photophysics Inc., Beverly, MA, U.S.A.) in the 

Protein Function Discovery Facility at Queen’s University (Kingston, ON, Canada). Spectra were 

averaged and deconvoluted into secondary structure composition using the CONTINLL algorithm 

from OLIS Globalworks software (Bogart, GA, U.S.A.). For each experiment, 20 µM MicL was 
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used in 25 mM Tris pH 8.5, 100 mM NaCl. For experiments with addition of N-oxalylglycine, a 

concentration of 20 µM of N-oxalylglycine was used. For experiments with Fe(II), FeSO4 was 

used in the presence of 5 mM DTT. 

4.3.4 Pull-Down Experiments 

Purified GST-tagged MicL was used as the “bait” protein, while the cell lysate of P. 

aeruginosa MicL knockout strain was used as the “prey” proteins. The cell lysate was prepared 

after growing a 1 L culture of the P. aeruginosa MicL knockout strain at 37°C until the O.D.600 

reached between 0.6 and 0.8, and centrifuged to separate the cells from the media. The cell pellet 

was resuspended in 50 mL of the same buffer that GST-MicL was present in and sonicated for an 

hour with 5 s on and 5 s off pulses. The insoluble inclusion bodies were separated from the 

soluble fraction via centrifugation. 1 mg of purified GST-MicL was incubated with the soluble 

fraction of the cell lysate for at least 30 mins before it was flowed through the glutathione resin. 

Resin was washed with 25 mM Tris pH 8.0, 100 mM NaCl, while GST-MicL and proteins bound 

to MicL were eluted with 50 mM Tris pH 8.0, 10 mM reduced glutathione. Fractions were 

collected during each step of the pull-down experiment and analyzed by SDS-PAGE. Gels were 

silver stained using a ProteoSilver Plus Silver Stain Kit (Sigma-Aldrich Canada, Oakville, ON, 

Canada) to detect protein bands present in quantities as low as 0.1 ng/mm2. 

In a separate pull-down experiment, purified His-tagged PiuC was used as the “bait” 

protein, while the cell lysate of wild-type P. aeruginosa PAO1 was used as the “prey” proteins. A 

similar procedure was followed as previously but with nickel resin for use with His-tagged 

proteins. The wash buffer used was 25 mM Tris pH 8.5, 100 mM NaCl, 10 mM imidazole, while 

the elution buffer used was 25 mM Tris pH 8.5, 100 mM NaCl, 300 mM imidazole. 

4.3.5 Growth Assays 

Wild-type P. aeruginosa PAO1 strain was graciously obtained from Dr. Keith Poole 

(Queen’s University, Kingston, ON, Canada). The two transposon mutants from a base PAO1 
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host strain for MicL (PA4191-B04::ISlacZ/hah) and PiuC (PA4515-A04::ISlacZ/hah) were 

obtained from the University of Washington P. aeruginosa Mutant Library (Seattle, WA, 

U.S.A.). Strains were plated on LB or DCAA (deferrated casamino acids [142]) agar plates 

overnight at 37°C. 5 mL cultures of each strain were grown in their respective media the next day 

for ~7 hours with shaking at 37°C. The O.D.600 was measured for each culture to be used for 

monitoring subsequent growth profiles. 96-well clear bottom, lidded plates (Sarstedt, Nümbrecht, 

Germany) were used for monitoring cell growth. The cultures were diluted to an O.D.600 of 0.1, 

with the addition of 2,2’-bipyridine and/or N-oxalylglycine where applicable, for a total volume 

of 200 µL in each well. Each well was diluted with the corresponding media, LB for nutrient-rich 

and DCAA for iron-deficient media. SpectraMax iD3 Microplate Reader (Molecular Devices, 

Sunnyvale, CA, U.S.A.) was used to monitor cell growth in the 96-well plates over a period of 18 

hours with shaking at 37°C, while measuring absorbance at 600 nm every 30 minutes. Each 

growth condition was performed in triplicate. 

2,2’-Bipyridine (Sigma-Aldrich Canada, Oakville, ON, Canada) was dissolved in DMSO 

to make a 100 mM stock solution. N-oxalylglycine (Sigma-Aldrich Canada, Oakville, ON, 

Canada) was dissolved in deionized distilled water to make a 50 mM stock solution. 

4.3.6 PiuC Crystallization 

Crystals of PiuC were grown at 30°C by the hanging drop vapour diffusion method by 

mixing 1:1:0.5 (protein:reservoir:additive) ratio of 10 mg/mL PiuC; 0.1 M Bicine pH 8.4, 27% 

PEG 6000; 30% 1,6-hexanediol. Diffraction data were collected at beamline 23-ID-B at the 

Advanced Photon Source, Argonne National Laboratory (Argonne, IL, U.S.A.). 



 

80 

 

4.4 Results and Discussion 

4.4.1 MicL Binds 2OG and Fe(II) 

To test whether the putative annotation of MicL as 2OG/Fe(II)-dependent was correct, 

we performed ITC experiments with 2OG and Fe(II). As 2OG oxygenases can turn over 2OG in 

the absence of a primary substrate [143], we used a known inhibitor (N-oxalylglycine) instead of 

2OG, which mimics the substrate and binds in the same pocket as 2OG. After our initial ITC run 

with purified, recombinant, full-length MicL and N-oxalylglycine, we observed binding (Figure 

4.1A). This interaction was endothermic, with a dissociation constant (Kd) of 4.0 ± 0.1 µM. As a 

result, this interaction is likely driven by entropy, which corresponds well with the reaction 

mechanism of these enzymes. The binding of 2OG causes release of two water molecules that are 

otherwise coordinated to the Fe(II) in the active site [60]. 

As other 2OG oxygenases in the literature have shown that 2OG binding is metal-

dependent [93], we assumed that the purified MicL may be already bound to a metal, if not Fe(II). 

To determine whether our assumption was correct, we performed a simple experiment where we 

treated our purified protein sample with 10 mM EDTA overnight to chelate any of the metal that 

was bound to the protein. After dialyzing the EDTA out of the protein sample, we performed 

another ITC run to test N-oxalylglycine binding. As expected, EDTA-treated MicL was unable to 

bind to N-oxalylglycine (Figure 4.1B), showing that binding of 2OG to MicL is indeed metal-

dependent. 

Some crystal structures of 2OG oxygenases have been solved with Mn(II) coordinated in 

the iron-binding site [144]. Mn(II) is used as an inert alternative to Fe(II) as it binds to the active 

site, although it is not the catalytic metal. Manganese is easier to work with than iron as Fe(II) 

oxidizes readily when exposed to oxygen. Using this knowledge, we tested the binding of Mn(II) 

to MicL. Indeed, EDTA-treated MicL was able to bind to Mn(II), in an exothermic manner with a 

Kd of 1.6 µM (1.53 µM, 1.61 µM) (Figure 4.1C). 
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Figure 4.1 ITC of MicL binding to 

various cofactors. (A) Purified MicL 

titrated with N-oxalylglycine. (B) 

EDTA-treated MicL titrated with N-

oxalylglycine. No heat change was 

observed, indicating lack of interaction. 

(C) EDTA-treated MicL titrated with 

MnCl2. For all figures, both the 

baseline-corrected raw data (top) and a 

fitted curve of the integrated heat 

change per injection (bottom) are 

shown. The fitted curve (red) was used 

to calculate the dissociation constant. 
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We next performed CD in the presence and absence of cofactors. If there is binding of a 

cofactor to the protein, a change in secondary structure can be evident if the change is large 

enough. As such, CD of MicL in the presence of N-oxalylglycine yielded a 2% decrease and 1% 

increase in α-helical and β-sheet structures respectively (Figure 4.2A, Table 4.1). In the reducing 

environment created by 5 mM DTT, CD showed an EDTA-reversible change in secondary 

structure caused by the addition of Fe(II) (Figure 4.2B). It should also be noted that the secondary 

structure allotments of the iron-treated protein nearly match that of the purified, untreated protein, 

suggesting that the purified protein is in a metal-bound configuration. As a result, CD analysis 

has shown that Fe(II) can bind reversibly to MicL, confirming that this protein binds 2OG and 

Fe(II). 

4.4.2 Searching for the Primary Substrate of MicL 

As many 2OG oxygenases are known to catalyze oxidation of proteins, we set out to 

search for potential protein substrate(s) for MicL. To do this, we utilized a GST-tagged construct 

of full-length MicL. A classic bait and prey approach, GST pull-down experiment was performed 

using glutathione resin, along with various cell lysates. Pull-downs were initially performed in 

duplicate with P. aeruginosa PAO1, E. coli DH5α, and HEK293 cell lysates. E. coli was tested 

since they also belong to the class of Gram-negative bacteria called Gammaproteobacteria, and 

may possess homologues of potential protein substrates from P. aeruginosa. HEK293 cells were 

tested due to the potential of MicL modifying a human protein, as P. aeruginosa is a human 

pathogen. GST-tagged MicL did not appear to pull down any significant prey proteins when 

using these cell lysates, after analysis by silver-stained SDS-PAGE gels. Pull-down experiments 

for discovering the interacting partner of a protein are limited by the fact that endogenous 

expression of the interacting partner within the cell lysate can be quite low and that the interaction 

must be tight enough so that the partner does not get washed away during the wash steps of the 

pull-down. 
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Figure 4.2 CD spectra of MicL in the presence of cofactors. (A) MicL with and without N-

oxalylglycine shows a slight change in secondary structure. (B) EDTA-treated MicL before 

and after addition of Fe(II) under reducing conditions shows an EDTA-reversible change in 

secondary structure. EDTA was used to chelate any metal bound to the protein before and 

after the experiment. All spectra are averages of a minimum of six scans. 
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Table 4.1 Deconvolutions of CD spectra into secondary structure compositions for MicL in 

various conditions. Untreated MicL represents purified protein alone. 

Condition α-helix β-sheet β-turn Unstructured 

Untreated 28% 20% 23% 29% 

Fe(II)-treated 28% 22% 20% 30% 

N-oxalylglycine-treated 26% 21% 23% 30% 
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However, utilization of P. aeruginosa MicL knockout mutant strain as the cell lysate 

yielded a few prominent protein bands on the silver-stained SDS-PAGE gel that co-eluted with 

GST-tagged MicL (Figure 4.3). These bands have been sent for MALDI mass spectrometry 

analysis to identify these unknown proteins. The MicL knockout mutant strain was used as a cell 

lysate with the reasoning that perhaps the interacting partner of MicL may be overexpressed to 

compensate for the bacteria sensing a decrease in downstream effects of MicL. 

4.4.3 PiuC Characterization 

Attempts at confirming PiuC as a 2OG oxygenase started with performing binding 

studies with N-oxalylglycine through ITC. Initial ITC runs showed no evidence of binding 

between PiuC and N-oxalylglycine. This could have resulted due to multiple reasons. First, PiuC 

may not have been purified with any bound metal, as MicL was. 2OG binding is found to be 

metal-dependent, meaning the metal must already be bound to the protein’s active site for 2OG to 

bind. Another reason for the failure to see binding between PiuC and N-oxalylglycine could be 

that the conditions in which the ITC was performed may not have been ideal for this binding to 

occur. A more thorough, systematic analysis must be performed in order to verify that PiuC is 

indeed a 2OG oxygenase. 

Utilizing a His-tagged construct of full-length PiuC, pull-down experiments were 

performed in the hopes of finding its primary protein substrate. To do this, we used a cell lysate 

of wild-type P. aeruginosa PAO1 cells as the prey proteins, and His-tagged PiuC as the bait 

bound to nickel-affinity resin. The hope was that the immobilized bait protein will capture its 

interacting protein partner from the mixture of proteins present in the cell lysate, and stay bound 

together until the bait protein is eluted off the resin. After silver staining the SDS-PAGE gel 

containing each fraction collected after every step of the pull-down experiment, two prominent 

bands were observed to co-elute off the resin with PiuC (Figure 4.4). These bands were analyzed 

by MALDI mass spectrometry in the Protein Function Discovery Facility at Queen’s University  
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Figure 4.3 GST pull-down with MicL and P. aeruginosa MicL knockout mutant cell lysate. 

Gel was obtained by SDS-PAGE and subsequent silver staining. MW: molecular weight 

ladder, Lys: cell lysate, FT: flow-through, W: wash, E: elution, GST-MicL: purified GST-

tagged MicL. Wash buffer used was 25 mM Tris pH 8.0, 100 mM NaCl, while the elution 

buffer was 50 mM Tris pH 8.0, 10 mM reduced glutathione. 

MW    Lys      FT     W1     W2      E1      E2      E3   GST-MicL 

kDa 
 

150 
100 

75 
 

50 
 

37 
 

 

25 

 
 

20 

GST-MicL 

 
 

MicL alone 
 

 

GST alone 



 

87 

 

 

 

 

 

 

 

 

 

 

Figure 4.4 His pull-down with PiuC and P. aeruginosa PAO1 cell lysate. Gel was obtained 

by SDS-PAGE and subsequent silver staining. MW: molecular weight ladder, Lys: cell 

lysate, FT: flow-through, W: wash, E: elution. Wash buffer used was 25 mM Tris pH 8.5, 

100 mM NaCl, 10 mM imidazole, while the elution buffer used was 25 mM Tris pH 8.5, 100 

mM NaCl, 300 mM imidazole. Red arrow represents the “bait” protein. Blue arrows 

represent potential primary substrates of PiuC. 
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after trypsin digestion. Tryptic fragments were compared to protein sequences using the Mascot 

server at Matrix Science. They were identified as elongation factor Tu (EF-Tu), and keto-acid 

isomerase. These were interesting findings because the primary substrate of the previously 

characterized P. aeruginosa 2OG oxygenase PPHD is EF-Tu [94]. It is possible that PiuC may 

also act on EF-Tu, as there are other examples of 2OG oxygenases that act on a single protein 

[64,65,80,85]. Keto-acid isomerase is an enzyme responsible for the isomerization of keto-acids, 

and 2OG itself is a keto-acid. It is possible that PiuC is a regulator of 2OG production when 

present in excess and does so through hydroxylation of keto-acid isomerase. 

4.4.4 MicL and PiuC Regulate Cell Growth Under Nutrient Stress 

Utilizing MicL and PiuC knockout mutant P. aeruginosa strains, we compared their 

growth profiles against wild-type P. aeruginosa PAO1 cells. Under nutrient rich conditions, 

MicL and PiuC knockout strains both grew at the same rate as wild-type P. aeruginosa, although 

a difference was seen in the plateau phase of cell growth (Figure 4.5A). The knockout mutants 

reached a plateau, however both strains started to die off as the cells started experiencing lower 

levels of nutrients for maintaining proper growth, while the wild-type cells were able to sustain 

the depletion of nutrients. Furthermore, the cultures at the end of the time course were of different 

colours, where the wild-type cells displayed the usual yellow colour of bacterial cultures, whereas 

the mutant cells were greener in colour. This was an important qualitative observation because 

the green colour may signify the production and secretion of pyoverdine, an important virulence 

factor and iron siderophore [1]. P. aeruginosa secrete pyoverdine when they detect that 

intracellular iron concentrations have fallen below a certain threshold. They can sense that 

nutrients have been depleted from the environment and that they cannot compensate for this loss 

of nutrients. 

In the hopes of growing the cells under nutrient stress, we compared growth of the 

knockout strains and wild-type cells in iron-depleted media, as these proteins are iron-dependent.  
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Figure 4.5 P. aeruginosa growth curves comparing wild-type PAO1, MicL mutant, and 

PiuC mutant strains in various conditions. (A) Nutrient-rich LB media. (B) LB media in the 

presence of 1 mM 2,2’-bipyridine. (C) LB media in the presence of 5 mM N-oxalylglycine. 

(D) LB media in the presence of 1 mM 2,2’-bipyridine and 2 mM N-oxalylglycine. (E) Iron-

deficient DCAA media in the presence of 0.5 mM 2,2’-bipyridine and 2 mM N-

oxalylglycine. Each data point is an average of three measurements. Error bars represent 

standard error of the mean. 
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We utilized DCAA media to mimic an iron-deficient environment, and we noticed that all three 

strains grew much slower than in nutrient-rich LB media, to a maximum O.D.600 of ~0.35 after 20 

hours of growth (data not shown). However, no significant difference between the three strains 

was noticeable until after around 20 hours of growth. At that time point, there was evidence that 

the growth of wild-type PAO1 cells started to plateau, while the mutants showed no signs of 

slowing their growth. This result provides confirmation that iron is an essential nutrient required 

by P. aeruginosa for survival. 

In an attempt to stress the cells in the nutrient-rich LB media, we utilized 2,2’-bipyridine, 

an iron chelator. In the presence of 1 mM 2,2’-bipyridine, a drastic difference was observed 

compared to the absence of the chelator (Figure 4.5B). While wild-type PAO1 cells grew at a 

steady but slow rate with no plateau in sight, the MicL and PiuC knockouts grew to an O.D.600 of 

between 0.7-0.8, and then plateaued at the 7-hour mark. Increasing the concentration of 2,2’-

bipyridine to 5 mM diminished growth of all three cell lines even more, mirroring the results of 

P. aeruginosa growth in DCAA media. 

An additional growth condition we tried was to utilize the 2OG oxygenase inhibitor, N-

oxalylglycine. Addition of 5 mM N-oxalylglycine showed the greatest evidence of a difference in 

growth compared to without the inhibitor (Figure 4.5C). The presence of inhibitor delayed the 

onset of growth for all three strains tested. After the initial delay, all three strains started to grow 

at the same rate until a difference in plateau phase was reached. The overall trend of the growth 

curves in the presence of N-oxalylglycine was very similar to the growth curves in the absence of 

inhibitor. The delay in growth may be a result of the cells adapting to the presence of the 2OG 

oxygenase inhibitor. P. aeruginosa may need to express more of its 2OG oxygenases to 

compensate for the loss of activity of some bound to the inhibitor, thus requiring more time to 

proliferate. 
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When both 2,2’-bipyridine and N-oxalylglycine were added to LB at the same time, a 

clearer difference in growth was evident. While the wild-type cells would grow at a steadier rate 

and reach its plateau at a later time, the knockout mutants would grow quickly during the log 

phase (Figure 4.5D). A similar trend was seen in DCAA media, where the knockout mutants 

would grow to a higher O.D.600 than wild-type cells (Figure 4.5E). This may be attributed to the 

roles of MicL and PiuC in the growth of P. aeruginosa. It seems possible that these proteins 

allow P. aeruginosa to thrive under greater levels of nutrient stress, and may act as a regulator (or 

gatekeeper) of cell growth, potentially through regulation of translational machinery. When there 

are low levels of nutrients available in the surrounding environment, these proteins allow the 

bacteria to slow down its growth so they can survive longer. Absence of the regulation mediated 

by these gene products within the bacteria allow them to proliferate as they please, leading to 

early plateau phase and eventual death due to nutrient deficiency. 

4.4.5 Structural Studies of MicL and PiuC 

Crystallization attempts have been made for both MicL and PiuC to determine their 

structures, which would provide further insights into their functions, and allow comparison to 

known structures of other 2OG oxygenases. Hundreds of different crystallization conditions have 

been screened for MicL using commercially available crystallization screens but to no success. 

Different cofactors have also been combined with MicL to try and improve its crystallizability, 

including iron, manganese, and N-oxalylglycine, although to no avail. Meanwhile, after screening 

numerous crystallization conditions for PiuC, two conditions were found that produced initial 

crystal hits. These conditions were 0.1 M Bicine pH 9.0, 30% PEG 6000, and 0.1 M HEPES pH 

7.5, 15% PEG 20000. As the initial crystal morphologies were plate clusters and not ideal for X-

ray diffraction studies, optimization of these crystals ensued. The best crystals obtained after 

numerous optimization attempts yielded larger crystals, albeit still in cluster formation (Figure 

4.6). Nevertheless, plates were broken off from these clusters and sent for X-ray diffraction data  
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Figure 4.6 PiuC protein crystals. Crystals were grown at 30°C in a condition containing 0.1 

M Bicine pH 8.4, 27% PEG 6000, and 30% 1,6-hexanediol as an additive. 
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collection. Data were collected, yielding a resolution-best of ~4 Å (Table 4.2). We attempted to 

solve this structure by molecular replacement using PDB code 3DKQ (55% identity from 99% 

query coverage), or a model produced by the Phyre2 protein structure prediction server [145] as 

the search model but were unsuccessful. A combination of low quality X-ray data, along with a 

non-ideal search model may have proved ineffective in solving this structure. Further 

optimization of the crystal is required for PiuC, while further screening is required for MicL. 
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Table 4.2 Data collection statistics for PiuC 

Resolution (Å) 4.0 

Total reflections 118,838 

Unique reflections 30,107 

Completeness (%) 99.3 

Rmerge (%) 11.4 

I/σI 5.73 
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Chapter 5 

General Discussion 

5.1 Necessity of Heme in Pseudomonas aeruginosa 

Iron is a major nutrient required by Pseudomonas aeruginosa for survival and proper 

proliferation. As an opportunistic pathogen that is a significant source of nosocomial infection in 

humans, they must adapt to an environment where free iron is scarce. In humans, transferrin 

sequesters extracellular iron with high affinity (Kd ~ 10-20 M) [1]. During an infection by 

pathogens, the host’s innate immune system displays several mechanisms to reduce iron 

accessibility, including increased transferrin production by neutrophils at infection sites [146], 

secretion of hepcidin by the liver to decrease iron export by macrophages [12], and secretion of 

lipocalins that sequester bacterial siderophores [13,14]. As a result, iron is poorly available to 

pathogens because it is all in complex with transferrin, as well as other iron-containing 

macromolecules such as heme, ferritin, and lactoferrin (Figure 5.1) [147]. As 70% of iron in the 

human body is complexed with heme, P. aeruginosa has evolved to express heme uptake and 

breakdown proteins. 

5.2 PhuS and Heme Oxygenases 

As we have shown, PhuS is one of the unique bacterial cytoplasmic heme-binding 

proteins found to have heme oxygenase (HO) activity, but is structurally distinct from traditional 

HOs found in mammals. Although PhuS had previously been characterized as simply a heme-

trafficking protein for HemO, our studies have demonstrated that PhuS has an additional function 

within P. aeruginosa. Our discovery that PhuS can also degrade heme and that it produces an 

intermediate of heme degradation sheds light on alternate mechanisms of heme degradation in 

bacteria. Heme being degraded consecutively by two enzymes instead of one presents a new way 

for heme breakdown. As such, PhuS can be considered a so-called “pre-HO” that triggers the  
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Figure 5.1 Structural diversity of human iron-sequestering proteins. (A) 76-kDa transferrin 

(PDB ID: 3QYT). (B) 76-kDa lactoferrin (PDB ID: 1B0L). (C) 21-kDa ferritin (PDB ID: 

2FHA). All structures are coloured by rainbow from N (blue) to C (red) terminus. 
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initial heme hydroxylation step to produce verdoheme, while HemO performs the subsequent 

verdoheme cleavage step to produce biliverdin. This function coupling of two enzymes involved 

in heme degradation is so far, to our knowledge, uniquely found in P. aeruginosa, which affords 

the bacteria with increased amounts of iron that may be required by many iron-dependent proteins 

encoded by its large 6.3 million base pair genome. 

 The addition of catalase to our heme degradation experiments for PhuS slowed down, but 

did not inhibit activity completely. Catalase is an enzyme that decomposes hydrogen peroxide 

into water and oxygen. The fact that the presence of catalase slowed PhuS-catalyzed heme 

degradation implies that PhuS uses hydrogen peroxide to form the initial hydroperoxy 

intermediate. Since catalase did not completely inhibit PhuS activity, it is possible that molecular 

oxygen is still used by PhuS to mediate hydroperoxy intermediate formation, as is the case for 

canonical HOs. The presence of an arginine residue very close to the iron on the distal side of the 

heme in PhuS and ChuS, which is not present in the canonical HOs, may be the difference 

required to allow this family of heme degrading enzymes to use hydrogen peroxide. This provides 

evidence for the versatility of PhuS, which helps P. aeruginosa obtain iron from heme more 

efficiently. 

 In the PhuS-HemO two-enzyme system, there was evidence of cooperativity, as shown 

by the sigmoidal velocity curve of biliverdin production. It seemed that biliverdin production 

increased at a faster rate once the two-enzyme system was exposed to a low concentration of 

heme. An alternative explanation for the sigmoidal velocity curve could be that at lower 

concentrations of heme, HemO may act as a competitive inhibitor to PhuS as HemO has a higher 

affinity for the heme than PhuS, as calculated from our kinetics experiments. At lower heme 

concentrations, both HemO and PhuS may bind and degrade heme, leading to less efficient 

biliverdin production until more heme is present in the mixture. HemO is also a slower enzyme 

than PhuS in degrading heme and as a result, would prefer to accept verdoheme from PhuS to 
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undergo the single step involving verdoheme ring cleavage, leading to the quicker rate of 

biliverdin production. 

ChuS, whose structure is highly conserved with PhuS, has been characterized as a HO 

found in Escherichia coli O157:H7 (Figure 5.2A) [47,52]. E. coli O157:H7 does not possess a 

canonical HO as P. aeruginosa does and uses ChuS to metabolize heme. ChuS was determined to 

undergo novel heme degradation activity to release hematinic acid, a tripyrrole product, and 

Fe(III) (Figure 5.3) [53]. This provided additional evidence that not all heme degradation 

pathways lead to biliverdin. 

A closer look at the structures of ChuS and PhuS reveals a key difference that may 

account for the difference in function of each heme-degrading enzyme. The histidine residue that 

coordinates the heme iron is conserved among members of the PhuS/ChuS family of proteins 

(H209 in PhuS, H193 in ChuS), however PhuS has an additional two histidine residues (H210 

and H212) close by within the α-helix that contains the proximal H209 residue that are not 

present in ChuS (Figure 5.4). In E. coli O157:H7, there is a single cytoplasmic heme protein that 

metabolizes heme to utilize iron. However in P. aeruginosa, there are two cytoplasmic heme 

proteins for the purpose of obtaining iron, PhuS and HemO. As PhuS has previously been shown 

to be a heme-trafficking protein, and now also a heme-degrading enzyme, those extra histidine 

residues have been demonstrated to be important for the interaction with HemO to transfer the 

heme or verdoheme [42,148]. Indeed, mutational analysis of H210 and H212 to alanine residues 

showed no binding of heme-bound PhuS to HemO, concluding that H210 and H212 are required 

for porphyrin transfer from PhuS to HemO [42]. The fact that ChuS does not contain the extra 

histidine residues correlates well with its function as a complete HO to release free iron for use by 

E. coli O157:H7. 

Indeed, PhuS and ChuS are not the only novel heme-degrading enzymes present in 

bacteria. Although some bacterial HOs exist that are structurally and mechanistically similar to  
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Figure 5.2 Structural diversity of bacterial HOs. ChuS from E. coli (A) and IsdI homodimer 

from S. aureus (C) show non-canonical HO structures, while HemO from P. aeruginosa (B) 

shows the canonical HO structure. Proteins are coloured based on secondary structure. 

Heme and its coordinating histidine residue are coloured in grey. ChuS PDB ID: 4CDP, 

IsdI PDB ID: 3LGM, HemO PDB ID: 1SK7. 
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Figure 5.3 Heme degradation reaction catalyzed by ChuS. ChuS degrades heme to produce 

novel products tripyrrole and hematinic acid, while releasing CO and Fe(III). Adapted 

from [53]. 
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Figure 5.4 Additional histidine residues present near the PhuS heme-binding pocket. The 

three histidine residues are coloured in green. (PDB ID: 4MF9) 
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the canonical eukaryotic HOs such as P. aeruginosa HemO (Figure 5.2B), the discovery of 

distinct non-canonical HOs have been further described in Staphylococcus aureus and 

Mycobacterium tuberculosis (Figure 5.2C) [149,150]. IsdG/I from S. aureus convert heme to a 

novel chromophore termed staphylobilin, while releasing formaldehyde and free Fe(II) [151]. In 

contrast, the structurally-related MhuD from M. tuberculosis cleaves heme to a product called 

mycobilin, and releases Fe(II) [152]. IsdG/I and MhuD are structurally related and are 

homodimers that adopt ferredoxin-like α/β-sandwich folds that come together to form a β-barrel 

structure at the dimer interface [150,153]. Each monomer binds heme on either side of the β-

barrel, coordinated by a His residue. The distinct ferredoxin-like fold and extreme heme ruffling 

are proposed to account for the alternate heme degradation products. 

It is also important to note that the regioselectivity of these HOs is diverse. While 

canonical mammalian HOs cleave heme at the α-meso-carbon to produce α-biliverdin (Figure 

5.5A), HemO in P. aeruginosa was found to have novel δ-regioselectivity, cleaving at the δ-

meso-carbon, although HemO is structurally similar to mammalian HOs [44]. On the other hand, 

IsdG/I in S. aureus cleaves heme to produce staphylobilin, where the β- or δ-meso-carbon is 

released as formaldehyde (Figure 5.5C) [151]. Furthermore, MhuD in M. tuberculosis cleaves 

heme at the α-meso-carbon to produce mycobilin with carbonyl modification of either β- or δ-

meso-carbon (Figure 5.5B) [152]. As a result, this diversity in regioselectivity represents a novel 

breakthrough in oxidative heme cleavage. 

More recently, the functions of ChuW and ChuY from the E. coli O157:H7 heme 

utilization operon have been annotated. Although all heme-degrading enzymes characterized to 

date require molecular oxygen, ChuW was found to be involved in an oxygen-independent heme-

degradation pathway in E. coli O157:H7 as a radical S-adenosylmethionine methyltransferase that 

catalyzes a radical-mediated mechanism to degrade heme and produce a tetrapyrrole product 

named anaerobilin, while liberating free iron [154]. Anaerobilin was further found to be a  
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Figure 5.5 Reaction products of various HO reactions. (A) Canonical HO products. (B) 

MhuD-catalyzed products. (C) IsdG/I-catalyzed products. The pyrrole substituents are 

omitted for simplicity. Meso-carbons are labeled accordingly. Adapted from [156].  immune-competent state is important for survival of the
organism. In contrast, CO-releasing molecules have been
shown to produce bactericidal effects in S. aureus.21,22 Induction
of colonic HO-1 or exposure to CO in animal models of colitis
increases the activity of macrophages and reduces intracellular
invasion and bacterial load.23,24 Therefore, in gastroenteric
pathogens that cause acute invasive disease, heme utilization
may involve a mechanism similar to that of S. aureus.
Furthermore, mycobilin, staphylobilin, and/or formaldehyde
may have as yet unidentified biological functions in the host−
pathogen interaction.
In addition to the previously described enzymes, several

heme-binding proteins identified in pathogenic bacteria have
been reported to be HOs on the basis of in vitro assays.
However, it is not clear whether heme degradation is due to
HO activity or the nonenzymatic “coupled oxidation” of heme
described almost a century ago.25−27 In the current Account, we
discuss the differences between coupled oxidation and heme
oxygenation in the context of generating, stabilizing, and
directing the FeIII−OOH intermediate toward regioselective
heme hydroxylation. In addition, the unique mechanism by
which the noncanonical HOs control the intrinsic reactivity of
meso-hydroxyheme by suppressing CO production and
promoting further oxidation of heme is also addressed.

■ COUPLED OXIDATION: A MODEL FOR
BIOLOGICAL HEME BREAKDOWN

It was shown some 90 years ago that in the presence of O2 a
mixture of heme in pyridine/water could be degraded by
hydrazine or ascorbate.26,27 The product “green hemin” was

formed simultaneously with the release of CO. In such studies
it was clear that the product of the reaction was not biliverdin
but rather verdohemin, which upon addition of KOH and HCl
hydrolyzes to biliverdin. Interestingly, the chemically coupled
oxidation of hemin in aqueous pyridine gave an equimolar
mixture of all four verdohemin isomers, whereas oxidation of
hemoglobin and myoglobin yielded primarily biliverdin
IXα.28,29

The first step in the reaction was presumed to be heme
hydroxylation at the α-meso position to form the α-oxy
derivative (Figure 2).30 Early studies confirmed that FeII−
oxymesoporphyrin could be converted stepwise to FeIII−
mesobiliverdin by two molecules of O2.

31 Chemically
synthesized meso-hydroxyheme was similarly converted to
biliverdin.32 It was initially thought the reaction of verdoheme
to biliverdin proceeded through hydrolysis with insertion of an
oxygen atom from water,33 a mechanism at odds with
18O2/

16O2-labeling studies identifying the terminal lactam
oxygens as being derived from separate O2 molecules.34−36

However, a series of detailed mechanistic studies determined
that verdoheme could be oxidatively cleaved to biliverdin
(Figure 2).37,38

Analysis of the coupled oxidation of cytochrome b5 variants
revealed critical differences between enzymatic and non-
enzymatic heme degradation.39 Replacement of the coordinat-
ing residue His-63 or His-39 with Val resulted in different end
products. The H63V variant was arrested at verdoheme,
whereas the final product of the H39V-catalyzed reaction was
biliverdin.39 The difference in end products was explained in
terms of the relative stability of the FeII−O2 complexes.
Coupled oxidation of the H63V variant could be inhibited by
the addition of the H2O2-scavenging enzyme catalase.

40 This is
distinct from the reaction of H2O2 with the FeIII−heme:HO-1
complex, which generates a coordinated FeIII−OOH inter-
mediate that then reacts to form verdoheme.41 In contrast,
H39V proceeds to FeIII−biliverdin in the presence of catalase,
suggesting that the reaction proceeds through a coordinated
FeII−O2 complex. Therefore, although coupled oxidation and
heme oxygenation lead to meso hydroxylation, they do so by
distinct mechanisms. The fact that heme proteins can undergo
nonenzymatic conversion of heme to verdoheme with the
release of CO indicates that this step in heme degradation is
relatively facile. Therefore, detection of CO as defining
enzymatic HO activity should be met with caution.42

■ WHAT DEFINES A HEME OXYGENASE?
Several structurally unrelated bacterial heme-binding proteins
distinct from the canonical and noncanonical HOs have been

Figure 1. Reaction products of the (A) canonical and (B and C)
noncanonical heme oxygenases. The pyrrole substituents have been
omitted for simplicity.

Figure 2. Reaction intermediates in the canonical HO-catalyzed degradation of heme to biliverdin.
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substrate for ChuY, which is structurally similar to biliverdin reductase and has been annotated as 

anaerobilin reductase [155]. As a result, these two enzymes are important for hemolytic bacteria 

such as E. coli O157:H7 that colonize the anaerobic space of intestines in mammals. 

For decades, the biological degradation of heme was thought to be restricted to the 

cleavage of heme to biliverdin, while releasing CO in the process. In the last few years, much 

progress has been made in the discovery and characterization of structurally distinct non-

canonical HOs belonging to the PhuS/ChuS family and the IsdG/MhuD family. It is interesting to 

consider the possibility of further diversity in HO structures and mechanisms in bacteria. 

5.3 Further Insights into MicL and PiuC 

Although we were unsuccessful in determining the crystal structures of MicL and PiuC, 

we can utilize a protein structure prediction server such as Phyre2 to predict their structures. 

Phyre2 uses advanced homology detection methods to build 3D models and predict ligand 

binding sites for a user’s protein sequence based on protein structures already determined [145]. 

Phyre2 identified 4 potential models for PiuC with a confidence of 100%, the top template of 

which had 59% sequence identity. This top template was a crystal structure of a putative 

oxygenase from Shewanella baltica (PDB ID: 3DKQ), also classified as a prolyl/lysyl 

hydroxylase domain (PKHD)-type hydroxylase. The other 3 templates were structures of prolyl-

4-hydroxylases, 2 of which were from bacteria. From these top templates, it can be seen that PiuC 

is predicted to be similar in structure to prolyl-4-hydroxylases in other organisms. The model 

indeed predicts the presence of the signature DSBH present in all 2OG oxygenases characterized 

to date (Figure 5.6A). Although we cannot definitively annotate the function of proteins purely 

based on its structural homology to proteins of known structure and function, these models 

provide insights into the binding modes of 2OG and Fe(II), as well as the presence of flexible 

regions that may not be ideal for protein crystallization. 
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Figure 5.6 Phyre2-predicted structures of PiuC (A) and MicL (B). Proteins are coloured by 

rainbow from N (blue) to C (red) terminus. 
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For MicL, Phyre2 identified 10 models with a confidence of 100%, of which 4 of the 

templates were structures of clavaminate synthase-like proteins. Clavaminate synthase is a 2OG 

oxygenase involved in one of the steps of clavulanic acid biosynthesis, a secondary metabolite 

that functions as a β-lactamase inhibitor [58]. A couple of other template structures within the top 

10 were also involved in secondary metabolite production. The top model obtained from Phyre2 

shows the presence of the characteristic DSBH, surrounded by α-helices that may be involved in 

interaction with its primary substrate (Figure 5.6B). From these structure prediction results, it is 

tempting to suggest that MicL is a 2OG oxygenase involved in secondary metabolite production 

in P. aeruginosa. However, from these structural predictions, we cannot rule out the possibility 

that MicL is involved in other oxidative reactions such as protein hydroxylation. 

5.4 Future Directions 

5.4.1 PhuS and HemO 

With new discoveries, come new questions to be addressed. The two-enzyme heme 

breakdown system in P. aeruginosa warrants further characterization. In vivo studies to measure 

the amount of verdoheme produced in a P. aeruginosa HemO deletion strain would be an 

interesting avenue to pursue, which could further support our discovery of PhuS as a heme-

degrading enzyme. As our in vitro studies showed that PhuS is capable of degrading heme to 

verdoheme, it would be conclusive to see whether this occurs in vivo. Ideally, in a HemO deletion 

strain, verdoheme production by PhuS should build up in the cell, which could be quantified by 

absorbance measurements and identified through mass spectrometry. 

Co-crystallization of PhuS and HemO would provide mechanistic and functional insights 

into the transfer of heme/verdoheme from PhuS to HemO. Mutation of the heme-coordinating 

histidine residue in HemO to an alanine should be performed to prevent actual heme transfer in 

order to capture the PhuS-HemO interaction within the crystal. Insights into the interaction 

interface can act as a platform for the design of specific inhibitors of PhuS or HemO function. As 
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P. aeruginosa is highly antibiotic resistant and a critical pathogen needing new treatments, the 

heme degradation pathway could be a potential target for development of new therapeutics. 

Designing small peptide inhibitors that mimic the interaction interface between PhuS and HemO 

may be a starting place to inhibit heme/verdoheme transfer, leading to decreased iron availability 

within P. aeruginosa. To ensure the specificity of these inhibitors, they can be tested against 

human HO enzymes as a control. 

Verdoheme transfer from PhuS to HemO may be tested using verdoheme produced by 

PhuS or using synthesized verdoheme, and incubating it with PhuS in an anaerobic glove box. 

HemO can then be added to the PhuS + verdoheme mixture to allow verdoheme transfer to 

HemO, which can then degrade the verdoheme to biliverdin with the injection of oxygen. 

Biliverdin production by HemO can then be detected through absorbance measurements of the 

final reaction mixture or through mass spectrometry. 

5.4.2 MicL and PiuC 

Our work with MicL and PiuC has laid a foundation for which further studies can be 

pursued. As PiuC had not been found to bind 2OG, a more systematic analysis should be 

performed for PiuC and its ability to bind to 2OG and Fe(II). Testing the binding of Fe(II) or 

Mn(II) to purified PiuC should be done first through ITC, as subsequent binding of 2OG is metal-

dependent. Once PiuC has been shown to bind Fe(II) or Mn(II), 2OG binding can be tested next 

through the use of N-oxalylglycine, which had been used as a good alternative to 2OG when 

studying 2OG binding properties of MicL. CD analysis can also be done to assess the difference 

in secondary structure when bound to 2OG or Fe(II), if the structure change is large. 

While binding studies through ITC or CD may be useful, it would be more meaningful if 

enzymatic activity can be established. An assay for detecting succinate formation by 2OG 

oxygenases is available in the literature [143], which couples the formation of succinate to the 

conversion of reduced nicotinamide adenine dinucleotide (NADH) to nicotinamide adenine 
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dinucleotide (NAD+) (Figure 5.7). This coupling involves the use of succinyl-coenzyme A 

synthetase, pyruvate kinase, and lactate dehydrogenase, and the decrease in absorbance at 340 nm 

is monitored through absorbance measurement. This assay can be used for 2OG oxygenases 

without an identified primary substrate, as they can undergo slow, “uncoupled” decarboxylation 

of 2OG to succinate and CO2. An alternative method to test activity of MicL and PiuC would be 

to perform gas chromatography experiments to measure CO2 production from the uncoupled 

reaction. As such, these assays would be potential experiments to try with MicL and PiuC to test 

their efficiency with 2OG turnover. 

Continued attempts to find protein substrates for MicL and PiuC should be made. When 

performing pull-down experiments, an additional control experiment should be performed using 

an unrelated protein as the bait while using the same cell lysate as the actual experiment to 

confirm that the proteins co-eluting with our protein of interest are indeed protein substrates. 

Once a binding partner has been found, we can determine whether that protein is indeed a 

substrate for MicL or PiuC by combining the 2OG oxygenase with its candidate protein substrate, 

2OG, and Fe(II), and subjecting it to mass spectrometry analysis. Addition of a hydroxyl group to 

an amino acid residue will result in a +16 Da shift, while the removal of a methyl group will 

result in a -14 Da shift. Once the target residue for MicL and PiuC modification is identified, a 

structural basis for the effect of modification can be proposed according to the structure of the 

protein substrate. 

Interactions with potential protein substrates can be further studied through co-

crystallization. Once a protein substrate has been found, it can be cloned and expressed for 

complex formation with our 2OG oxygenase of interest. However, measures to prevent enzymatic 

turnover must be considered, which would include using a 2OG analog and/or mutating the 

modified residue on the substrate protein. 
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Figure 5.7 Detection of succinate formation by 2OG oxygenases. NADH consumption is 

monitored through absorbance measurement at 340 nm. Adapted from [143]. 

70 Fe(II)/2-oxoglutarate-dependent dioxygenase assay / L. Luo et al. / Anal. Biochem. 353 (2006) 69–74

separation of [1-14C]succinate from 2-oxo-[5-14C]glutarate
by ion exchange chromatography [16] or the determination
of [1-14C]succinate after precipitation of 2-oxo-[5-14C]gluta-
rate with 2,4-dinitrophenyl hydrazine [17]. Drawbacks to
these assays include their requirement for radioactive
reagents, tedious protocols, and inabilities to be easily
adapted to a high-throughput format. Spectrophotometric
assays for this enzyme family have focused on measure-
ments of 2-oxoglutarate remaining in the assay solution.
For example, the NADH-dependent conversion of 2-oxo-
glutarate plus ammonia to glutamate by glutamate dehy-
drogenase has long been used to quantify prolyl
hydroxylase activity [15]. More recently, a Xuorescence-
based assay for Fe(II)/2-oxoglutarate-dependent dioxygen-
ases was reported in which cosubstrate remaining in the
assay solution is derivatized with o-phenylenediamine to
yield a Xuorescent product [18]. Both of these methods
monitor the diminution of the starting material, thus com-
promising the assay sensitivity and potentially confounding
detailed kinetic characterization. In addition, because
ascorbate reacts with the reagent, the latter assay cannot be
used in the presence of this reductant, a commonly used
additive that maintains the proper iron redox state. Finally,
spectrophotometric assays to monitor succinate have been
hindered by the instability of the coupling enzyme succinate
dehydrogenase [19].

As an alternative to the above approaches, we now
report a method for assaying Fe(II)/2-oxoglutarate-depen-
dent dioxygenases by using succinyl-CoA1 synthetase
(SCS), pyruvate kinase (PK), and lactate dehydrogenase
(COH) to couple succinate production to NADH oxidation
(see Scheme 1). By monitoring the rate of absorbance
decrease at 340 nm, we can follow the enzyme reactions in a
continuous format. The validity of this method is conWrmed
by measuring the activity of two representative enzymes.
Of  additional interest, this assay allows for the detection
of uncoupled decarboxylation, a signiWcant side reaction of
many members of this enzyme family (especially when no
primary substrate is provided or a poor substrate is present,
see Scheme 2), thus providing a valuable tool to study the
nonproductive reactions catalyzed by Fe(II)/2-oxoglutar-
ate-dependent dioxygenases.

Materials and methods

Materials

Pyruvate kinase/lactate dehydrogenase enzymes, phos-
phoenolpyruvate (PEP), NADH, ascorbate, coenzyme A,
and taurine were purchased from Sigma. Escherichia coli
succinyl-CoA synthetase was overexpressed and puriWed

from E. coli JM103 [20] following the procedures
described [21,22]. PuriWed succinyl-CoA synthetase has an
activity of better than 50 U/mg. Succinyl-CoA synthetase
was stored as an ammonium sulfate precipitate at 4 °C. E.
coli TauD, a taurine (2-aminoethanesulfonate)/2-oxoglu-
tarate dioxygenase, was puriWed from recombinant E. coli
pME4141 as previously described [23]. The herbicide-
degrading 2,4-dichlorophenoxyacetic acid (2,4-D)/2-oxo-
glutarate dioxygenase (TfdA) of Cupriavidus necator
(formerly Ralstonia eutropha) JMP134(pJP4) was puriWed
as a recombinant, maltose binding protein (MBP)-fusion
protein from E. coli pMAL-tfdA by already reported
procedures [24].

General methods

Reactions were performed in clear 384-well plates from
Costar (Corning Inc., Corning, NY) with a Wnal assay vol-
ume of 60 or 10 !L. Reactions were carried out at 25 °C in
100 mM Tris, pH 8.0. A typical reaction mixture con-
tained 1.0 mM PEP, 0.3 mM NADH, 10 mM MgCl2,
0.2 mM CoA, 0.2 mM ATP, 0.1 mM (NH4)2Fe(SO4)2,
0.1 mM ascorbic acid, 0.5 !M SCS, 3.5 U/mL PK, and 5 U/
mL LDH. The UV signal obtained was measured in a

1 Abbreviations used: CoA, coenzyme A; 2,4-D, 2,4-dichlorophenoxyace-
tic acid; MBP, maltose binding protein; PEP, phosphoenolpyruvate; SCS/
PK/LDH, succinyl-CoA synthetase/pyruvate kinase/lactate dehydroge-
nase; TauD, taurine/2-oxoglutarate dioxygenase; TfdA, 2,4-D/2-oxoglu-
tarate dioxygenase; PK/LDH, pyruvate kinase/lactate dehydrogenase.

Scheme 1. Detection of succinate formation by Fe(II)/2-oxoglutarate-
dependent dioxygenases by using succinyl-CoA synthetase, pyruvate
kinase, and lactate dehydrogenase coupled NADH oxidation.

succinate + CO2 + product

 dioxygenase

succinyl-CoA + ADP + Pi

CoA + ATP succinyl-CoA synthetase

NAD

Fe2+, 
ascorbate

pyruvate kinasePEP

pyruvate + ATP

lactate dehydrogenase

lactate

NADH

2-oxoglutarate + "primary" substrate + O2

Scheme 2. Comparison of the enzymatic turnover and uncoupled reac-
tions of Fe(II)/2-oxoglutarate dioxygenases. The coupled reaction is
shown as a hydroxylation, but alternatives include desaturation, ring clo-
sure, and chlorination reactions.



 

110 

 

 MicL and PiuC may also be amenable targets for new therapeutics against P. aeruginosa. 

Peptide inhibitors that disrupt the interaction of the 2OG oxygenase with its protein substrate can 

be designed once knowledge of their interaction interface is known through structure 

determination of the complex. Designing inhibitors that are specific to proteins belonging to the 

pathogen are crucial to prevent cross-reactivity with host proteins. 

Crystallization trials of MicL and PiuC alone should continue in the hopes of finding 

diffraction-quality crystals for subsequent structure determination. Alternate methods to improve 

the quality of the current PiuC crystals must be attempted such as microseeding or macroseeding. 

Crystallization screening should continue for MicL in the presence and absence of cofactors. 

Different constructs of MicL that may be more favourable for crystallization should also be 

considered. Once crystals of sufficient quality are obtained, its structure may need to be 

determined through methods other than molecular replacement such as multi-wavelength 

anomalous dispersion. The natural iron-binding properties of the 2OG oxygenases can be 

exploited through the use of iron phasing, which has been successfully used to solve the 

structures of other iron-binding proteins [157]. 

5.5 Summary 

In summary, we have successfully determined the crystal structure of PhuS, both in the 

presence and absence of heme, and have characterized its HO activity. With this newfound 

discovery, we attempted to understand its role further in the presence of HemO and how it 

enhances heme degradation activity when both are present together. This function coupling, two-

enzyme system for heme degradation is unique to P. aeruginosa, and affords the bacteria with 

increased iron availability for proper proliferation and pathogenesis. Moreover, we have 

characterized MicL and PiuC as important 2OG oxygenases involved in cell growth regulation in 

P. aeruginosa, although further studies are required to fully characterize MicL and PiuC. Finally, 

we believe that the proteins and biological pathways studied within this thesis can be amenable 
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targets for development of new therapeutics against P. aeruginosa, of which are desperately 

needed due to growing concern within the medical community of their high antibiotic resistance. 
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Appendix A 

Growth of Diffraction-Quality Protein Crystals Using a Harvestable 

Microfluidic Device 

A.1 Abstract 

Protein crystallization is the major bottleneck in the entire process of protein 

crystallography, and obtaining diffraction-quality crystals can be unpredictable and sometimes 

exceptionally difficult, requiring many rounds of high-throughput screening. Recently, a more 

time- and cost-saving strategy to use the commercially available microfluidic devices called 

Crystal Formers has emerged. Herein we show the application of such a device using a protein 

from Legionella pneumophila called LidL that is predicted to be involved in the ability to 

efficiently manipulate host cell trafficking events once internalized by the host cell. After setting 

up just one 96-channel Crystal Former tray, we were able to obtain a diffraction-quality crystal 

that diffracted to 2.76 Å. These results show that Crystal Formers can be used to screen and 

optimize crystals to directly produce crystals for structure determination. 

A.2 Background and Results 

Protein crystallography has advanced tremendously in the past 50 years. The 

technological advancements since then have fuelled exponential growth in the number of protein 

structures deposited in the Protein Data Bank, which currently stands at close to 100,000 

structures [158]. However, this number only represents a relatively small fraction of proteins that 

are actually encoded by various genomes. 

Crystallization of a protein is one of the major bottlenecks in the entire process of protein 

crystallography, and obtaining diffraction-quality crystals can be very unpredictable and 

sometimes exceptionally difficult, requiring many rounds of high-throughput screening and 

optimizations with no guarantee of success [158]. Even once a condition for protein 
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crystallization is identified, not all crystals will be of high quality, meaning single and well-

ordered crystals that diffract to suitable resolution with low mosaicity. Common methods to 

crystallize proteins include vapor diffusion, batch crystallization, and seeding [158]. Before the 

development of high-throughput methods, capillary-based counter-diffusion methods were not 

uncommon, but these methods were not amenable to high-throughput screening because each 

experiment had to be set up one by one in single capillaries, in addition to the significant amount 

of protein sample required [159]. Since then, vapor diffusion has become the most popular 

method of crystallization, including hanging drop and sitting drop methods. Use of traditional, 

96-well plates for sitting drop vapor diffusion experiments is the common place to start for high-

throughput screening. However, some proteins do not crystallize even after utilizing many 

different screening kits, or the crystals obtained do not diffract to sufficient resolution necessary 

for structure determination. 

Recently, the development of microfluidic systems for crystallizing proteins through the 

diffusion method at the nanoliter scale has provided alternative methods [160–166]. One such 

device is Crystal Formers (Microlytic North America, Burlington, MA), which utilize liquid–

liquid diffusion methods through loading nanoliters of protein to one side of the channels and 

precipitant to the other side [167]. The mixing of these two solutions within the channels creates 

thousands of different combinations of conditions, which is more advantageous than conditions in 

a more discrete method as with vapor diffusion [167]. Furthermore, crystallization at the 

microscale allows slow and well-controlled diffusive mixing of the solutions, which can promote 

growth of high-quality crystals [167]. This method of crystallization is becoming more common 

in the search for initial crystallization conditions, as well as crystal growth optimization 

[165,167]. 

Before proceeding with crystallization, it is essential to first have a pure, homogeneous 

sample of protein. The protein we used for this experiment was LidL, which is a 489-residue 
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protein from Legionella pneumophila that has been implicated in the ability to efficiently 

manipulate host cell trafficking events once internalized into host cells [168]. L. pneumophila is 

the causative agent of a potentially fatal disease called legionellosis [169]. In order for bacteria 

like L. pneumophila to survive within phagocytic host cells, bacterial pathogens have evolved 

strategies to avoid fusion with lysosomes. The main determinant of the infectious cycle of L. 

pneumophila is the existence of the Dot/Icm type IV secretion system (T4SS) [169,170]. The 

T4SS is a macromolecular transport system that translocates bacterial proteins called “effectors” 

into the host cell, and is required for intracellular survival and replication of the bacteria 

[169,171,172]. More than 100 effector proteins have been identified in L. pneumophila 

[173], with LidL being one of the prime examples. Many of these effectors were determined to 

have distinctive eukaryotic domains, such as kinase, ligase, lyase, and phospholipase domains, as 

well as domains involved in protein–protein interactions, such as ankyrin repeats, leucine-rich 

repeats, and coiled coils [173,174]. LidL itself contains 12 Sel1-like repeats, which are named 

after the extracellular protein from Caenorhabditis elegans for which it was first described 

[168,175]. Sel1 motifs are important mediators of protein–protein interactions and are mostly 

found in eukaryotic proteins such as elongation factor 2 kinase (EF2K) [168,176]. Therefore, 

LidL may be important for diverting certain host cell proteins from participating in their normal 

defense mechanisms. Although the existence of a wide variety of effectors is known, only a 

minority of them have been structurally or functionally characterized [173]. As a result, further 

characterization of these effectors, including LidL, is necessary to understand their modes of 

action within the infection cycle of L. pneumophila. 

A recombinant, truncated form of LidL, residues 27–192 encompassing 4 Sel1-like 

repeats, with a C-terminal 6xHis-tag was overexpressed using Escherichia coli BL21 (DE3) cells. 

One liter cultures in lysogeny broth and 0.1 mg/mL ampicillin were grown at 37 °C with shaking 

to an optical density at 600 nm (OD600) between 0.6 and 1.0, at which point the cells were 
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induced overnight with the addition of 0.1 mM isopropyl β-d-1-thiogalactopyranoside and 

lowering the temperature to 20 °C. Cells were then harvested by centrifugation and the cell pellet 

was lysed with 1.5 mg/mL lysozyme in the presence of 100 mL lysis buffer [50 mM Tris (pH 8), 

0.3 M sodium chloride, and 10 mM imidazole]. This lysis solution was incubated on ice with 

occasional shaking before sonication. After sonication, the lysed cells were centrifuged to 

separate the soluble and insoluble fractions. The soluble fraction was kept for purification via 

nickel-nitriloacetic acid beads using 50 mM Tris (pH 8), 0.3 M sodium chloride, and 0.3 M 

imidazole as the elution buffer, and an extra purification step through size-exclusion 

chromatography using a HiLoad 16/60 Superdex 75 prep-grade column (GE Healthcare) gave 

pure protein (Figure A.1). The protein was then concentrated to a range between 10 and 114 

mg/mL using a centrifugal concentrator. 

Through the use of high-throughput, 96-channel Crystal Formers, we were able to obtain 

a crystal for a protein that has failed to produce crystals through conventional vapor diffusion 

methods (Figure A.2). Numerous vapor diffusion experiments were initially set up at room 

temperature using commercially available crystallization screening kits, as well as utilizing five 

different constructs of LidL (full length and various truncations) at concentrations typical of most 

vapor diffusion experiments (<20 mg/mL) [177]. Protein crystals were obtained, but were too 

small and not of sufficient quality for high resolution data collection. Experiments using higher 

concentrations of protein were also set up but not pursued due to large amounts of precipitation 

forming within the crystallization drops. Consequently, using 114 mg/mL of LidL 27–192 in 50 

mM Hepes (pH 7), 20 mM sodium chloride, a Crystal Former tray was set up by first pipetting 

0.5 µL of protein to one side of the channels, and then 0.5 µL of each of the conditions from the 

Smart Screen and the PurePEGs screen to the other side. The channel inlets were sealed with the 

sealing tape provided and the tray was left at room temperature. The protein crystal hit was found 

in a PurePEGs condition consisting of 0.3 M calcium acetate, 0.1 M Bicine, 22.5% PurePEGs  
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Figure A.1 SDS-PAGE of the purified LidL 27–192 protein following size-exclusion 

chromatography. Lane 1, molecular weight ladder; Lane 2, purified protein. 
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Figure A.2 Crystals of LidL 27–192 obtained from the Crystal Former in a condition 

consisting of 0.3 M calcium acetate, 0.1 M Bicine, 22.5% PurePEGs (PEGs 0.3–8 kDa), final 

pH 6.4. 
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(PEGs 0.3–8 kDa), final pH 6.4. The crystal was large enough to test using our home source X-

ray machine, which was harvested from the Crystal Former through the bottom of the tray by 

cutting the peelable film surrounding the reaction chamber using a razor blade. Once the film was 

peeled off, cryoprotectant was immediately applied to both the open capillary and the cut film to 

prevent dehydration of the crystal. From here, the crystal was looped and mounted on the X-ray 

machine. The crystal diffracted to a maximum resolution of 2.76 Å (Figure A.3, Table A.1), and 

diffraction data were collected at 100 K for 340° total, with 1° oscillation, using the home source 

X-ray machine equipped with a Rigaku rotating copper anode and a MarResearch345 detector. 

Data were indexed, integrated, and scaled using XDS [103]. Crystals belonged to the 

orthorhombic space group C2221 with unit cell dimensions a = 28.4 Å, b = 152.3 Å, and c = 77.6 

Å. 

In protein crystallization, not only is it important to have the right combination of buffer, 

salt, and precipitant, but the method by which the crystallization condition is subjected to the 

protein sample can have a great impact on crystal growth and quality. Furthermore, usage of 

highly concentrated protein is ideal, but not a prerequisite with Crystal Formers as long as the 

sample is soluble. Diffusive mixing with a protein of higher concentration allows even more 

possibilities of conditions within each channel due to the progressive dilution of the protein 

toward the middle of the channel and the creation of a wider gradient. In our experiment 

specifically, we obtained our crystal in a condition which samples the PEG crystallization space 

in a fairly complete and complex way. The process of equilibration in the channel creates 

overlapping waves of PEG molecules diffusing at different rates determined by their varying 

molecular weights [178]. This is a very powerful screening approach that is achieved by the 

combination of the PEG cocktail with a capillary-based crystallization method. 

The crystal grown and harvested from the Crystal Former allowed for collection of a full 

data set useful for potential structure determination. The use of Crystal Formers essentially  
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Figure A.3 Representative diffraction image of the LidL 27–192 crystal obtained from the 

Crystal Former. 
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Table A.1 Data collection statistics for LidL 27-192 

space group C2221 

Cell dimensions 

a, b, c (Å) 28.4, 152.3, 77.6 

α, β, γ (deg) 90, 90, 90 

Resolution range (Å) 20–2.76 (2.86–2.76) 

Total reflections 57 525 

Unique reflections 4486 

Completeness (%) 96.6 (84.0) 

Rsym (%) 15.9 (53.5) 

I/σI 13.82 (5.05) 

Values in parentheses are for the outermost shell. 
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screens and optimizes crystals in a single channel, which can be a time- and cost-saving strategy 

for protein crystallization. Our work demonstrates the effectiveness of using Crystal Formers as 

an autonomous crystallization screening tool for producing diffraction-quality crystals and can be 

the stepping stone for future structure determination. 
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Appendix B 

Characterization of PhuU, PhuV, and PhuW from Pseudomonas 

aeruginosa 

B.1 Summary 

PhuW is one of the components of the Pseudomonas heme utilization pathway predicted 

to complex together with PhuU and PhuV as an ATP binding cassette transporter complex. The 

structure and function of PhuW has not been determined and there is no particular evidence 

showing that it interacts with PhuU and/or PhuV. In our study, through spectroscopic analysis, we 

confirmed that PhuW does not have heme degrading activity. Furthermore, through interaction 

studies, we have observed that PhuV does not interact with PhuW under the absence of PhuU and 

heme. In combination, these results lead to a new hypothesis that PhuW may serve as a short-term 

heme storage protein. 

B.2 Introduction 

Although the function of other components of the heme uptake system has been 

determined, the structure nor the function of PhuW has been elucidated. Previous studies with 

PhuW knockout strains of P. aeruginosa showed that it was able to grow with heme as the sole 

source of iron; however, compared to the wild-type PAO1 strain of this bacterium, it showed 

significantly decreased proliferation [40]. As a result, it was concluded that PhuW is a necessary 

component of the heme uptake system used for efficient growth of P. aeruginosa.  

PhuW has a homologue in another Gram-negative bacterium, Campylobacter jejuni, 

called ChaN. The crystal structure of heme-bound ChaN showed dimerization upon binding heme 

[179]. This result suggests that PhuW may also bind to heme and perhaps dimerize as well. 

Although heme stacking interactions have been observed previously within a single monomer, the 
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stacking observed in holo-ChaN is unique in that two hemes are stacked in between two 

monomers. 

Based on this information about PhuW, we hypothesized that this protein binds heme and 

is an important component of the inner membrane transport complex of the heme uptake system 

in P. aeruginosa. As a result, we aimed to determine its structure and function through various 

experiments. In order to structurally characterize PhuW, several attempts were made to crystallize 

a truncated form of PhuW, as well as an MBP fusion form for X-ray diffraction data collection. In 

order to functionally characterize PhuW, interaction studies with heme were done to observe for 

heme binding and degradation activity. Finally, in order to confirm that PhuW indeed interacts 

with PhuU and PhuV as a complex, several attempts were made to observe for protein complex 

formation. 

B.3 Materials and Methods 

PhuW overexpression and purification – PhuW (residues 33-295) from P. aeruginosa 

PAO1 genomic DNA was cloned into pET-21b vector and transformed into Escherichia coli 

BL21 (DE3) cells. These cells were plated onto lysogeny broth (LB)-agar plates containing 0.1 

mg/mL ampicillin, and grown overnight at 37 oC. The resulting colonies were then grown 

overnight at 37 oC with shaking in 5 mL LB also containing 0.1 mg/mL ampicillin. The next day, 

the overnight culture was subcultured into 1 L of LB containing 0.1 mg/mL ampicillin and grown 

at 37 oC with shaking until the optical density at 600 nm reached between 0.6 and 1.0. At this 

time, the cells were induced with 0.1 mM isopropyl β-D-1-thiogalactopyranoside and the 

temperature of the incubator was reduced to 20 oC. The cells were then harvested the next day by 

centrifugation at 4000 rpm for 40 minutes at 4 oC. The supernatant was discarded and the pellet 

was resuspended with 25 mL buffer A [0.1 M Tris (pH 8.5), 0.3 M sodium chloride, and 10 mM 

imidazole]. Lysozyme (5 mg/mL) was added to the suspension and incubated on ice for 30 

minutes with constant rocking at low speed. Then, in the resulting solution, 75 mL of buffer A 



 

138 

 

was added and sonicated for 2 minutes. The lysed cells were centrifuged in tubes at 16000 rpm 

for 30 minutes at 4 oC. After the centrifugation, the supernatant was kept for purification. 

The supernatant was allowed to flow through Ni2+-affinity column pre-equilibrated with 

buffer A. Once all the supernatant was ran through, the resin was washed with 3 column volumes 

of buffer A and then the protein was eluted with buffer B [0.1 M Tris (pH 8.5), 0.3 M sodium 

chloride, and 300 mM imidazole]. Fractions from each step were saved and ran on a SDS-PAGE 

gel to confirm the presence of PhuW. The eluted fraction containing the target protein was further 

purified through size exclusion chromatography using a HiLoad 16/60 Superdex 200 prep-grade 

column (GE Healthcare), which was pre-equilibrated with buffer C [25 mM Tris (pH 8.5), 0.1 M 

sodium chloride]. The fractions containing the protein were pooled and concentrated using 

centrifugal concentrators. The protein concentration was determined using ultraviolet visible 

spectroscopy before being used for further experimentation.  

Circular Dichroism spectroscopy of PhuW – Circular dichroism (CD) spectra were 

recorded using an Applied Photophysics Chirascan spectrometer at 25 oC. Spectra were recorded 

over the 190 – 260 nm range at a scan rate of 1 spectrum/min with step size of 1 nm. Spectra were 

recorded as the average of 6 scans. PhuW sample (17 µM in 25 mM Tris buffer (pH 8.5) 

containing 100 mM sodium chloride) was added to a 0.1 mm path length cuvette (Hellma 

Limited). CD spectra were subsequently deconvoluted using OLIS Globalworks software (On-

Line Instruments Systems) and the CONTINLL algorithm to determine secondary structural 

composition. 

MBP-PhuW Fusion construct overexpression and purification – PhuW (residues 33-295) 

from P. aeruginosa PAO1 genomic DNA was cloned into high-throughput cloning vectors (Jia 

Lab, Kingston, Ontario) containing genes that encode for maltose binding protein (MBP) and 

hexahistidine tag on the N-terminus. These plasmids were then transformed into E. coli BL21 

(DE3) cells for expression. The expression and purification of the fusion protein was done 
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according to the method used in expressing and purifying PhuW; however, a different set of 

buffers was used to stabilize the fusion protein. This set of buffers contained 25 mM MES (pH 

6.2) and 100 mM sodium chloride, while buffers A and B contained additional 15 mM and 300 

mM imidazole, respectively. The rest of the purification steps were identical to the one of PhuW 

purification. 

PhuW Heme binding and degradation assay – The heme used for this assay was prepared 

just prior to the experiment by dissolving hemin with 10 % ethanolamine and diluting it with 

buffer C to produce 3 mM heme. Then, 40 µM heme and 40 µM PhuW were incubated together 

and the absorbance data between wavelengths of 300 and 700 nm were collected at 1-nm 

increments using a microplate spectrophotometer (Bio-Tek, Winooski, VT). For heme 

degradation, it was initiated by adding 500 µM ascorbic acid and the spectral data were collected 

at 6 minute intervals for a total reaction time of 30 minutes. 

Isothermal Titration Calorimetry – ITC measurements were carried out on ITC200 and 

VP-ITC (Microcal/Malvern Instruments) for trials 1 and 2, respectively. For trial 1, 50 µM PhuW 

in the sample cell was titrated with 500 µM heme by injecting twenty-nine 1.3 µL aliquots at 6-

minute intervals. The measurements were carried out at 25 oC in 25 mM Tris buffer (pH 8.5), 

containing 100 mM sodium chloride. For trial 2, 126 µM PhuW in the 1.425 mL sample cell was 

titrated with 1260 µM heme, by injecting twenty-nine 10 uL aliquots at 6-minute intervals. The 

measurements were carried out at 25 oC in 25 mM Bicine buffer (pH 8.25) containing 100 mM 

sodium chloride. 

PhuW Buffer optimization – 16 different buffers were made with varying factors as 

described in Table 1. All buffers had a pH of 8.25 and 100 mM sodium chloride. Highly 

concentrated PhuW was added into 1.5 mL Eppendorf tubes and diluted by a factor of 5 and 20 

with these buffers. The labeled tubes were left overnight at 4 oC and were then qualitatively 

observed for the presence of precipitate the next day.  
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Table 1. Conditions of each buffer used in buffer optimization for PhuW. 

 With 2 mM DTT Without 2 mM DTT 
With 10% 
Glycerol 

Without 10% 
Glycerol 

With 10% 
Glycerol 

Without 10% 
Glycerol 

25 mM Bicine 1 2 3 4 
25 mM Tricine 5 6 7 8 
25 mM HEPPS 9 10 11 12 
25 mM TAPS 13 14 15 16 
 
PhuU and PhuV overexpression and purification – Full-length constructs of PhuU and 

PhuV were also expressed using the same method used to express PhuW; however, in terms of 

purification, a different set of buffers were used to better extract these proteins from the cell 

membrane. This set of buffers contained 25 mM Bicine (pH 8.25), 100 mM sodium chloride, 

10% glycerol, 1% n-dodecyl-β-D-maltoside while buffers A and B contained additional 15 mM 

and 300 mM imidazole, respectively. The rest of the purification steps were identical to the one of 

PhuW purification.  

When purifying PhuW for interaction studies with PhuU and V, the same set of buffers 

containing the detergent was also used in order to keep the conditions of all three proteins the 

same.  

PhuUVW complex formation – PhuU, PhuV, and PhuW purified with the buffer that 

contained the detergent, n-dodecyl-β-D-maltoside, were pooled together for PhuUVW interaction 

studies. The pooled fractions were concentrated together and ran on a size-exclusion 

chromatography column using a HiLoad 16/60 Superdex 200 prep-grade column (GE 

Healthcare), which was pre-equilibrated with buffer D [25 mM Bicine (pH 8.25), 0.1 M sodium 

chloride, 10% glycerol, 1% n-dodecyl-β-D-maltoside], and observed for a shift in the mass peak.   
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B.4 Results 

 
Figure 1. SDS-PAGE gel of PhuW purification. Hexahistidine tagged PhuW was purified 

from the supernatant of cell lysate using Ni2+-NTA affinity column. Lane 1, the molecular 

mass markers as shown; lane 2, soluble fraction of the cell lysate prior to purification; lane 

3, the flow-through fraction; lane 4, the wash fraction; and lane 5, the eluted PhuW 

fraction.  

 

 
Figure 2. Size exclusion chromatogram of PhuW with SDS-PAGE gel profile of the PhuW 

peak. The chromatogram shows that PhuW elutes from the column at elution volumes 

between 85 to 100 ml. The SDS-PAGE gel of the fractions from this peak shows pure PhuW. 

 

Circular Dichroism spectroscopy – The secondary structure composition of PhuW was 

quantified to be 38% α-helix, 15% β-strand, and 30% disordered region.  
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Figure 3. Circular dichroism spectrum of PhuW at 25 oC. 779 µM of PhuW in 25 mM Tris 

buffer (pH 8.5) containing 100 mM NaCl was measured from 190 to 260 nm.  

 

 
Figure 4. N-terminal MBP – PhuW fusion protein. (A) The construct of the fusion protein 

showing hexahistidine tagged maltose-binding protein fused with PhuW protein. (B) SDS-

PAGE gel showing the expression of the MBP-PhuW fusion protein. Lane 1, the molecular 

mass marker; lane 2, the lysate; lane 3, the soluble fraction of the lysate; and lane 4, the 

insoluble fraction of the lysate. 
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Figure 5. Spectroscopic analysis of heme binding activity of PhuW. Each curve represents 

the absorbance spectrum of either 40 µM PhuW (blue), 40 µM heme (red), or 40 µM PhuW 

mixed with 40 µM heme (yellow) in (A) trial 1 and (B) trial 2.  

 

 
Figure 6. Spectroscopic analysis of heme degradation by PhuW. The spectra taken at 6-

minute intervals are differentiated with different colours as indicated.  
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Figure 7. SDS-PAGE purification profile of PhuU, PhuV, and PhuW. Hexahistidine tagged 

PhuU, PhuV, and PhuW were individually purified using Ni2+ - NTA affinity column with a 

set of buffers containing detergent. Lanes L, soluble fractions of the cell lysate prior to 

purification; lanes W, the wash fractions; and lanes E, the elution fractions. The molecular 

mass standard is on the left as shown.    

 

 


