
 
 

Characterization of Bioactive Components in Decellularized Adipose Tissue Scaffolds for 

Tissue Engineering 

By 

Cody Francis Campbell Brown 

 

 

 

 

A thesis submitted to the Department of Chemical Engineering 

In conformity with the requirements for 

the degree of Master of Applied Science 

 

 

 

Queen’s University 

Kingston, Ontario, Canada 

(December, 2013) 

Copyright ©Cody Francis Campbell Brown, 2013



i 
 

Abstract	

In previous in vitro and in vivo studies, decellularized adipose tissue (DAT) has demonstrated 

unique bioactivity, but little is known about the bioactive components preserved in the 

decellularized scaffold. With the goal of characterizing the bioactive components in the DAT, 

protein was extracted from DAT samples from 3 donors using 5 different buffers.  The resulting 

DAT extracts were found to have very low protein content so molecular weight fractioning 

centrifugation was used to concentrate the samples. Concentrated extracts were screened for the 

presence of the bioactive components adiponectin, vascular endothelial growth factor A (VEGF-

A), bone morphogenetic protein 2 (BMP-2) and Dickkopf related protein 1 (DKK-1) using 

Western blotting. Positive signal for BMP-2 was found for one donor in Roger’s Sample Buffer 

and Urea Buffer, but all other proteins investigated with Western blotting went undetected for all 

extraction buffers. Immunohistochemistry (IHC) was also used to determine the presence and 

distribution of bioactive components in the DAT samples. Sections of DAT were probed for the 

same bioactive components; adiponectin, VEGF-A, BMP-2 and DKK-1, with positive signals 

detected for adiponectin and VEGF-A. In order to develop an injectable, DAT-derived hydrogel 

for soft tissue regeneration, DATgels were fabricated from an enzymatically treated and 

homogenized DAT pre-gel suspension, which was neutralized to physiological pH and salt 

concentration. The highly-hydrated DATgels, containing up to 97% water, were found to 

degrade substantially over 14 days in simulated physiological fluid, with only a slight reduction 

in the overall scaffold size. Histology and SEM showed no major structural differences between 

the two formulations evaluated (40 mg/mL and 50 mg/mL), with both containing intact DAT 

features and small void spaces scattered heterogeneously throughout the scaffold. Preliminary in 

vitro cell work with adipose-derived stem cells (ASCs) showed that the 40 mg/mL formulation 
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DATgel supported cell attachment and viability greater than 70% for all scaffolds up to 7 days 

after seeding. Further, migration into the scaffold was observed over time, indicating that the 

adhesive properties of the native ECM were retained through the processing steps required to 

fabricate the DATgels.  

 

  



iii 
 

Acknowledgements	

First, I would like to thank my supervisor, Dr. Lauren Flynn for her support and direction 

through this project and her incredible devotion to myself and fellow labmates. Her undeniable 

belief in my abilities has helped shape me into the researcher I am today. 

I would also like to thank Richard Casselman for teaching me Western blotting techniques with 

no obligation to do so. Thank you to Charlie Cooney for teaching and assisting with scanning 

electron microscopy. To Drs J. F. Watkins, K. Meathrel, J. Davidson, and Mrs. K. Martin, thank 

you for your clinical collaborations in obtaining tissue samples.  

Thank you to my labmates and friends, Valerio Russo, Claire Yu, Stu Young, Lydia Fuetterer, 

Bryen Turco, Andrew Carol, and Tim Han along with past summer students and post-doctoral 

fellows for making things interesting and enjoyable each day.  

I would like to extend a special thank you to my Dad, Campbell Brown, for helping me in any 

way you can, as you always have. I would like to thank my girlfriend, Simone Jackson, for 

helping me through the ups and downs over the past 2 years. Thank you to the rest of my family 

and friends: I would like to acknowledge you all individually, but that would require another 

chapter – I’ll work on it.   

Finally, I would like to dedicate this thesis to my grandmother, Gran Brown, who has inspired 

me to chase after my dreams and to keep a positive mindset in doing so. Throughout my whole 

life she has always been there to help me make lemon curd out of the lemons I’ve been dealt and 

is always the first to congratulate me on my achievements. I am incredibly fortunate to have her 

warm, funny and loving presence in my life and will always remember her most famous saying, 

“It will all work out in the end.” It appears you were right once again Gran. 



iv 
 

Table	of	Contents	

Abstract ............................................................................................................................................ i 

Acknowledgements ........................................................................................................................ iii 

List of Figures ............................................................................................................................... vii 

List of Tables .................................................................................................................................. x 

Chapter 1: Introduction ................................................................................................................... 1 

1.1 Current Clinical Strategies and Limitations .......................................................................... 1 

1.2 Thesis Overview ................................................................................................................... 1 

1.3 Research Objectives .............................................................................................................. 3 

Chapter 2: Literature Review .......................................................................................................... 5 

2.1 Adipose Tissue ...................................................................................................................... 5 

2.1.1 Types of Adipose Tissue ................................................................................................ 5 

2.1.2 White Adipose Tissue .................................................................................................... 6 

2.1.3 Brown Adipose Tissue ................................................................................................... 8 

2.2 Adipose Extracellular Matrix ................................................................................................ 9 

2.2.1 Extracellular Matrix Components .................................................................................. 9 

2.2.2 Structural Components................................................................................................. 10 

2.2.3 Small Molecules of the Extracellular Matrix ............................................................... 12 

2.3 Adipose-derived Stem Cells ............................................................................................... 16 

2.3.1 Adipose-derived Stem Cell Markers ............................................................................ 16 

2.3.2 Proliferation and Differentiation of ASCs ................................................................... 17 

2.3.3 Adipogenic Transcription Factors ................................................................................ 19 

2.3.4 Adipogenic modulating factors .................................................................................... 20 

2.4 Adipokines .......................................................................................................................... 21 

2.5 Current Clinical Strategies for Soft Tissue Reconstruction ................................................ 26 

2.6 Adipose Tissue Engineering ............................................................................................... 29 

2.6.1 Challenges in Adipose Engineering ............................................................................. 29 

2.6.2 Summary ...................................................................................................................... 37 

Chapter 3: Materials and Methods ................................................................................................ 38 

3.1 Materials ............................................................................................................................. 38 



v 
 

3.2 Acquirement of Adipose Tissue .......................................................................................... 38 

3.3 Decellularization of Adipose Tissue ................................................................................... 38 

3.4 Protein Extraction from Decellularized Adipose Tissue .................................................... 40 

3.4.1 Protein Extraction Buffers ........................................................................................... 41 

3.4.2 Protein Quantification .................................................................................................. 42 

3.4.3 Molecular Weight Fractioning ..................................................................................... 42 

3.5 Bioactive Component Identification ................................................................................... 43 

3.5.1 Adiponectin .................................................................................................................. 46 

3.5.2 VEGF-A ....................................................................................................................... 47 

3.5.3 DKK-1.......................................................................................................................... 48 

3.5.4 BMP-2 .......................................................................................................................... 49 

3.6 Immunohistochemical Analysis of Bioactive Components in DAT Scaffolds .................. 50 

3.6.1 Tissue Fixing and Paraffin Embedding ........................................................................ 50 

3.6.2 Immunohistochemistry ................................................................................................ 51 

3.7 Fabrication of DAT Hydrogels ........................................................................................... 54 

3.7.1 Preparation of DAT Suspensions ................................................................................. 54 

3.7.2 DAT Gel Fabrication ................................................................................................... 55 

3.8 DAT Hydrogel Characterization ......................................................................................... 55 

3.8.1 Equilibrium Water Content .......................................................................................... 55 

3.8.2 Gel Stability ................................................................................................................. 56 

3.8.3 Scanning Electron Microscopy .................................................................................... 56 

3.8.4 Histology ...................................................................................................................... 56 

3.8.5 Isolation of Adipose-derived Stem Cells ..................................................................... 57 

3.8.6 Seeding of ASCs on the DAT Gels .............................................................................. 58 

3.8.7 Live/Dead ..................................................................................................................... 60 

3.8.8 Histology ...................................................................................................................... 61 

Chapter 4: Results and Discussion - Characterization of Bioactive Components in DAT Scaffolds
....................................................................................................................................................... 63 

4.1 Introduction ......................................................................................................................... 63 

4.2 Results and Discussion ....................................................................................................... 64 

4.2.1 Decellularization and Extraction of Proteins from DAT ............................................. 64 



vi 
 

4.2.2 Concentration of Extracted DAT Proteins ................................................................... 67 

4.2.3 Identification of Bioactive Components Using Western Blotting and 
Immunohistochemistry ......................................................................................................... 69 

4.2.4 Challenges in Characterizing Bioactive Components from DAT ................................ 86 

4.3 Conclusions ......................................................................................................................... 87 

Chapter 5:  Results and Discussion - Fabrication and Characterization of DATgels ................... 88 

5.1 Introduction ......................................................................................................................... 88 

5.2 Results & Discussion .......................................................................................................... 88 

5.2.1 Fabrication of DATgels ............................................................................................... 88 

5.2.2 Equilibrium Water Content .......................................................................................... 89 

5.2.3 DATgel Stability .......................................................................................................... 89 

5.2.4 Scanning Electron Microscopy and Histology ............................................................ 91 

5.2.5 LIVE/DEAD & Seeded DATgel Histology ................................................................. 94 

5.3 Conclusions ....................................................................................................................... 100 

Chapter 6: Conclusions and Future Work ................................................................................... 102 

6.1 Summary and Conclusions ............................................................................................... 102 

6.2 Contributions..................................................................................................................... 104 

6.3 Future Work ...................................................................................................................... 105 

References ................................................................................................................................... 108 

Apendix A ................................................................................................................................... 127 

A.1 Additional Western Blot Images ...................................................................................... 127 

Adiponectin ......................................................................................................................... 127 

VEGF-A .............................................................................................................................. 129 

BMP-2 ................................................................................................................................. 131 

DKK-1................................................................................................................................. 133 

A.2 Additional IHC Images .................................................................................................... 135 

Adiponectin ......................................................................................................................... 135 

VEGF-A .............................................................................................................................. 138 

BMP-2 ................................................................................................................................. 141 

DKK-1................................................................................................................................. 144 

  



vii 
 

List	of	Figures	

Figure 3-1: Gel and membrane setup for electrophoretic transfer ................................................ 45 
Figure 3-2: Seeded DATgel in vitro schematic ............................................................................ 60 
Figure 4-1: Extracted protein content measured for DAT treated in different extraction buffers, as 
measured spectrophotometrically using the Pierce BCA protein assay. ....................................... 66 
Figure 4-2: Concentrated DAT extract protein content as measured spectrophotometrically using 
the Pierce BCA protein assay ....................................................................................................... 68 
Figure 4-3: Protein content variability in concentrated DAT protein extracts for DAT from 
different donors as measured spectrophotometrically using the Pierce BCA protein assay ......... 69 
Figure 4-4: A representative Western blot membrane of SDS-PAGE gel loaded with recombinant 
controls and concentrated DAT extracts in various buffers probed for adiponectin. ................... 72 
Figure 4-5: Representative image of positive IHC staining for adiponectin with red arrows 
indicating positive signal. ............................................................................................................. 73 
Figure 4-6: A representative Western blot membrane of SDS-PAGE gel loaded with 
concentrated DAT extracts in various buffers and rat liver lysate controls probed for VEGF-A 76 
Figure 4-7: Representative image of IHC staining for VEGF-A with red arrows indicating 
positive signal ............................................................................................................................... 77 
Figure 4-8: A representative Western blot membrane of SDS-PAGE gel loaded with 
concentrated DAT extracts in various buffers and rat brain lysate controls probed for BMP-2. . 80 
Figure 4-9: Representative image of IHC staining for BMP-2 with red arrows indicating positive 
signal ............................................................................................................................................. 81 
Figure 4-10: A representative Western blot membrane of SDS-PAGE gel loaded with 
concentrated DAT extracts in various buffers and recombinant DKK-1 controls probed for DKK-
1..................................................................................................................................................... 84 
Figure 4-11: Representative image of IHC staining for BMP-2 with red arrows indicating 
positive signal ............................................................................................................................... 85 
Figure 5-1: a) Macroscopic image of DATs pre-gel prior to incubation at 37°C b) Formed 
DATgel in PBS resembling intact DAT ....................................................................................... 89 
Figure 5-2: DATgel stability in simulated physiological fluid assessed over 14 days by 
measuring secreted protein spectrophotometrically using a modified Lowry protein assay ........ 91 
Figure 5-3: Representative SEM images of DATgels at 500X magnification showing 
microscopic similarity of two formulations. ................................................................................. 92 
Figure 5-4: Picrosirius red staining of 40 and 50mg/mL DATgels for visualization of collagen 93 
Figure 5-5: Confocal images of ASCs seeded onto DATgels stained with LIVE/DEAD viability 
stain. .............................................................................................................................................. 95 
Figure 5-6: Percentage of viable ASCs seeded on the surface of 40mg/mL DATgels at 24h, 3 
days, and 7 days after seeding. ...................................................................................................... 96 
Figure 5-7: Representative images of ASC Seeded on DATgels. ................................................ 99 
Figure A-1: Western blot membrane of SDS-PAGE gel loaded with recombinant controls and 
concentrated DAT (donor 3) extracts in various buffers probed for adiponectin.. ..................... 127 



viii 
 

Figure A-2:  Western blot membrane of SDS-PAGE gel loaded with recombinant controls and 
concentrated DAT (donor 3) extracts in various buffers probed for adiponectin.. ..................... 128 
Figure A-3 Western blot membrane of SDS-PAGE gel loaded with rat liver lysate controls and 
concentrated DAT (Donor 1) extracts in various buffers probed for VEGF-A.. ........................ 129 
Figure A-4: Western blot membrane of SDS-PAGE gel loaded with rat liver lysate controls and 
concentrated DAT (Donor 3) extracts in various buffers probed for VEGF-A.. ........................ 130 
Figure A-5: Western blot membrane of SDS-PAGE gel loaded with rat brain lysate controls and 
concentrated DAT (Donor 1) extracts in various buffers probed for BMP-2.. ........................... 131 
Figure A-6: Western blot membrane of SDS-PAGE gel loaded with rat brain lysate controls and 
concentrated DAT (Donor 2) extracts in various buffers probed for BMP-2.. ........................... 132 
Figure A-7: Western blot membrane of SDS-PAGE gel loaded with recombinant DKK-1 
controls and concentrated DAT (Donor 2) extracts in various buffers probed forDKK-1.. ....... 133 
Figure A-8: Western blot membrane of SDS-PAGE gel loaded with recombinant DKK-1 
controls and concentrated DAT (Donor 3) extracts in various buffers probed forDKK-1.. ....... 134 
Figure A-9: DAT (donor 1) section with positive IHC staining for adiponectin. Red arrow 
indicating positive signal ............................................................................................................ 135 
Figure A-10: DAT (donor 2) section with no positive IHC staining for adiponectin. ................ 135 
Figure A-11: No-primary control for DAT donor 1 to demonstrate no non-specific binding of 
secondary antibody ..................................................................................................................... 136 
Figure A-12 No-primary control for DAT donor 2 to demonstrate no non-specific binding of 
secondary antibody ..................................................................................................................... 136 
Figure A-13: No-primary control for DAT donor 3 to demonstrate no non-specific binding of 
secondary antibody ..................................................................................................................... 137 
Figure A-14: No-primary control for rat brain tissue control to demonstrate no non-specific 
binding of secondary antibody .................................................................................................... 137 
Figure A-15: DAT (donor 1) section with positive IHC staining for VEGF-A. Red arrow 
indicating positive signal ............................................................................................................ 138 
Figure A-16: DAT (donor 3) section with no positive IHC staining for VEGF-A ..................... 138 
Figure A-17: No-primary control for DAT donor 1 to demonstrate no non-specific binding of 
secondary antibody ..................................................................................................................... 139 
Figure A-18: No-primary control for DAT donor 3 to demonstrate no non-specific binding of 
secondary antibody ..................................................................................................................... 139 
Figure A-19: No-primary control for DAT donor 3 to demonstrate no non-specific binding of 
secondary antibody ..................................................................................................................... 140 
Figure A-20: No-primary control for rat liver tissue to demonstrate no non-specific binding of 
secondary antibody ..................................................................................................................... 140 
Figure A-21: DAT (donor 2) section with no positive IHC staining for BMP-2 ....................... 141 
Figure A-22: DAT (donor 3) section with no positive IHC staining for BMP-2 ....................... 141 
Figure A-23: No-primary control for DAT donor 1 to demonstrate no non-specific binding of 
secondary antibody ..................................................................................................................... 142 



ix 
 

Figure A-24: No-primary control for DAT donor 2 to demonstrate no non-specific binding of 
secondary antibody ..................................................................................................................... 142 
Figure A-25: No-primary control for DAT donor 3 to demonstrate no non-specific binding of 
secondary antibody ..................................................................................................................... 143 
Figure A-26: No-primary control for rat brain tissue control to demonstrate no non-specific 
binding of secondary antibody .................................................................................................... 143 
Figure A-27: DAT (donor 2) section with no positive IHC staining for DKK-1 ....................... 144 
Figure A-28: DAT (donor 3) section with no positive IHC staining for DKK-1 ....................... 144 
Figure A-29: No-primary control for DAT donor 1 to demonstrate no non-specific binding of 
secondary antibody ..................................................................................................................... 145 
Figure A-30: No-primary control for DAT donor 2 to demonstrate no non-specific binding of 
secondary antibody ..................................................................................................................... 145 
Figure A-31: No-primary control for DAT donor 3 to demonstrate no non-specific binding of 
secondary antibody ..................................................................................................................... 146 
Figure A-32: No primary control for human placenta to demonstrate no non-specific binding of 
secondary antibody ..................................................................................................................... 146 
 

  



x 
 

List	of	Tables	

Table 2.1: Components of Adipose ECM [47] ............................................................................. 10 
Table 3.1: Outline of Flynn Decellularization Process ................................................................. 39 
Table 3.2: Protein Extraction Buffers & Components .................................................................. 41 
Table 3.3: Summary of Optimized Western Blot Conditions ....................................................... 50 
Table 3.4: Summary of Optimized IHC Conditions ..................................................................... 54 
Table 5.1: Summary of DATgel stability assessment including EWC, total protein loss and 
surface area change over 14 days .................................................................................................. 91 
 

 



 

1 
 

Chapter	1:	Introduction	

1.1	Current	Clinical	Strategies	and	Limitations	

A soft tissue defect is generally defined as a large tissue void within the subcutaneous fat layer 

often resulting in a change in the normal tissue contour [1]. Restoration of the soft tissue’s 

aesthetic function is often the primary target with soft tissue defects in order to minimize the 

anxiety and negative psychological feelings associated with disfigurement. Currently, defects 

resulting from trauma, tumor resection or congenital deformities are treated with autologous fat 

transfer techniques which incorporate grafting of the patient’s own tissue from a donor site to fill 

the void, but these treatments only provide a temporary solution and can cause significant 

morbidity to the donor site [2]. Alternatively, dermal fillers derived from a natural or synthetic 

source can be used for small volume defects, but may have complications with immunogenicity 

and often resorb over a short period of time requiring multiple treatments to ameliorate the defect 

[3]. The American Society of Plastic Surgeons reported that 5.6 million reconstructive surgeries 

were performed in the United States in 2012 [4], signifying a clinical need for a permanent 

treatment for soft tissue defects. The development of a minimally invasive technology designed 

to restore soft tissue function and aesthetics while eliciting a minimal immune response could 

greatly improve the lives of millions of people each year. 

1.2	Thesis	Overview	

Emerging technologies in the field of tissue engineering hold great promise for the future of soft 

tissue augmentation with techniques employing the use of stem cells in engineered 3-D matrices 

to regenerate lost adipose tissue. An ideal scaffold for adipose tissue engineering would be 

compatible with the host, bioactive, and sustainable for permanent treatment of the defect area. 
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The scaffold could be seeded with stem cells derived from the patient’s own tissue, following a 

minimally invasive harvesting procedure, to populate the implant and differentiate into the many 

cell types found in native adipose tissue. Decellularized matrices have been explored as a 

scaffold for tissue engineering as they have been shown to exhibit mechanical and biochemical 

cues that orchestrate the fate of the seeded stem cells [5]. Decellularized adipose tissue (DAT) 

developed by the Flynn lab has been evaluated as 3-D scaffold for adipose tissue engineering 

because has demonstrated excellent biocompatibility in vivo with a minimal immune response 

and integration with the host’s tissue [6], [7]. DAT scaffolds have also shown significant 

bioactivity in that they provide an “adipo-inductive” microenvironment, causing adipose derived 

stem cells (ASCs) to display markers of adipogenic differentiation without supplementation of 

the medium with exogenous adipogenic factors [6]–[8]. Further in vivo work has confirmed the 

adipogenic potential of DAT and also demonstrated a strong angiogenic response to the scaffold. 

Although DAT has excellent biocompatibility and bioactivity, pre-cut blocks of decellularized 

tissue are not an ideal scaffold for the correction of small volume defects as they require invasive 

surgical procedures to implant the scaffold. A potential solution to this issue would be to further 

process DAT to obtain an injectable pre-gel that thermally sets into a hydrogel when injected 

inject into the defect site, filling the subcutaneous void.  

The focus of this thesis involves the characterization of bioactive components in DAT that may 

contribute to the adipogenic and angiogenic properties observed during in vitro and in vivo 

studies. Western blotting and immunohistochemistry (IHC) techniques were used to probe the 

scaffold for bioactive components associated with adipogenesis and angiogenesis. Additionally, 

a DAT-derived hydrogel was fabricated and evaluated for stability, architecture and preliminary 
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cell response to determine the feasibility of the scaffold as a minimally invasive, injectable 

biomaterial for adipose tissue engineering.  

1.3	Research	Objectives	

The first overall objective of this thesis was to characterize bioactive components that may have 

contributed to the bioactive nature of DAT - specifically, adiponectin, VEGF-A, BMP-2 and 

DKK-1. The second overall objective was to fabricate and characterize a hydrogel derived from 

DAT as a potential injectable scaffold for adipose tissue engineering.  

Specific goals for this thesis were: 

i. To develop methods for extracting bioactive components from DAT in workable 

quantities for subsequent characterization.  

 Evaluate a range of extraction buffers and apply concentrating techniques to 

obtain measurable protein content in extracts 

ii.  To evaluate the presence of the bioactive components adiponectin, VEGF-A, BMP-2 

and DKK-1 in the scaffold. 

 Western blotting for identification of bioactive components in extracts of DAT 

 IHC analysis to identify presence and distribution of bioactive components in 

DAT 

iii. To develop methods to fabricate and characterize DAT-based hydrogels (DATgels) 

 Refine pre-processing of intact DAT to obtain injectable suspensions for gel 

fabrication 

 Evaluate stability of DATgels under simulated physiological conditions in terms 

of protein release, equilibrium water content, and surface area change over time. 
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 Characterize microstructure of DATgels with histology and scanning electron 

microscopy (SEM) 

iv.  Perform preliminary evaluation of DATgel cytocompatability with human adipose-

derived stem cells 

 Develop sterilization techniques for the DAT suspension (pre-gel) 

 Evaluate viability of ASCs seeded on the surface of the DATgels with confocal 

microscopy 

 Assess cell attachment and infiltration into the scaffold using histological 

techniques 
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Chapter	2:	Literature	Review	

2.1	Adipose	Tissue	

2.1.1	Types	of	Adipose	Tissue	

Adipose tissue (fat) is a specialized connective tissue that is found throughout the body primarily 

functioning as a regulator of energy homeostasis. When excess energy is accumulated from one’s 

diet, it is stored in adipocytes, the parenchymal cell of adipose tissue,  for later metabolism when 

energy requirements exceed caloric intake [9]. Adipose tissue is the only organ capable of 

significant mass change following maturation to adulthood causing large variations in fat mass 

between individuals [10]. In lean, mature humans, adipose tissue accounts for 9-18% of body 

mass in males and 14-28% in females [11].  Adipose tissue in humans is distributed in two major 

anatomical depots; subcutaneous and visceral, and can be found within other tissues, such as 

muscle [12]. Physically, it protects internal organs from mechanical damage and also acts as an 

insulator deterring heat loss [13]. Further, adipose tissue is considered an organ of the endocrine 

system as it secretes numerous hormones, cytokines, enzymes, and growth factors that modulate 

appetite, lipid and glucose homeostasis, insulin sensitivity, inflammation, blood vessel 

formation, and overall energy homeostasis [14].  

In all mammals adipose tissue is found in two different forms: white adipose tissue (WAT) and 

brown adipose tissue (BAT). WAT is more abundant in adults and stores energy, while BAT is 

more abundant in newborns and uses large amounts of energy in the process of non-shivering 

thermogenesis [15].  
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2.1.2	White	Adipose	Tissue	

White adipose tissue is primarily comprised of white adipocytes, but this complex organ contains 

many additional cell types with an extensive vasculature, lymph nodes and high degree of 

innervation [16]. White adipocytes play a lead role in the body’s metabolic regulation and 

therefore must be highly connected with the circulatory and nervous systems to properly respond 

to changes in environment and energy expenditure. Each adipocyte is in direct contact with at 

least one capillary that has relatively high permeability and low hydrostatic pressure [17],[18]. 

Adipose tissue has a high resting blood flow of 2-3ml min-1 per 100 g of tissue – 1.5-2 times the 

amount in resting skeletal muscle [17]. This high degree of vascularization and close proximity 

of capillaries allows adipocytes to uptake and release fatty acids and biologically active 

molecules into the circulation [19]. 

It is well known that WAT is innervated by the sympathetic nervous system (SNS) where nerves 

terminate on the blood vessels [20] and also synapse with adipocytes [21]. It has more recently 

been accepted that the autonomic nervous system has both sympathetic and parasympathetic 

outflow to WAT [22]. The stimulation of the SNS directly affects lipolysis by norepinephrine 

binding to β-adrenoceptors, which causes the activation of the hormone-sensitive lipase for lipid 

metabolism [23].  The parasympathetic nerve activity in WAT is thought to control insulin 

sensitivity and modulate hormone synthesis and release [24], [25].   

Adipocytes, the most prevalent cell type in WAT, are fully differentiated cells specialized in the 

storage and release of lipids.  These spherical cells have a diameter ranging from 30 to 160 µm, 

depending on the depot adiposity of the individual [26] .  In white adipocytes, >90% of the cell 

volume is occupied by intracellular lipid , with only a thin rim of cytoplasm visible and a rod-

like, flattened nucleus and thin, elongated mitochondria [27]. 
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The main metabolic activities for adipocytes are to synthesize and accumulate triglycerides 

during calorie abundance and break them down into free fatty acids and glycerol in times of 

caloric deficiency [28]. Stored triglycerides provide an extensive reservoir of metabolic fuel 

during periods of food shortage and calorie deficit such as fasting, starvation, and long-term 

exercise [28]. In humans, triglycerides from food are directly taken up by adipocytes from the 

circulation [29]. Circulating triglycerides are often associated with lipoproteins, which are 

hydrolyzed by lipoprotein lipase to non-esterified free fatty acids: these fatty acids are then 

transported into the cells by a family of fatty-acid binding proteins (FABP, FAT, FATP, aP2, 

etc.) [23], [30].  When the body requires energy, hormone-sensitive lipase is activated which 

hydrolyzes triglycerides into free fatty acids and monoacylglycerol, which is further hydrolyzed 

into glycerol [23]. Glycerol is then oxidized to produce energy, mainly in muscle [28]. 

White adipose tissue also contains a stromal vascular fraction (SVF), which includes a range of 

supporting cells including fibroblast-like cells called preadipocytes [31]. Preadipocytes 

differentiate into adipocytes in response to changes in nutrition, environment, and size of the 

surrounding adipocytes [32], [33]. Adipocytes and preadipocytes  regulate this  constant dynamic 

equilibrium via  differentiation, dedifferentiation, and apoptosis/necrosis [34]. Along with 

committed, but undifferentiated cells like preadipocytes, the SVF also contains a population of 

uncommitted, multipotent stem cells termed adipose-derived stem cells (ASCs), which will be 

discussed in detail in section 2.3. [35].  

Parallel to its role in energy homeostasis, white adipose tissue also participates in the endocrine 

system as it secretes biologically active proteins (known as adipokines) into the circulation [36]. 

They act in an autocrine,  paracrine, and endocrine manner [37] to function in adipocyte 
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differentiation, energy metabolism, lipid uptake and transport, immune response and 

inflammation, vascular and neural development, and remodeling of the extracellular matrix [38]. 

2.1.3	Brown	Adipose	Tissue	

Brown adipose tissue (BAT) is more abundant in newborns, comprising 2-4% of birth weight, 

and is located predominantly around the internal organs, interscapular, and supraclavicular 

regions [39]. After birth, the majority of BAT is replaced with WAT, but small amounts are 

retained and are thought to have a significant role in energy balance [39]. BAT differs from 

WAT in that it is mainly comprised of brown adipocytes, which greatly differ in shape from 

white adipocytes as they have a polygonal or ellipsoid morphology with a maximum diameter of 

40-50 µm [26]. Brown adipocytes are believed to originate from a different lineage than white 

adipocytes [40] and only share the characteristic of lipid accumulation, which also is 

accomplished in a distinct manner. White adipocytes house one large vacuole for intracellular 

lipid storage (unilocular cell), whereas brown adipocytes form numerous small vacuoles 

(multilocular cell) [26]. When mitochondria-rich brown fat cells are activated by the sympathetic 

nervous system, they are able to oxidize large amounts of lipids to produce heat in a process 

known as adaptive thermogenesis [41]. Heat is produced by the spherical mitochondria in 

response to expression of uncoupling protein-1 (UCP-1), which enables the free-flow of protons 

across the inner mitochondrial membrane [42]. Maximally stimulated brown adipose tissue can 

produce up to 300 watt/kg of heat compared to 1 watt/kg in other tissues [43]. This mechanism is 

thought to have evolved to protect animals from hypothermia in response to cold exposure [39].  
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2.2	Adipose	Extracellular	Matrix	

2.2.1	Extracellular	Matrix	Components	

Extracellular matrix (ECM) is a complex mixture of structural and functional proteins, 

glycoproteins, and proteoglycans secreted by cells to form a tissue-specific three dimensional 

microenvironment [44]. ECM also contains various classes of adhesion proteins, growth factors 

and cytokines, some of which are outlined in Table 2.1 [45], [46]. The ECM provides a structural 

lattice to which cells adhere and migrate along in response to physical or chemical cues, 

facilitating the organization of the tissue [45]. ECM also provides mechanical protection to the 

cells in the tissue by diminishing locally experienced mechanical stress and spreading forces 

over a larger area [47]. Not strictly a mechanical scaffolding, the ECM  also plays a role in 

modulating cell behaviors including cell morphology, adhesion, migration, proliferation and 

differentiation [48]. One way the ECM facilitates communication is through 

mechanotransduction [49]. Surface proteins called integrins directly connect the cell’s 

cytoskeleton to the ECM, which can trigger signaling cascades in response to mechanical 

stimulation. Because the ECM interconnects cells, the mechanical signals can be sent to all 

adjacent cells allowing for cohesion in the tissue [45]. Far removed from a static scaffold, the 

ECM is constantly being remodeled by cells in the tissue, including fibroblasts that secrete ECM 

components as well as enzymes that break it down [50].  Matrix metalloproteinases (MMPs)  

enzymatically degrade the structural components of the ECM to create space for migration and 

release ECM-bound bioactive molecules by precisely cleaving large insoluble matrix 

components [51].  
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Table 2.1: Components of Adipose ECM [47] 

- Calreticulin 
- Collagen types I, III, IV, VI 
- Collagen types XII, XIV, XV, XVIII 
- Dermatopontin 
- Elastin 
- Fibronectin 
- Fibulin 
- Galectin 
- Laminin 
- Lumican (keratan sulphate proteoglycan) 
- Matrilin 
- Microfibril-associated glycoprotein 4 

Mimecan (osteoglycin) 
- Nidogen 1 (entactin) 
- Nidogen 2 (osteonidogen) 
- Periostin 
- Perlecan (heparan sulphate proteoglycan) 
- Proteoglycan 4 
- SPARC (osteonectin) 
- Spondin-1 (vascular smooth muscle cell 
growth                 promoting factor) 
- Spondin-2 (mindin) 
- Tenascin-C, Tenascin-X 
- Thrombospondin-1, Thrombospondin-2 
- Versican core protein (fibroblast proteoglycan)

 

2.2.2	Structural	Components	

Structural components of adipose tissue ECM are rich in collagens [49]. Each adipocyte is 

encased in a collagen IV-rich matrix that transfers mechanical stimuli throughout the tissue and 

prevents the rupture of the lipid filled cell [52].  Adipose tissue ECM contains many types of 

collagen including type I, IV, V, VI, VII, VIII, and IX. Among these, collagen I and IV are most 

abundant [53]. 

Collagen	Type		I	

Collagen type I (CI)  is the most prevalent ECM component within adipose tissue [45]. It is 

classed as a fibril-forming collagen made up of three α-chains in a right handed triple-helix 

formation – a trait shared by all identified collagens. Each α-chain forms an extended left-handed 

helix with a pitch of 18 amino acids per turn [54]. A common motif, characteristic of the 

collagenous domain, occurs when every third amino acid on the polypeptide chain is a glycine 

(Gly) residue resulting in a (Gly-X-Y)n  repeat [54]. Glycine, the smallest amino acid, is 

positioned towards the central axis of the helical formation while bulkier X and Y amino acids, 

frequently proline and hydroxyproline, occupy the outer position to form a tightly-packed 
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molecule with high tensile strength [55]. The triple helix forming (Gly-X-Y)n  repeat (or 

collagenous domain) makes up the majority of CI with the exception of the N (amino)- and C 

(carboxyl)-terminal that are thought to be involved in initiating triple helix formation and 

regulating fibril diameter, respectively [54]. Collagen type I is considered a heterotrimer as it is 

comprised of two identical α1(I)-chains and one α2(I)-chain [56].  These collagen monomers 

self-assemble into a staggered arrangement due to hydrophobic and electrostatic interactions and 

may aggregate with other fibrillar collagen types to form fibrils [57]. The orientation of these 

fibrils can be aligned (e.g. tendon) or random (e.g. skin) to give rise to different mechanical 

properties in distinct tissue types.  

Basement	Membrane	

Basement membrane (BM) is a continuous sheet of specialized ECM composed of collagenous 

and noncollagenous glycoproteins and proteoglycans that can be found wherever cells meet 

connective tissue [58]. A thick layer of basement membrane is reported to surround mature 

adipocytes making adipose tissue a rich source of this specialized ECM [55].  Basement 

membrane contains laminin, nidogens, heparan sulphate proteoglycans, and type IV collagen 

[59]. 

Collagen	Type	IV	

Collagen type IV (CIV) is a network-type collagen that is the most abundant structural 

component of BM [55]. CIV is a heterotrimer comprised of α-chains coiled into a helical 

structure [60]. The triple helical domain of CIV contains several interruptions (about 22) [61] 

that provide greater flexibility to CIV as compared to CI [62]. Collagen IV also differs from 

other collagens in that it does not form fibres, it is secreted and assembles as a pro-collagen-like 

molecule, forming a unique highly cross-linked domain [55]. The globular C-terminal domain 
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has internal regions that covalently link via disulfide bonds to form dimers. The N-terminal 

domains of adjacent CIV dimers then form covalent disulfide cross-links, forming a tetrameric 

structure, that ultimately leads to the structural  stability of the three dimensional (3-D) network 

[62]. Further, CIV associates with other ECM macromolecules such as laminin, to form the 

supramolecular network structure of the BM [63]. 

Laminin		

Laminin (LN), the most abundant glycoprotein in basement membrane, is both a structural and a 

biologically active component [63]. Laminin is a trimeric, cross-shaped protein with three 

distinct regions that form three short arms (referred to as α-chain, β-chain, and a γ-chain) and one 

long arm. Laminin binds to collagen IV, heparan sulphate proteoglycans, entactin, and to itself to 

create an integrated structure within the BM [64]. Due to its size and shape, it is able to span the 

basement membrane and bind to various receptors on the surface of cells eliciting cell-specific 

responses like attachment, migration and differentiation [65]. 

2.2.3	Small	Molecules	of	the	Extracellular	Matrix	

As discussed, the ECM is not simply structural scaffolding for cells, it also contains a range of 

bioactive components including glycosaminoglycans (GAGs) and proteoglycans that interact 

with cell surface receptors to regulate processes like proliferation and differentiation [66]. GAGs 

are long unbranched polysaccharides found on the surface of cells or bound to the ECM [67].  

The highly negatively charged GAGs bind cations [68], such as sodium, creating an osmotic 

gradient that draws in water to help the tissue resist compressive forces and keep resident cells 

hydrated [69]. GAGs found on the surface of cells are often covalently bound to a core protein, 

forming proteoglycans.  This interaction between GAGs and proteins can have profound 

physiological effects on hemeostasis, lipid transport and absorption, as well as cell growth and 
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migration [69].   Further, proteoglycans are known to bind and modulate the activity of a large 

number of bioactive molecules [70]. These small bioactive components are often bound to 

heparan sulphate and chondroitin sulphate proteoglycans in the ECM, which protects them from 

proteolytic degradation and regulates their bioavailability [70]. Bound growth factors and other 

bioactive molecules may only be active in their bound state or may require enzymatic cleavage 

from the matrix to become activated [71].  The following section will review the small molecules 

VEGF-A, DKK-1 and BMP-2, which were a focus of the current thesis. 

Vascular	Endothelial	Growth	Factor	(VEGF)	

The vascular endothelial growth factors (VEGFs) are a family of secreted proteins with a highly 

conserved receptor-binding cysteine knot structure similar to the family of platelet-derived 

growth factors (PDGFs) [72]. VEGF-A was the first member of the VEGF family to be identified 

and was discovered  as a vascular permeability factor secreted by tumor cells [73]. The VEGF-A 

gene is located on the short arm of chromosome 6 and is differentially spliced to yield four 

mature isoforms (VEGF121, VEGF165, VEGF189 and VEGF206) [74]. The numeric 

designation represents the number of amino acids in the molecule. VEGF165 is the most 

commonly expressed isoform and is over-expressed in a variety of solid tumors [73]. 

The biological effect of VEGF-A is regulated through the interaction with transmembrane 

tyrosine kinase receptors, VEGF receptor-1 (VEGFR-1) and VEGF receptor-2 (VEGFR-2), 

which are selectively expressed on vascular endothelial cells [75]. VEGF-A is also capable of 

interacting with neurons through the neuropilin receptors NP-1 and NP-2 [76].  

 VEGF-A is a potent pro-angiogenic protein as demonstrated by its effects on endothelial cells 

where it is responsible for inducing proliferation, sprouting, and tube formation [77]. VEGF-A 
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has also been shown to induce the expression of anti-apoptotic proteins, acting as a potent 

survival factor for endothelial cells. It  also protects against atherosclerosis and thrombosis by 

inducing endothelial nitric oxide synthase (eNOS) which increases production of the vasodilator, 

nitric oxide (NO) [78].The binding of VEGFR-2 appears to be the main receptor responsible for 

mediating the pro-angiogenic effects of VEGF-A, including in adipose tissue  [73], [79]. 

Although VEGFs are secreted proteins, some isoforms of VEGF-A are thought to be sequestered 

by the ECM to regulate its bioactivity, as it has been shown that overexpression of VEGF-A 

causes hyper-permeability of the vasculature [80], [81].   

Dickkopf‐related	Protein	1	(DKK‐1)	

The Dickkopf family of proteins are glycoproteins comprised of 255-350 amino acids that make 

up the four members (Dkk1 – 4) [82].  The most widely studied member of the Dkk family is 

Dkk-1, which is known to specifically inhibit the wingless-related integration site (Wnt)/β-

catenin signalling pathway [83]. Dkk-1 contains two conserved cysteine-rich domains (Cys-1 

and Cys-2), with Cys-2 having high similarity to proteins of the colipase family, suggesting there 

may be conserved function [84]. Colipases facilitate interactions of pancreatic lipases with lipid 

micelles suggesting that the Cys-2 domain of Dkk-1 may enable the protein to interact with 

lipids of the plasma membrane to regulate Wnt function [84].    

Dkk-1 binds with high affinity to low-density lipoprotein receptor-related protein 6 (LRP6). This 

interaction blocks the canonical Wnt pathway that depends on the binding of Wnt to the frizzled 

receptor and its co-receptor LRP6 [85]. During embryogenesis, Dkk-1 is expressed in the 

anterior endomesoderm where head-inducing activity exists [86]. In adult tissues, Dkk-1 is 

present in mature osteoblasts and has been shown to play a critical role in differentiation and 

function [87]. Its overexpression has been shown to reduce osteoblast function and promote bone 
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resorption by inhibiting Wnt signalling [88].  Although Dkk-1 has an antagonistic effect on bone 

formation, its inhibitory effects on Wnt signalling may promote the adipogenic lineage, as Wnt 

signalling has been shown to inhibit murine adipocyte differentiation  [89].  

Bone	Morphogenetic	Protein	2	(BMP‐2)	

Bone morphogenetic proteins (BMPs) are an extensive group of growth factors – with over 20 

members identified to date – representing almost one third of the transforming growth factor-

beta (TGFβ) superfamily [90]. Active BMPs are composed of 50-100 amino acids with seven 

cysteines, six of them forming cysteine knots and the seventh used for dimerization with another 

monomer [91].  The biologically active form of  BMP-2 is a homodimer of two 114-residue 

subunits, which is found firmly attached to the ECM in bone along with other BMPs [92].  

BMPs perform signaling functions by binding to a heterodimeric complex of two transmembrane 

serine-threonine kinase receptors, termed type I and type II [93].  Although 12 receptors have 

been identified, 6 mediate most of the known functions of BMPs [93].  The activated receptor 

kinases initiate the SMAD signalling cascade which activates the expression of target genes in 

concert with other co-activators [94].  

It has been established that BMP-2 is capable of inducing de novo bone formation and bone 

repair in adult animals and may play a role in adipogenesis [92]. In the pluripotent mesenchymal 

stem cell line C3H10T1/2,  low concentrations of BMP-2 and BMP-7 induce adipogenic 

differentiation (100ng/mL BMP-2, 80ng/mL BMP-7) , whereas high concentrations promote 

differentiation toward chondrocytes and osteoblasts (1000ng/mL BMP-2, 160ng/mL BMP-7) 

[95], [96]. Further, in committed white preadipocyte lines 3T3-F442A and 3T3-L1,  BMP-2  was 
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found to promote adipogenic differentiation through the upregulation of peroxisome proliferator-

activated receptor gamma (PPARγ) expression, a master regulator of adipogenesis [94]. 

2.3	Adipose‐derived	Stem	Cells	

The SVF of adipose tissue contains a heterogeneous population of cells including adipose 

progenitor cells with different levels of commitment, macrophages, fibroblasts, and 

mesenchymal stem cells (MSCs),  termed adipose-derived stem cells (ASCs) [97]. ASCs satisfy 

the criteria of a stem cell as they undergo mitotic self-renewal and have multilineage potential, 

[98] capable of differentiating into cell types along the mesodermal lineage (osteogenic, 

adipogenic, myogenic, and chondrogenic) depending on in vitro culture conditions  [99]. In 

comparison with MSCs found in the bone marrow (bmMSCs), which represent 0.002% of the 

population in their native environment [100], ASCs are highly abundant in the SVF of adipose 

tissue, making up 2% of the cell population [97]. Further, ASCs can easily be isolated from 

surgical reductions, biopsy procedures or lipoaspirates, making them one of the most abundant 

and easiest to obtain MSC sources [101]. 

2.3.1	Adipose‐derived	Stem	Cell	Markers	

In mixed cell populations, like that observed in the SVF of human adipose tissue, ASCs can be 

identified by cell surface receptor expression patterns. ASCs have a similar overall 

immunophenotype to human bmMSCs as both cell types express CD90 (Thy-1), CD146 

(MCAM), CD9 (Tetraspanin), CD29 (β-1 integrin), CD105 (endoglin), CD166 (ALCAM), CD44 

(hyaluronan receptor), transferrin receptor, aldehyde dehydrogenase (ALDH), CD73 

(nucleotidase), CD10, CD13, ATP-binding cassette superfamily G member 2 (ABCG2) and the 

major histocompatibility complex (MHC) class I antigen (HLA-ABC) [1], [33]. Surface antigens 
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reported to be expressed in ASC populations and not bmMSCs include CD49d (α-4 integrin) and 

Sca-1 (stem cell antigen-1) [35], [102]. 

A comparison of ASC immunophenotype at different passages showed that the expression of the 

stromal cell markers CD13, CD29, CD44, CD73, CD90, CD105, and CD166 became more 

homogenously higher through serial passaging  [103]. It was also found that endothelial cell–

associated markers (CD31, CD144 or VE-cadherin, VEGFR-2, von Willebrand factor) were 

expressed on a low percentage of SVF cells [103].  It was concluded that a homogeneous 

population of stem cells (relative to the initial SVF) could be obtained following in vitro 

expansion of SVF [103]. 

2.3.2	Proliferation	and	Differentiation	of	ASCs	

ASCs have the ability to generate daughter cells with an identical genetic profile through mitotic 

division [35]. Using specialized growth mediums with the appropriate chemical agents, 

cytokines, and hormones, ASCs are capable of differentiating into cells from the mesodermal 

germ layer which includes adipocytes, chondrocytes, myocytes, peripheral nerve, and osteoblast 

lineages [99].  

ASC	in	vitro	Proliferation	

The first in vitro isolation method for mature adipocytes and progenitor cells (including ASCs) 

from rat epididymal fat pads was presented by Rodbell et al. in 1964 [104].  The procedure 

involves mincing the tissue into small fragments, digesting with collagenase type I at 37°C, and 

separating the cellular components by differential centrifugation. After this procedure, the upper-

most layer contains the mature adipocytes, followed by an aqueous supernatant and a cell pellet 

including the ASCs [99]. The SVF can then be separated from the supernatant and plated onto 
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tissue culture polystyrene. The isolated cells are cultured in growth medium supplemented with 

fetal bovine serum (FBS) and incubated at 37°C, with 5% CO2 [105]. Following 1-2 days of 

culture, the ASC population will adhere to the culture plate and non-adherent cells, such as 

hematopoietic cells are washed away [106]. ASCs in vitro typically display a doubling time of 2 

– 4 days, depending on the culture medium, passage number and age of the cell donor [35], 

[107].  

Adipogenic	Differentiation	

Adipocytes in adult adipose tissue have a turnover rate of about 10% per year, thus adipogenic 

differentiation of preadipocytes and ASCs is continually occurring to maintain the adipose 

compartment or store additional energy in times of prolonged over-nourishment [9]. To induce 

adipogenesis in vitro, many models require cellular confluency (when all cells are in contact with 

one another), which leads to growth arrest, the first stage of adipogenic differentiation [108]. 

Upon growth arrest, cells must receive the appropriate combination of mitogenic and adipogenic 

signals to begin their commitment to the adipocyte lineage as preadipocytes [109].  

Preadipocytes have been shown to undergo at least one more round of DNA replication and cell-

doubling, leading to the clonal amplification of committed cells [108], [110]. Following the last 

division, a secondary permanent growth arrest is observed, which triggers the expression of 

adipogenic transcriptional factors  [110].  

To stimulate the adipogenic potential of ASCs in vitro, a cocktail of chemical agents, cytokines, 

and hormones are given to the cells when cellular confluency is reached. These compounds are 

associated with signalling pathways in lipogenesis and lipolysis [111]. Adipogenic supplements 

include insulin, insulin like growth factor-1 (IGF-1), glucocorticoids (e.g. dexamethasone and 



 

19 
 

hydrocortisone), isobutylmethylxanthine (IBMX), triiodothyronine (T3), biotin and pantothenate 

[105]. 

2.3.3	Adipogenic	Transcription	Factors	

Though many transcription factors have a role in adipogenesis, it is the expression of  

peroxisome proliferator-activated receptor gamma (PPARγ), CCAAT/ enhancer-binding protein-

α (C/ EBPα), C/EBPβ and C/ EBPδ  factors, that are thought to be the primary drivers of 

terminal adipogenic differentiation [9]. Following adipogenic induction, C/EBPβ and C/ EBPδ 

are rapidly expressed and target the promoters of the genes encoding the key adipogenic 

transcription factor C/EBPα [112]. C/EBPα is directly involved in adipogenesis as many 

adipocyte genes have specific C/EBPα  binding sites on their proximal promoters [113]. Wang et 

al. [114] demonstrated that C/EBPα is required for adipogenesis when they studied C/EBPα 

knockout (C/EBPα -/-) mice and found they were almost entirely lacking white adipose tissue 

[113].  

The PPARs,  a subgroup of the nuclear hormone receptors, are crucial to the transcriptional 

activation of adipocyte differentiation [115]. The most adipose-specific member of the PPARs is 

PPARγ, which is expressed in highest levels in adipose tissue. PPARγ is both necessary and 

sufficient for adipogenesis [116]. Following the initial expression of PPARγ  and C/EBPα, a 

positive feedback loop is formed, where PPARγ and C/EBPα positively cross-activate each 

other, perpetuating the expression of adipocyte genes [117]. The cells then undergo triglyceride 

accumulation and actively produce adipogenic gene products, including glycerol-3-phosphate 

dehydrogenase (GPDH), fatty acid synthase (FAS), acetyl CoA carboxylase, glucose transporter 

type -4 (Glut-4), insulin receptor, and the adipocyte-specific fatty acid binding protein (aP2) 

[110], [118]. Further, PPARγ and C/EBPα coordinate on multiple binding sites in promoter 
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regions that regulate genes expressed in mature adipocytes, possibly helping to maintain the 

terminally differentiated state [112].  

2.3.4	Adipogenic	modulating	factors	

Factors that regulate adipogenesis either promote or inhibit the cascade of transcriptional factors 

which coordinate the differentiation process. The balance between these pro- and anti-adipogenic 

factors determines whether cells of the WAT stroma remain quiescent, divide, or undergo 

adipogenesis [119]. As mentioned previously, factors added to adipogenic medium formulations 

for in vitro differentiation commonly include insulin, triiodothyronine (T3), IBMX and 

glutocorticoids [105]. Glutocorticoids (GC), such as dexamethasone and hydrocortisone, are 

potent inducers of adipogenesis as they bind to GC receptors found on human preadipocytes that 

induce the expression of C/EBPδ and PPARγ [120]. T3 is also known to regulate many 

important genes involved in adipogenic differentiation including fatty acid synthase, Glut-4, and 

LPL [121]. Further, IBMX, biotin, and pantothenate all contribute to adipogenesis by increasing 

cyclic AMP response element-binding protein (CREB) production, which regulates the 

expression of C/EBPα and PPARγ [116]. 

Signals that repress adipocyte development are equally important to the adipogenic 

differentiation process and commonly act to maintain progenitor cells in an undifferentiated state 

[9]. Inflammatory cytokines like tumor necrosis factor-α (TNF-α) are known inhibitors of 

preadipocyte differentiation [122]. This secreted cytokine binds to the TNF-α receptor and 

activates the ERK pathway, blocking induction of the adipogenic master regulators C/EBPα and 

PPARγ [118]. Other inflammatory cytokines known to inhibit adipogenic differentiation include 

members of the interleukin group, specifically IL-1, IL-6, and IL-11[119], which act through 

their respective receptors to activate members of the signal transducers and activators of  
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transcription (STAT) family of transcription factors [14]. Members of the STAT family regulate 

the expression of PPARγ through its promoter activity [123]. Another regulator of adipogenesis 

is the Wnt family of secreted glycoproteins that act through autocrine and paracrine mechanisms 

to influence the development of many cell types including adipocytes [124]. The expression of 

Wnt blocks the induction of C/EBPα and PPARγ [115] . Moreover, the disruption of  the Wnt 

signalling pathway leads to spontaneous adipogenesis in vitro [118].  

2.4	Adipokines	

Adipose tissue is known for its role in energy storage and homeostasis, but it also functions as an 

endocrine organ secreting many factors that regulate energy metabolism, cardiovascular 

function, reproductive status, and immune function [125]. These adipose-secreted factors, termed 

adipokines, include hormone-like proteins and inflammatory cytokines [126]. Of the over 50 

identified adipokines [127], the more widely studied compounds include leptin, adiponectin, 

TNFα,  interleukin-6, angiotensinogen and the renin-angiotensin system (RAS), and plasminogen 

activator inhibitor -1 (PAI-1). 

Leptin	

Leptin was the first identified adipokine, discovered in 1994 by Friedman et al. [128], and 

remains the most widely studied of the fat-secreted cytokines. Leptin is a 167 amino acid protein 

encoded by the obese gene (ob) and is secreted into the circulation by adipocytes in WAT [38]. 

In healthy individuals, leptin modulates body weight, food intake, and fat stores through 

hypothalamus-mediated appetite suppression [38], [126]. Leptin levels in the blood positively 

correlate with adipose mass. Obese individuals have high levels of leptin without the expected 

anorexic responses, indicating the occurrence of leptin resistance [129]. In contrast, plasma 

levels of leptin rapidly decline with weight loss and caloric restriction and are associated with the 
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adaptive physiological responses to starvation: increased appetite and decreased energy 

expenditure [36]. 

Leptin has been implicated as a growth factor on the grounds that it has demonstrated the ability 

to stimulate angiogenesis, suppress apoptosis, and act as a mitogen [130]. Leptin exerts 

biological actions through receptors encoded by the diabetes gene (db). There are 6 isoforms of 

leptin receptors, but only one is functional (Ob-Rb), which  is closely related to gp130, a member 

of the IL-6 family of receptors [37], [38]. Binding of leptin to full-length Ob-Rb results in 

activation of the JAK/STAT signalling pathway, consequently inducing expression of 

suppressors of cytokine signaling (SOCS) proteins, which when over-expressed in obese 

individuals results in leptin resistance [14].  

Leptin has also demonstrated pro-inflammatory activities as it stimulates the production of 

reactive oxygen species (ROS) and promotes cell proliferation and migratory response in 

monocytes [131]. Leptin  aids in polarizing T-cells towards the pathogenic TH1 phenotype by 

increasing production of TH1-type cytokines and suppresses the production of TH2-type 

cytokines produced by mononuclear cells [129].  

Adiponectin	

Adiponectin is a 30-kDa adipocyte complement-related protein encoded by the gene APM1, 

which has been mapped to chromosome 3q27 [132]. Adiponectin is considered an adipokine 

because it is synthesized and secreted by adipose tissue as a 244 amino acid collagen-like protein 

with N-terminal collagenous domain and a C-terminal globular domain sharing structural 

homology to complement factor C1q, collagen VIII and X [26].  Adiponectin circulates in the 

plasma as a hexamer of relatively low molecular weight and a larger multimeric structure of high 
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molecular weight [133]. Adiponectin is found in concentrations three orders of magnitude higher 

than other hormones (5 to 30 µg/ml, 0.01 % of total plasma protein) [134], with higher levels in 

women than men [135]. Unlike most adipokines, circulating levels of adiponectin are positively 

correlated with fat cell size and negatively with body mass index (BMI) [136].  

There are two specific receptors, adiponectin receptor 1 (AdipoR1) and AdipoR2  that are 

responsible for  most of the biological effects of adiponectin via stimulation of AMP kinase 

(AMPK), PPARα and p38 MAPK [136].  AdipoR1 is a high-affinity receptor for adiponectin, 

most abundantly expressed in skeletal muscle. AdipoR2 is a moderate-affinity receptor that is 

predominantly found in the liver [137]. Both receptor types are present in adipocytes, suggesting 

that adiponectin may act on these cells in an autocrine or paracrine manner [138]. The binding of 

AdipoR1 in the liver has demonstrated anti-diabetic properties by activation of the AMPK 

pathway to suppress gluconeogenesis and lipogenesis [139]. Further, AdipoR2 binding activates 

the PPARα pathway to stimulate fatty acid oxidation and suppress inflammation [140]. 

Adiponectin has also exhibited anti-atherogenic properties in the vascular wall by suppressing 

the migration of monocytes/macrophages and their transformation into foam cells through 

adhesion inhibition in an endothelial nitric oxide synthase (eNOS) dependent manner [141]. 

Adiponectin also has vasoprotective effects by promoting the survival, differentiation and 

migration of endothelial cells and suppressing their pro-inflammatory activation [142]. 

Adiponectin may partake in adipogenesis, but conflicting studies in the literature make it a topic 

for debate. In a study by Fu et al., the overexpression of adiponectin in 3T3-L1 fibroblasts was 

found to enhance proliferation, accelerate adipocyte differentiation, and augment both lipid 

accumulation and insulin-responsive glucose transport (in fully differentiated adipocytes) [143]. 



 

24 
 

In a contrasting study by Bauche et al., mice overexpressing adiponectin, specifically in white 

fat, demonstrated a reduction in adiposity due to increased energy expenditure and impaired 

adipogenic differentiation [138].  

Tumor	Necrosis	Factor‐α	(TNFα)	

Several inflammatory cytokines are expressed by white adipocytes, the first to be identified 

being TNFα [144] . TNFα acts in both an autocrine and paracrine manner to influence a range of 

processes within adipose tissue, including apoptosis [127]. TNFα plays a pivotal role in relation 

to the production of other adipokines – it has been shown that TNFα locally increases 

plasminogen activator inhibitor -1 (PAI-1) expression and decreases adiponectin expression in 

WAT [126]. 

TNFα has been identified as an inhibitor of the insulin receptor signalling pathway [144]. 

Circulating levels of TNFα positively correlate with body mass and an increased expression in 

adipose tissue has been shown to correlate with insulin resistance [26]. On a mechanistic level, 

TNFα attenuates insulin-stimulated tyrosine phosphorylation of the insulin receptor and insulin 

receptor substrate 1 (IRS-1) in muscle and adipose tissue, thus promoting insulin resistance 

[129]. 

Interleukin‐6	(IL‐6)	

Interleukin-6 (IL-6) is another pro-inflammatory cytokine produced by adipose tissue. It is 

estimated that approximately one-third of total circulating IL-6 is produced by adipose tissue 

[129], with IL-6 levels positively correlating with human adiposity [36]. IL-6 has been shown to 

suppress insulin-stimulated metabolic actions in hepatocytes through the induction of SOCS-3, 

which inhibits insulin-dependent receptor autophosphorylation [145]. Interestingly, IL-6 
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deficient mice developed mature-onset obesity (associated with glucose intolerance) suggesting 

that IL-6 may act on multiple levels to influence insulin sensitivity and energy homeostasis 

[146]. 

Renin‐Angiotensin	System	(RAS)	

Many proteins of the RAS are produced in WAT including renin, angiotensinogen, angiotensin I, 

angiotensin II, and angiotensin-converting enzyme (ACE). Plasma levels of angiotensinogen, 

renin activity, and ACE are positively correlated with adiposity in humans [36]. In healthy 

individuals, angiotensin II helps to regulate blood pressure by mediating sodium and water 

reabsorption in the kidneys and by directing vasoconstrictor activity [38]. Local production of 

angiotensin II in fat depots appears to play a role in adipogenic development by promoting both 

adipocyte hypertrophy and adipogenic differentiation [147]. In obese individuals, the surplus of 

WAT contributes to an increase in WAT-derived angiotensinogen and angiotensin II, 

contributing to cardiovascular and renal dysfunction [38]. 

Plasminogen	Activator	Inhibitor	‐1	(PAI‐1)	

Plasminogen Activator Inhibitor -1 (PAI-1) is a factor secreted by the stromal cells in adipose 

tissue with higher circulating levels observed in obese individuals [145]. It plays an important 

role in vascular homeostasis as the primary physiological inhibitor of fibrinolysis [148].  PAI-1  

also influences cell migration and angiogenesis by competing with integrin binding to vitronectin 

in the ECM [149]. PAI-1 has an effect on WAT growth by impairing preadipocyte migration and 

attachment to vitronectin [145]. The increase in circulating levels of PAI-1 observed in obese 

individuals may result in atherothrombotic complications due to its antifibrinolytic properties 

[79].  
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2.5	Current	Clinical	Strategies	for	Soft	Tissue	Reconstruction	

A soft tissue defect is generally defined as a tissue void within the subcutaneous fat layer often 

resulting in a change in the normal tissue contour [1]. Restoration of the natural tissue function is 

not often the goal in reconstruction; rather, restoration of the soft tissue’s aesthetic function is 

targeted to minimize the anxiety and negative psychological feelings associated with 

disfigurement. Currently, defects resulting from trauma, tumor resection or congenital 

deformities are commonly treated with autologous fat transfer techniques, which vary in degrees 

of success [2]. Large volume reconstruction using fat tissue transplanted from a donor location to 

the defect site commonly leads to donor site morbidity [16] and resorption of the transplanted 

tissue over time – due to the lack of sufficient revascularization [1]. For smaller defects, 

injectable autologous materials such as fat lipoaspirates have been employed with variable 

outcomes and poor predictability of volume retention [100]. Theoretically, autologous 

transplantation would be an ideal material for soft tissue augmentation, as the tissue and cells are 

derived from the same person and should elicit little to no immune response; however, 

techniques must be refined for successful long term treatment with stable volume retention.   

Collagen		

Collagen was one of the first materials to be successfully used as a dermal filler [150]. The first 

FDA-approved collagen-based dermal filler for the correction of contour deformities of the 

dermis was Zyderm®; a 35mg/mL solution of bovine collagen comprised of 95% type I collagen 

and 5% type III collagen [151]. Commercially available products differ in their source of 

collagen and additional processing steps like cross-linking [3]. Porcine collagen has been 

employed as a temporary dermal filler in products like Evolence®, which uses enzymatically 

treated  porcine tendons that have been cross-linked [3]. Other collagen dermal fillers, like 
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CosmoDerm®, are made of human collagen derived from dermal fibroblast cell lines [152]. The 

fibroblasts are placed in a 3-D mesh and cultured in a bioreactor where they secrete collagen 

types I and III, along with other ECM proteins [151].   

Xenogenic collagen from a bovine or porcine source has the potential to elicit an allergic 

response due to its non-human origin. This incidence of local hypersensitivity has been shown to 

affect 3-5% of the population [153].  Although FDA approved, all collagen fillers, both 

xenogenic and allogenic, are susceptible to rapid resorption (usually within 6 months) and 

require continuous treatment for long term amelioration of the defect [151]. 

Hyaluronic	Acid	(HA)	

HA is a glycosaminoglycan disaccharide compound composed of alternating and repeating units 

of D-glucuronic acid and N-acetyl-D-glucosamine [67]. HA shares complete homology between 

species [154], thus it can be derived from animals or synthesized through recombinant 

techniques [155] to obtain the same product. The hydrophilic properties of this compound allow 

for a natural feel and substantial augmentation after injection [3].  Currently, there are over 10 

HA-based fillers that have been approved by the FDA [153], with many of the variations 

employing different degrees and methods of cross-linking, which modifies the viscosity of the 

gel [156]. The chemical agents used to cross-link HA, like divinyl sulfone, 1,2,7,8-

diepoxyoctane, and butanediol-diglycidyl-ether, are thought to be the cause of allergic reactions 

to HA injections [3]. Current commercially available HA fillers include Restylane®,  Perlane® 

and Juvaderm®, which are marketed as a temporary dermal fillers with a typical resorption time 

of 6  to 9 months depending on the type [153]. 
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Synthetic	Polymers	

Synthetic injectable polymers have become an attractive option for tissue engineering because of 

the precise control in their composition and mechanical properties [153].  Many biodegradable 

polymers have been approved by the FDA as dermal fillers, including products synthesized from 

poly(L-lactic acid) (PLA) [157]. Sculptura® and New Fill® are a form of injectable PLA 

scaffolds used for defects ranging from wrinkles to severe HIV lipoatrophies [158]. Poly(L-lactic 

acid) fillers act on the defect by stimulating fibroblasts to deposit new collagen type I as the 

polymer breaks down [152]. Due to this mechanism, an immediate effect may not be observed as 

the maximum volume is achieved at 5-6 months post-injection [3].  After the PLA has 

completely broken down, the deposited collagen remains intact until it too has been resorbed, 

usually 2 years post-injection [152].  The main problem with PLA fillers is the formation of 

nodules at the site of injection, which are commonly palpable, but not visible. Nodules have been 

reported to occur in 30-40% of patients and tend to persist for months or years, sometimes 

requiring surgical removal [159]. 

Dermalive® and Dermadeep® are injectable dermal fillers based on a copolymer comprised of 

ethylmethacrylate (EMA), hydroxyethyl methacrylate (HEMA), and the GAG, HA [160]. The 

HA is used as a carrier and is broken down in a span of 3 months. The acrylic hydrogel 

component is made up of solid, polygonal, irregularly shaped particles ranging in size from 45-

65 µm [161]. The prolonged effect of the implant is related to the granulomatous reactions to the 

acrylic hydrogel particles which result in the deposition of fibrous tissue. Long-term side effects, 

like nodules,  are common, occurring in up to 28% of patients [162].  
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2.6	Adipose	Tissue	Engineering	

Current strategies with soft tissue augmentation have many limitations that need to be addressed 

in the future of tissue engineering. With many naturally-derived and synthetic dermal fillers, the 

major problem is the short term efficacy of the implant due to resorption [163]. Further, most of 

the implants include materials derived from non-human sources, which may cause severe 

inflammation or formation of obvious bumps/nodules [3]. Tissue engineering holds great 

promise for the future of soft tissue augmentation with techniques employing the use of stem 

cells in engineered 3-D matrices to regenerate lost adipose tissue. 

2.6.1	Challenges	in	Adipose	Engineering	

An ideal adipose tissue replacement for soft tissue augmentation would make use of tissue 

engineering techniques involving a 3-D scaffold seeded with autologous stem cells. The scaffold 

would need to integrate with the host’s tissue, exhibit bioactivity, and be sustainable for 

permanent treatment of the defect area. A biocompatible scaffold derived from either synthetic or 

natural sources would not cause an unfavorable immune response when implanted. It would also 

break down as part of the tissue remodelling process, with degradation products that are non-

toxic to the cells in the implant and surrounding tissue. Bioactivity of the scaffold is vital for the 

successful integration of the implant into the native tissue. Ideally, the scaffold would promote 

recruitment of host cells into the implant where they would secrete signals for differentiation into 

the various cell types found in native adipose tissue – including the extensive vascular network. 

To promote infiltration and differentiation, the scaffold would mimic the 3-D architecture and 

mechanical properties of adipose ECM as it has been shown to play an essential role in cell fate 

[48]. The scaffold could potentially be seeded with the patient’s own stem cells prior to 

implantation to aid in cellular recruitment through paracrine signalling and differentiation of the 
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stem cells themselves, but the isolation of stem cells or adult tissue should not result in 

significant donor site morbidity.  A major advantage of tissue engineering, in comparison with 

current clinical treatments, is the potential for long term stability of the implant because tissue 

engineering focuses on the integration of the implant with the host tissue for total regeneration of 

the defect site. 

Cell	Sources	for	Adipose	Tissue	Engineering	

An ideal autologous cell source for adipose tissue engineering would be easily accessible to 

harvest cells in clinically significant quantities using a minimally invasive procedure. If the cells 

are harvested from the same patient, there would be less potential for immune rejection and 

fewer concerns with disease transmission [35]. Ideally, the isolated cell population would be 

capable of differentiating into all cell types found in adipose tissue to replicate the native 

environment. For proper integration of the implant, the cells should release paracrine signals to 

promote cellular infiltration from the surrounding tissues [164].  

Stem cells are an exciting option for tissue engineering as they are capable of fulfilling all of the 

aforementioned requirements. By definition, stem cells are capable of differentiating into more 

than one cell type or proliferate in a mitotic manner - creating daughter cells for subsequent 

differentiation [165]. ASCs are an attractive option as an autologous cell source, as they have 

been shown to differentiate along the mesodermal lineage and can be obtained in clinically 

significant quantities from minimally invasive extraction from a donor site [35]. ASCs also 

secrete bioactive factors when differentiating that stimulate angiogenesis in vivo [166]. 
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Scaffold	Material	for	Adipose	Tissue	Engineering	

As mentioned previously, an ideal scaffold for soft tissue augmentation must be biocompatible 

with the host and promote the formation of adipose tissue. An ideal scaffold would have 

mechanical properties and 3-D architecture resembling that of adipose tissue ECM to provide an 

instructive microenvironment for cellular differentiation and give the implant a natural feel [6]. 

3-D scaffolds may be prepared from synthetic or natural sources, each with associated 

advantages and disadvantages with respect to material biocompatibility, degradability, 

mechanical and chemical properties [16].There is a need for soft tissue augmentation in small 

and large volume applications, ranging from wrinkle fillers to post-mastectomy breast 

reconstruction [150]. For various shapes and volumes, different scaffolds have been investigated 

for use in adipose tissue engineering including polymer disks, foams, beads, and injectable 

materials [1], [7], [8].   

Synthetic‐based	Implantable	Scaffolds		

Synthetic polymers have been used frequently in tissue engineering applications due to their high 

degree of customization and reproducibility. Synthetic materials can be modified to alter 

mechanical properties, degradability, and surface chemistry with great precision [167].  These 

materials are also at reduced risk of transmitting disease and generally have a lower 

immunogenicity in comparison with some naturally derived protein scaffolds [67].  Many 

synthetic polymers have been used for tissue engineering applications ranging from poly(lactic 

acid) (PLA), poly(glycolic acid) (PGA) and poly(lactic-co-glycolic acid) (PLGA) [166]. Devices 

utilizing these degradable polymers have shown success and have been granted FDA approval 

[168]. The co-polymer PLGA is commonly used in tissue engineering strategies and drug 

delivery applications. Choi et al. developed PLGA microspheres to be delivered by subcutaneous 
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injection [169]. Subsequent in vivo studies found that they were able to encourage adipose tissue 

formation at 2 months after injection [169]. In addition, PLGA particles can be formed and used 

to encapsulate growth factors and bioactive molecules. In a study by Shenaq and Yuskel, poly 

(lactic-co-glycolic-acid)-block-polyethylene glycol (PLGA-PEG) microspheres were used for the 

sustained release of insulin, insulin-like growth factor-1 (IGF-1), and basic fibroblast growth 

factor (bFGF), where they found that the incorporation of growth factors improved cell survival 

and neovascularization in the injection site [170] . The main disadvantage of using synthetic 

polyesters such as PLGA is that they degrade by hydrolysis and produce acidic by-products 

[171]. The acid produced can drop the pH within the microsphere to a value as low as 1.5, which 

could have adverse effects on surrounding tissues or denature protein drugs loaded into the 

scaffold [171] . 

Hydrogels		

Hydrogels are water-swollen, cross-linked polymeric structures capable of retaining large 

amounts of water and exhibit tissue-like elastic mechanical properties [172]. They can be 

fabricated as covalently-bound networks that are chemically stable or designed to disintegrate 

over time [173]. Physical gels are held together by physical cross-links from chain entanglement 

or association bonds like hydrogen bonding and van der Waal interactions and will degrade more 

rapidly than hydrogels that are covalently bound [174]. Hydrogels can be chemically 

manipulated to achieve the desired physical properties similar to the tissues of interest, while 

maintaining high porosity and water content to allow for diffusion of nutrients and waste to 

promote cell viability [175]. 

Using techniques like photo-polymerization, it is possible to cross-link hydrogels in situ [176]. 

The gel precursor can be injected transdermally and massaged to a desired shape followed by 
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photo-cross-linking of the gel using a specific wavelength of light [177]. This minimally invasive 

technique is limited to small defects due to limitations of light penetration, but can result in an 

even distribution across these defect sites [153].  As biodegradable hydrogels break down in 

vivo, the average pore size and swelling levels increase, allowing the diffusion of 

macromolecules, like ECM components into the scaffold [178]. It has been found that hydrogels 

with more rapid degradation have more homogeneous distribution of secreted ECM components 

within the implant in comparison with less degradable hydrogels [178].  

Naturally‐based	Materials		

Naturally-based biomaterials for adipose tissue engineering are either found as part of the native 

ECM or derived from biological systems [16]. These materials exhibit mechanical and biological 

properties similar to those found in vivo and may contain bioactive components that trigger 

positive cell responses [179]. Many naturally-derived materials have been explored for use in 

adipose tissue engineering applications including: collagen, hyaluronan, gelatin, alginate, 

chitosan, chondroitin sulphate, silk, fibrin, and extracellular matrix-derived scaffolds. 

Gelatin	

Gelatin is a water soluble polymer that is obtained by acid or alkaline denaturation of collagen 

[180]. It is commonly used in tissue engineering because of its biodegradability and 

biocompatibility [180]. Gelatin may have lower antigenicity because it is a denatured protein in 

contrast to collagen, which has shown to elicit a strong allergenic response in some individuals 

[160]. The alkaline pre-treatment of collagen to produce gelatin hydrolyzes amide groups 

resulting in a negatively-charged material. Alternatively, the acid pre-treatment of collagen does 

not affect the amide groups and produces gelatin with electrostatic properties similar to that of 

collagen [181]. Tuning the electrostatic properties has advantages for drug delivery in that a 
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charged scaffold is capable of binding biomolecules of the opposite charge and releasing them in 

vivo following enzymatic degradation [181].  

Due to its processability and gelation properties, gelatin has been manufactured in a range of 

shapes including sponges, hydrogels, and microspheres [182]–[184]. Kimura et al. developed 

gelatin microspheres containing bFGF embedded in a collagen sponge for in vivo assessment in 

nude mice, where they found vascularized adipose tissue had formed after 6 weeks without the 

addition of a cell source [183].  

Alginate	

Alginate is a polysaccharide polymer found naturally in structural components in brown algae 

and capsular proteins in some soil bacteria [180]. Alginates are random copolymers composed of 

β-D-mannuronic acid monomers (M-blocks) and α-L-guluronic acid (G-blocks) that undergo 

reversible gelation in aqueous solution by ionic inter-chain bridge formation mediated by 

divalent cations such as Ca2+ [185]. The degradation kinetics of alginate materials are difficult to 

control in vivo as they rapidly dissolve and release the high and low molecular weight units of 

alginate following the diffusion of divalent cations [185]. 

Injectable alginate scaffolds seeded with syngeneic fibroblasts in a subcutaneous rat model were 

investigated by Marler et al. [186].  They developed a modified form of alginate that 

incorporated the cell-adhesive peptide arginine, glycine, and aspartic acid (RGD) and found that 

the addition  of fibroblasts improved the volume retention of the gel in comparison with 

unseeded controls,  but no adipose formation was observed [186]. A separate study by Kim et al. 

used oxidized RGD-alginate to encapsulate differentiating human ASCs as an injectable material 
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for adipose tissue engineering. They found that 10 weeks after implantation in nude mice, the 

alginate-encapsulated cells formed adipose tissue in the implant [187]. 

Decellularized	tissues	

Decellularization is the removal of cells from a tissue or organ leaving behind the complex 

mixture of structural and functional proteins of the ECM in a 3-D scaffold [188]. 

Decellularization is achieved using a combination of physical, chemical and enzymatic steps 

which vary greatly depending on the tissue or organ being decellularized [189]. Decellularized 

matrices are an attractive scaffold for tissue engineering because components of the ECM are 

generally conserved among species and are often tolerated by xenogeneic recipients [188]. 

Further, because decellularized tissues retain similar mechanical properties as the native tissues, 

these bioscaffolds can allow for tissue-specific mechanotransduction between the ECM and cells. 

Mechanotransduction plays a critical role in the regulation of angiogenesis and directing stem 

cells towards specific differentiation pathways [5]. ECM also acts as a reservoir for tissue-

specific bioactive molecules that stimulate cell processes like migration and differentiation [5]. 

Decellularized matrices as a scaffold for adipose engineering have shown promise since 

decellularized placenta and adipose tissue have both been shown to support adipogenesis in vitro 

[6], [190]. 

Decellularized	Adipose	Tissue	(DAT)	

In recent years, adipose tissue has been recognised as an abundant source of ECM. 

Decellularization of this tissue results in a 3-D architecture rich in collagens type I-IV, laminin, 

and fibronectin [6]. A range of DAT-based scaffolds have been investigated by multiple groups 

using a different combination of physical, chemical, and enzymatic steps [6], [191], [192]. Many 
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decellularization protocols use harsh detergents like sodium dodecyl sulphate (SDS) to remove 

cellular components, but these compounds are known to denature proteins and potentially reduce 

scaffold bioactivity. A decellularization protocol developed in the Flynn lab achieved effective 

cellular and lipid extraction without the use of detergents. The resultant scaffolds demonstrated 

excellent bioactivity as ASCs seeded onto the scaffolds underwent adipogenic differentiation 

without exogenous differentiation factors [6].  

To meet the needs of both large and small volume soft tissue augmentation, DAT in the Flynn 

lab group has been further processed to create a range of scaffolds including porous foams and 

injectable microcarrier beads. [7], [8] .  

Decellularized	Adipose	Tissue	Hydrogels		

Hydrogels comprised of ECM components derived from decellularized tissues have recently 

emerged as an injectable scaffold for soft tissue-engineering applications [193].  To fabricate 

ECM derived hydrogels, a general approach is to further process decellularized tissues with 

enzymatic digestion and homogenization to obtain an ECM suspension pre-gel. Physical gelation 

of the pre-gel can be achieved by manipulating the pH, osmolarity, and temperature. Some lab 

groups have developed hydrogels derived from adipose tissue matrix components from animal 

sources, but these strategies may have limitations due to their xenogenic nature. In a study by 

Poon et al.,  a combination of urea buffer, guanidine solution, and pepsin digestion were used to 

obtain pre-gels derived from porcine and human subcutaneous adipose tissue, which formed a 

hydrogels following a 15 minute incubation at 37°C [5] . Poon et al. evaluated the in vivo 

response to the gel in a subcutaneous rat model and found mature adipocytes forming in the 

implant after 8 weeks [5]. In another study by Young et al., human lipoaspirates were 

decellularized using ionic detergents and the resulting adipose ECM was digested with pepsin to 
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yield a pre-gel that underwent thermal gelation following neutralization to pH of 7.4 and 

incubation at 37°C [194]. The adipose ECM hydrogel was injected subcutaneously into the backs 

of mice and it was found that the gel could be moulded by palpation before total gelation was 

reached after 15 minutes, forming a gel that maintained its shape [194]. 

2.6.2	Summary	

Voids within the subcutaneous layer of adipose tissue due to trauma, tumor resection or 

congenital deformities, termed soft tissue defects, are currently treated with synthetic or naturally 

derived dermal fillers or autologous fat transfer techniques involving a donor site. These current 

treatment options have had limited success, with some causing donor site morbidity and others 

only providing temporary treatment of the defect. Adipose tissue engineering strategies involving 

decellularized 3-D scaffolds seeded with stem cells hold promise for individuals suffering from 

soft tissue defects as they mimic the native microenvironment found in vivo. 
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Chapter	3:	Materials	and	Methods	

3.1	Materials	

All chemicals and reagents were purchased from Sigma-Aldrich Ltd. (Oakville, ON, Canada) 

unless otherwise stated.  

3.2	Acquirement	of	Adipose	Tissue	

Subcutaneous and breast adipose tissue was acquired from patients undergoing elective surgeries 

at the Kingston General Hospital or Hotel Dieu Hospital in Kingston, Ontario. Immediately after 

the surgical procedure, the adipose tissue was placed on ice in sterile, cation-free PBS 

supplemented with 20 mg/mL bovine serum albumin (BSA). The tissue sample was collected 

from the hospital within 45 minutes of isolation and transported to the research laboratory on ice. 

The age, sex, height, and weight were recorded and used to determine the body mass index 

(BMI) of the donor. Research ethics board approval from Queen’s University was obtained for 

this research (REB No. CHEM-002-07). 

3.3	Decellularization	of	Adipose	Tissue	

Following acquirement of the adipose tissue, cauterized portions were removed and the tissue 

was cut into small blocks about 25-30 g in mass. The pieces of adipose tissue were transferred to 

a 500 mL re-sealable tub for subsequent decellularization steps using a 5-day, detergent free 

protocol established by the Flynn lab [6]. The decellularization process is outlined in Table 3.1. 

A working volume of 100 mL supplemented with 1% (v/v) antibiotic/antimycotic (ABAM) 

solution (Invitrogen, Burlington, ON, Canada) and 0.27 mM phenylmethylsulfonylfluoride 

(PMSF) protease inhibitor solution were used for all steps. Further, the decellularization process 
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was carried out at 37°C under constant agitation (150 RPM) using an Excella™ 24 Benchtop 

Incubator (New Brunswick Scientific, Edison, NJ, USA).  

Table 3.1: Outline of Flynn Decellularization Process  

Day Processing Steps 

1  3 x Freeze-thaw cycles in hypotonic Tris buffer solution (Solution A) 
 Enzymatic Digestion Solution #1 (Trypsin-EDTA) for 16 hours 

2  Polar solvent extraction  with 99.9% isopropanol 

3   Polar solvent extraction with 99.9% isopropanol 

4  3 x rinse with Sorenson’s Phosphate Buffer (SPB) for 30 minutes each 
 Enzymatic Digestion Solution #1 for 6 hours 
 3 x rinse with Sorenson’s Phosphate Buffer (SPB) for 30 minutes each 
 Enzymatic Digestion Solution #2 (DNase, RNase, lipase) for 16 hours 

5  3 x rinse with Sorenson’s Phosphate Buffer (SPB) for 30 minutes each 
 Polar solvent extraction with 99.9% isopropanol for 8 hours 
 3 x Rinse with Sorenson’s Phosphate Buffer (SPB) for 30 minutes each 

Portions of freshly explanted adipose tissue (25 – 30 g each) were submerged in a hypotonic 

Tris-ethylenediaminetetraacetic acid (Tris-EDTA) buffer at pH 8 (Solution A) and frozen at -

80°C. After the solution and tissue were frozen, the tubs were placed in a 37°C agitating 

incubator until thawed. The liquid was removed and replaced with fresh Solution A 

supplemented with 1% ABAM and 0.27 mM PMSF. This process was repeated twice more for a 

total of 3 freeze-thaw cycles followed by incubation in Enzymatic Digestion Solution #1 (0.25% 

trypsin and 0.1% EDTA (Gibco®, Invitrogen, Burlington, ON, Canada)) for 16 hours at 37°C 

under constant agitation. To remove the extensive lipid component, the tissue blocks were placed 

in isopropanol (99.9%) for 48 hours. Every 8 hours during this polar solvent extraction, the tissue 

blocks were gently massaged to promote lipid separation and fresh isopropanol was added. 

Following the polar solvent extraction, the tissue was rinsed with SPB Rinsing Solution (8 g/L 
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NaCl, 200 mg/L KCl, 1g/L Na2HPO4, and 200 mg/L KH2PO4, at pH 8.0) for 30 minutes, a total 

of 3 times. The tissue was then put through a second digestion in Enzymatic Digestion Solution 

#1 for 6 hours followed by 3, 30 minute rinses in SPB Rinsing Buffer Solution. Tissue blocks 

were then subjected to a 16-hour treatment in Enzymatic Digestion Solution #2 (55 mM 

Na2HPO4,17 mM KH2PO4, 4.9 mM MgSO4•7H2O, 15,000 U DNase Type II (from bovine 

pancreas), 12.5 mg RNase Type III A (from bovine pancreas), and 2000 Units Lipase Type VI-S 

(from porcine pancreas)). Afterward, the tissue was rinsed 3 times (30 minutes each) with SPB 

Rinsing Solution and placed in 99.9% isopropanol for an additional 8 hours of polar solvent 

extraction. Finally, the decellularized adipose tissue (DAT) was rinsed 3 times (30 minutes each) 

in SPB rinsing solution, and 3 more times (30 minutes each) in 70% ethanol before being placed 

in sterile PBS supplemented with 1% ABAM and 0.27 mM PMSF for storage at 4°C.  

3.4	Protein	Extraction	from	Decellularized	Adipose	Tissue	

DAT was prepared from 3 individual donors using the Flynn lab’s detergent-free process. To 

extract proteins from the DAT, 1 g hydrated portions from each donor were collected after 

removing the majority of liquid by pressing the tissue between two mesh screens. The DAT 

pieces were then snap-frozen in liquid nitrogen and pulverized into a fine powder using a mortar 

and pestle. The pulverized DAT was added to previously-prepared and cooled (4°C) extraction 

buffers to a final concentration of 10% (w/v). Table 3.2 outlines the extraction buffers used in 

this study and components of which they are comprised. A protease inhibitor cocktail (2 mM 4-

(2-Aminoethyl) benzenesulfonyl fluoride hydrochloride, 0.3µM aprotinin, 130µM bestatin, 1mM 

EDTA, 14µM E-64, 1µM leupeptin) was added to 0.83% (v/v) to reduce the enzymatic 

breakdown of proteins during extraction. DAT samples in extraction buffers were placed on an 

Ocelot™ orbital shaker (Fisher Scientific, Ottawa, ON, Canada) at 4°C for 3 days. Following 3 
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days of extraction, the DAT samples were centrifuged for 15 minutes at 1500 xg (4°C) and the 

supernatant was collected for storage at -80°C. The DAT extracts in various buffers were later 

used to determine extracted protein quantity and further processing steps like sample 

concentration. 

3.4.1	Protein	Extraction	Buffers	

Table 3.2: Protein Extraction Buffers & Components 

Extraction Buffer Components 

Tissue Extraction Reagent I 

 (Invitrogen, Burlington, ON, Canada) 

 50 mM Tris, pH 7.4  
 250 mM NaCl  
 5 mM EDTA  
 2 mM Na3VO4  
 1 mM NaF  
 20 mM Na4P2O7  
 0.02% NaN3  
 proprietary detergent 

Lysis Buffer  10mM Tris, pH 8.0 
 150mM NaCl 
 5mM EDTA pH 8.0 
 2% Triton X-100 (v/v) 
 0.5% Sodium Deoxycholate (w/v) 

Radio Immunoprecipitation Assay Buffer 
(RIPA) 

 10mM Tris, pH 7.2 
 150 mM NaCl 
 5mM EDTA 
 0.1% SDS (w/v) 
 1% Triton X-100 (v/v) 
 1% Sodium Deoxycholate (w/v) 

Urea Buffer  7M Urea 
 0.1M Na2PO4 

Roger’s Sample Buffer 
 

 62.5mM Tris, pH 6.8 
 20% Glycerol 
 2% SDS (w/v) 
 5% Beta-mercaptoethanol (BME) 
 0.001% Bromophenol Blue 
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3.4.2	Protein	Quantification	

Following extraction, total protein content in the extraction buffers was quantified using a Pierce 

BCA Protein Assay Kit (Thermo Scientific, Waltham, MA, USA) following the manufacturer’s 

protocol. Samples of each buffer were loaded into a 96-well plate in triplicate (n=3, N=3) and 

absorbance was measured using an Enspire spectrophotometer (PerkinElmer, Waltham, MA, 

USA) reading at a wavelength of 562 nm. Roger’s Sample Buffer was not analyzed for total 

protein content as the reagents in the buffer interfered with the absorbance readings, making the 

assay inexecutable. 

3.4.3	Molecular	Weight	Fractioning	

Following a 3-day extraction of protein from the DAT, the protein content in the extraction 

buffers was found to be in very low quantities, so molecular weight fractioning by centrifugation 

was employed to concentrate the samples. For each of the extraction buffers, 6 mL of DAT 

extract was added to a viva spin 6, 10,000 molecular weight cut-off (MWCO) centrifugation tube 

(Sattorius AG, Goettingen, Germany). Centrifugation of these tubes allowed for supernatant and 

small proteins, 10 kDa (10 000 MW) and smaller, to pass through the membrane filter, 

concentrating the proteins (>10 kDa) above the membrane. Samples were centrifuged at 3500 xg 

at 4°C for 30 – 40 minutes until 2 mL of each buffer remained  on the concentrate side of the 

membranes. The extract concentrate was collected from the upper part of the membrane, 

aliquoted into working volumes, and snap frozen for storage at -80°C. After concentration of the 

extraction buffers, a protein quantification assay was performed using the Pierce BCA Protein 

Assay Kit. 
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3.5	Bioactive	Component	Identification	

Following extraction and concentration, the presence of a range of potential bioactive factors 

within the DAT was probed using sodium dodecyl sulphate polyacrylamide gel electrophoresis 

(SDS-PAGE) and Western blotting techniques. More specifically, the bioactive components 

adiponectin, VEGF-A, DKK-1, and BMP-2 were screened in the concentrated DAT extracts 

from each of the 3 donors. 

SDS-PAGE gels (12%) were fabricated using a BIO-RAD mini-gel casting stand (BIO-RAD 

Laboratories Inc., Hercules, CA, U.S.A)  and 1.5 mm spacer plates with complementing short 

plates to pour 8.5 x 5.5 mm gels. The 12% polyacrylamide resolving gel was formed by vinyl 

addition polymerization of 5.26 mL of 30% acrylamide/bis-acrylamide (37.5:1 ) (BioShop 

Canada Inc. Burlington, ON, Canada) in a solution of 164 µL of 10% SDS (w/v), 4.12 mL of 

1.5M Tris pH  8.8,  and 5.26 mL distilled water (DH2O) which was initiated by the addition of 8 

µL tetramethylethylenediamine (TEMED) (BioShop Canada Inc. Burlington, ON, Canada) and  

164 µL ammonium persulphate (APS) (BioShop Canada Inc. Burlington, ON, Canada). 

Immediately after the initiators were added, the pre-gel was added to the plates in the casting 

stand and 99.9% isopropanol was gently pipetted onto the air-exposed top surface to prevent 

inhibition of the polymerization. The resolving gel was given 15 minutes to polymerize before 

the 99.9% isopropanol was removed and the stacking gel was poured directly on top. A 3% 

acrylamide stacking gel was formed by polymerizing 863 µL of 30% acrylamide/bis-acrylamide 

(37.5:1), in 55 µL of 10% SDS (w/v), 700 µL of 1 M Tris pH  6.8, 3.75 mL DH2O solution by 

the addition of 6 µL TEMED and 55 µL APS. A 10-well, 1.5 mm thick comb was added to the 

stacking gel before polymerization to cast wells for sample loading. The stacking gel was 

allowed 20 minutes to polymerize before storage at 4°C for up to a week. 
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 Before loading the SDS-PAGE gels, lamellae loading buffer (187.5 mM Tris pH 6.8, 30% 

glycerol (v/v), 6% SDS (w/v), 0.03% bromophenol blue) was added to concentrated samples of 

Extraction Reagent, Lysis Buffer, Roger’s Sample Buffer, RIPA Buffer, and Urea Buffer at a 

ratio of 1:2 (v/v). β-mercaptoethanol (BME) and dithiothreitol (DTT) were added to a final 

concentration of 5% (v/v) and 1 mM, respectively, as reducing agents that unfold  proteins 

through cleavage of disulfide bonds [195], [196] . Samples were then heated to 95°C for 5 

minutes using a block heater. Urea extracts were not heated as urea is known to be heat-sensitive 

[197]. Immediately after heating, the samples were briefly centrifuged at 1200 xg for 15 seconds. 

The SDS-PAGE gels were prepared for sample loading by placing them in a gel running basin 

filled with Running Buffer (25 mM Glycine, 0.1% SDS (w/v) and 24.9 mM Tris). Prior to 

loading, each well in the SDS-PAGE gel was rinsed with a jet of Running Buffer (provided by a 

1cc syringe) to remove polyacrylamide fragments or unreacted components. One lane of the 

SDS-PAGE gels was loaded with Precision Plus™ pre-stained molecular weight marker (BIO-

RAD Laboratories Inc., Hercules, CA, U.S.A.) to visualize the molecular weight separation of 

the proteins while the gel was running. Because the DAT extract samples had low protein 

content, the wells were loaded to the maximum volume of 50 µL and an empty lane loaded with 

1X lamellae loading buffer was placed between the samples to avoid spill-over contamination 

from adjacent wells. Once all samples and controls were loaded into the SDS-PAGE gels, the 

Mini-PROTEAN Tetra Cell™ (BIO-RAD Laboratories Inc., Hercules, CA, U.S.A.) gel running 

apparatus was connected to the PowerPac™ (BIO-RAD Laboratories Inc., Hercules, CA, U.S.A) 

power supply and  set to a constant voltage of 120V for 2 hours.  

Following the SDS-PAGE separation, an electrophoretic transfer of the proteins was performed 

by applying an electric field to elute proteins from the gels and transfer them to a membrane. To 
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condition for protein immobilization, the BioTrace™ Polyvinylidene fluoride (PVDF) membrane 

(PALL Corp., Port Washington, NY) was cut to the dimensions of the gel (8.5 x 5.5mm) and 

activated in 100% methanol for 2 minutes. All components of the transfer sandwich (sponge 

pads, filter paper, polyacrylamide gel, and membrane) were equilibrated in chilled (4°C) transfer 

buffer (191.8 mM glycine, 0.1% SDS (w/v), 24.8 mM Tris, and 20% methanol (v/v)) for 5 

minutes prior to transfer. The transfer sandwich was assembled by placing the cathode side of the 

cassette face down and stacking components in the following order: sponge, filter paper, SDS-

PAGE gel, activated PVDF membrane, filter paper, and sponge. A diagram of the transfer 

sandwich is provided in Figure 3-1.  

 

 

 

 

 

 

The transfer cassettes were loaded into the transfer apparatus and the reservoir filled with chilled 

(4°C) transfer buffer. An ice pack was added to the transfer basin to keep the buffer cold for the 

duration of the transfer and a magnetic stir bar was added (550 RPM) to keep ion and 

temperature distribution well mixed.  

Electrophoretic transfer was performed at 60 V for 90 minutes with a PowerPac™ power supply. 

Following transfer, the membrane was blocked and probed with antibodies using conditions that 

were optimized for each protein evaluated, as outlined in detail below and summarized in Table 

3.2.  

Figure 3-1: Gel and membrane setup for electrophoretic transfer

Cathode (-) 

Anode (+) 

Sponge

Sponge

Filter paper

SDS-PAGE gel

PVDF membrane

Filter paper
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After proteins were transferred to the membrane, the remaining SDS-PAGE gel was stained with 

Coomasie brilliant blue (0.025% Coomasie Brilliant Blue R-250, 40% methanol, 10% acetic 

acid) overnight. The SDS-PAGE gel was then placed in Coomassie de-stain solution (20% 

methanol, 10% acetic acid) for 8 hours so proteins remaining in the gel could be visualized to 

assess the efficiency of the transfer.  

3.5.1	Adiponectin		

The presence of adiponectin in the DAT extracts was evaluated using Western blotting 

techniques described previously. To ensure techniques were performed effectively, 20 ng of 

recombinant adiponectin with a theoretical isoelectric point (pI) of 5.46 [198]  (PeproTech Inc., 

Rocky Hill, NJ, U.S.A.) was prepared and loaded in one lane of the gel as a positive control. 

Upon completion of separation electrophoresis and transfer, the membrane was blocked with a 

Tris-buffered saline (TBS) (50 mM Tris, 150 mM NaCl) solution containing 5% (w/v) fat-free 

milk powder and 0.05% (v/v) Tween 20, for 1 hour at room temperature with constant agitation. 

After blocking, the membrane was incubated with monoclonal anti-adiponectin primary antibody 

(ab62551, Abcam Inc., Cambridge, U.K.) produced in a rabbit host species. The dilution and 

incubation time for the antibody was optimized by testing a range of antibody dilutions 

beginning with the manufacturer’s recommendation of 1:2000 from stock and also attempting 

1:1000 and 1:500. Incubation time was also varied from 16, 24, and 40 hours. The most 

consistent results were found using a concentration of 2 µg/mL (1:500 from stock) diluted in 

blocking solution for 40 hours under constant agitation at 4°C.  After primary incubation, the 

membrane was rinsed in 10 mL of TBST buffer (0.05% Tween 20, 150 mM NaCl, 50 mM Tris 

pH 7.4) three times for five minutes each and incubated in horseradish peroxidase (HRP)-

conjugated  goat anti-rabbit immunoglobulin G (IgG) polyclonal antibody (ab6721, Abcam Inc., 
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Cambridge, U.K.) to detect specific binding of the primary antibody. The dilution and incubation 

time for the secondary antibody were optimized to a concentration of 1 µg/mL (1:2000) for 1 

hour at room temperature. Following secondary antibody incubation, the membrane was rinsed 

with 10 mL of TBST buffer three times for five minutes each and evaluated for positive signal. 

Adiponectin was detected on the membrane by covering the surface with CHEMI-FAST 

(Syngene, Cambrdge, U.K.) enhanced chemiluminescent (ECL) substrate that reacts with the 

HRP on the secondary antibody to produce light. The chemiluminescent signal was detected 

using a SYGENE G: BOX (Syngene, Cambridge, U.K.) gel documentation system that uses a 

cooled, charged-coupled device (CCD) camera to acquire images. The exposure time was 

optimized for each membrane, typically ranging between 10-20 minutes. 

3.5.2	VEGF‐A	

The presence of VEGF-A was also analyzed in the DAT extracts using Western blotting 

techniques. As a positive control, rat liver lysate diluted in 1X lamellae loading buffer was 

loaded in the gel to detect the 43 kDa VEGF-A protein with an pI of 8.5 [199]. The gel was run 

and transferred to a membrane as previously described, and upon completion was blocked with a 

solution of 3% (w/v) fat-free milk powder, 0.05% (v/v) Tween 20, in TBS for 1 hour at room 

temperature with constant agitation. Blocking with a range of 3 – 5% BSA solution and 5% milk 

was also investigated during the optimization process. After blocking, the membrane was probed 

with monoclonal anti-VEGF-A primary antibody (Ab1316, Abcam Inc., Cambridge, U.K.) 

produced in a mouse host species. Optimization of VEGF-A antibody conditions began with 

Abcam’s recommended dilution of 1:1000 from stock and increased to 1:500 and 1:200.  The 

incubation time for the antibody also required optimization, as a clear signal was not obtained 

with the standard 1 hour (4°C) incubation. The optimal conditions for the primary antibody were 
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found to be at a concentration of 5 µg/mL (1:200 from stock) diluted in TBST.  The membrane 

was incubated for 16 hours under constant agitation at 4°C, followed by an additional hour at 

room temperature (18°C). After primary incubation, the membrane was rinsed in 10 mL of 

TBST buffer three times for five minutes each and incubated in an HRP-conjugated goat anti-

mouse IgG polyclonal secondary antibody (ab6789, Abcam Inc., Cambridge, U.K.). The 

optimized dilution and incubation conditions were found to be 2 µg/mL (1:1000) and 1 hour at 

room temperature after testing 1:2000 and 1:1500 dilutions. Following secondary antibody 

incubation, the membrane was rinsed with 10 mL of TBST three times for five minutes each and 

immersed in ECL for detection with the CCD camera dock. The exposure time was optimized for 

each individual membrane, typically between 10-20 minutes. 

3.5.3	DKK‐1	

The presence of DKK-1 in the DAT-extracts was evaluated using Western blotting techniques 

described previously. To ensure techniques were performed effectively, 20 ng of recombinant 

DKK-1 (pI 9.67) [200] (PeproTech Inc., Rocky Hill, NJ, U.S.A.) was prepared and loaded in one 

lane of the gel to detect a band at 37 kDa as a positive control. Upon completion of separation 

electrophoresis and transfer, the membrane was blocked with a TBS solution containing 5% 

(w/v) fat-free milk powder and 0.05% (v/v) Tween 20, for 1 hour at room temperature with 

constant agitation. After blocking, the membrane was incubated with monoclonal anti-DKK-1 

primary antibody (Ab109416, Abcam Inc., Cambridge, U.K.) produced in a rabbit host species. 

The dilution and incubation time for the antibody was found to produce the most consistent 

results at a concentration of 1 µg/mL (1:1000 from stock) diluted in blocking solution for 16 

hours under constant agitation at 4°C. After primary incubation, the membrane was rinsed in 10 

mL of TBST buffer three times for five minutes each and incubated in HRP-conjugated goat 
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anti-rabbit IgG polyclonal secondary antibody (Ab6721, Abcam Inc., Cambridge, U.K.) to detect 

specific binding of the primary antibody. The dilution and incubation time for the secondary 

antibody was optimized by testing a range of dilutions from 1:2000 – 1:1000 from stock. The 

optimal concentration was found to be 2 µg/mL (1:1000) for 1 hour at room temperature. 

Following secondary antibody incubation, the membrane was rinsed with 10 mL of TBST buffer 

three times for five minutes each and evaluated for positive signal. DKK-1 was detected on the 

membrane using ECL substrate and a CCD camera. The exposure time was optimized for each 

membrane, ranging between 10-20 minutes. 

3.5.4	BMP‐2	

The presence of BMP2 was also analyzed in the DAT extracts using Western blotting 

techniques. As a positive control, rat brain lysate diluted in 1X lamellae loading buffer was 

loaded in the gel to detect the BMP-2 peptide with a typical isoelectric point of 8.5 [201]. The 

gel was run and transferred to a membrane, as previously described. Upon completion of the 

transfer, the membrane was blocked with a solution of 5% (w/v) fat-free milk powder, 0.05% 

(v/v) Tween 20, in TBS for 1 hour at room temperature with constant agitation. After blocking, 

the membrane was probed with monoclonal anti-BMP-2 primary antibody (Ab14933 Abcam 

Inc., Cambridge, U.K.) produced in a rabbit host species. The optimal conditions for the antibody 

were found to be at a concentration of 1.46 µg/mL (1:500 from stock) diluted in blocking 

solution and incubated for 16 hours under constant agitation at 4°C. After primary incubation, 

the membrane was rinsed in 10 mL of TBST three times for five minutes each and incubated in 

an HRP-conjugated goat anti-rabbit IgG polyclonal secondary antibody (Ab6721, Abcam 

Inc.,Cambridge, U.K.) at a dilution of  1µg/mL (1:2000) for 1 hour at room temperature. After 

secondary antibody incubation, the membrane was rinsed with 10 mL of TBST buffer three 
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times for five minutes each and immersed in ECL for detection with a CCD camera dock. The 

exposure time was optimized for each individual membrane, typically between 10-20 minutes. 

Table 3.3: Summary of Optimized Western Blot Conditions 

Antibody Blocking Conditions Primary Conditions Secondary Conditions 
Anti-adiponectin 5% milk in TBST 1:500 in blocking solution 

(40 hours @ 4°C ) 
1:2000 in TBST (1 
hour) 

Anti-VEGF-A 3% milk in TBST 1:200 in TBST  
(16 hours @ 4°C + 1 hour 
18°C) 

1:1000 in TBST (1 
hour) 

Anti-DKK-1 5% milk in TBST 1:1000 in blocking solution 
(16 hours @ 4°C) 

1:1000 in TBST (1 
hour) 

Anti-BMP-2 5% milk in TBST 1:500 in blocking solution 
(16 hours @ 4°C) 

1:2000 in TBST (1 
hour) 
 

 

3.6	Immunohistochemical	Analysis	of	Bioactive	Components	in	DAT	Scaffolds	

3.6.1	Tissue	Fixing	and	Paraffin	Embedding	

To investigate the distribution of the bioactive components, adiponectin, VEGF-A, DKK-1, and 

BMP-2, in DAT scaffolds, immunohistochemical techniques were employed. Tissue from three 

donors was decellularized using the protocol outlined previously and cut into approximately 1 

cm3 pieces. DAT portions were fixed in a phosphate buffered, 4% paraformaldehyde solution for 

16 hours at 4°C. Once fixed, the DAT was rinsed with 70% ethanol and paraffin embedded using 

an ATP 1TM tissue processor (Triangle Biomedical Sciences Inc., North Carolina, U.S.A.). 

Following embedding, tissue samples were immersed in paraffin blocks and allowed to set over 

night before sectioning. Fixed and embedded DAT scaffolds were sectioned at a thickness of 6 

µm using a Finesse ME+ microtome (Thermo Scientific, Waltham, MA, USA) and collected 

onto Fisherbrand Superfrost® Plus microscope slides (Fisher Scientific, Ottawa, ON, Canada), 

where they were left to dry for 16 hours at room temperature before use.  
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3.6.2	Immunohistochemistry	

Immunohistochemistry (IHC) pertains to the probing of tissue sections with antibodies to 

identify antigens specific to molecules of interest. In preparation for IHC on DAT sections and 

tissue positive controls, each slide was de-waxed in xylene and hydrated in a stepwise manner 

from ethanol to water. Heat-mediated antigen retrieval was performed using DACO citrate buffer 

(DACO Inc., North Aurora, IL, U.S.A.) to break protein cross-links established in the fixation 

process, in turn exposing antigen binding sites for the antibody. Following antigen retrieval, 

slides were rinsed with PBS 3 times, 5 minutes each before being treated with 3% H2O2 to 

oxidize the tissue.  When using 3,3'-diaminobenzidine (DAB) for visualization of binding, the 

tissue must be oxidized to reduce background signal that would interfere with the visualization of 

the HRP secondary antibody. Following oxidation, DAT sections were rinsed with PBS and 

blocked with goat serum in PBST (PBS containing 0.2% Tween 20). Blocking was performed to 

reduce non-specific binding of the primary antibody to the tissue section. The percentage of goat 

serum was dependent on the tissue and must be optimized for the primary antibody being used. 

After blocking, the primary anti-body was diluted in PBST and added to two of the three sections 

on each slide. The third section acts as a secondary control in order to observe non-specific 

binding of the secondary antibody. Sections were incubated with primary antibody in a humidity 

chamber for 16 hours at 4°C. Dilutions of the antibody were dependent on the tissue being 

probed and the specific antibody (Table 3.3). After incubation, the primary antibody was rinsed 

from the slides with PBS and all sections were probed with secondary antibody which binds to 

IgG from the host animal of the primary antibody. The dilution of the secondary antibody must 

be optimized to reduce background signal.  
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After rinsing the sections (3 x 5 minutes with PBS), the secondary antibody was oxidized with 

DAB working solution to visualize specific binding of the primary antibody. DAB exposure was 

achieved by adding DAB working solution (10% (v/v) DAB, 0.015% H2O2 in PBS) to each 

section and monitoring the exposure to find the optimal balance between specific signal and 

background. Once the exposure was complete, the sections were quickly rinsed with PBS and 

counterstained for 20 seconds with Weighart’s iron hematoxylin to visualize the scaffold. The 

hematoxylin counter stain was then blued by the addition of a saturated LiCO3 solution. After 

staining, the slides were dehydrated with ethanol and cleared in xylene before mounting 

coverslips with Permount™ mounting medium (Fisher Scientific, Ottawa, ON,  Canada). All IHC 

images were acquired using a Zeiss Axio Imager 2 optical microscope (Carl Zeiss AG, 

Oberkochen, Germany).  

Adiponectin	

DAT sections were prepared for adiponectin IHC analysis in the manner previously outlined. 

More specifically, sections were blocked with 1% goat serum in PBST for 1 hour at room 

temperature (18°C) and incubated in monoclonal rabbit anti-adiponectin primary antibody 

(ab62551, Abcam Inc., Cambridge, U.K.) diluted to 2 µg/mL (1:500 from stock) in PBST for 16 

hours at 4°C. Sections of rat brain were used as a positive tissue control, as it is known to be 

abundant in adiponectin. Following primary incubation, slides were probed with HRP-

conjugated goat anti-rabbit secondary antibody (ab62551, Abcam Inc., Cambridge, U.K.), which 

was diluted to 2 µg/mL (1:1000 from stock) in PBST. Slides were incubated in secondary 

antibody for 1 hour at room temperature (18C). Afterward, sections were rinsed thoroughly with 

PBS and exposed with DAB for 3 minutes followed by counter staining and mounting of cover 

slips. 
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VEGF‐A	

Sections of DAT to be analyzed for the distribution of VEGF-A were prepared for IHC as 

previously described. Sections of rat liver were used as a positive tissue control for VEGF-A. 

Slides were blocked with 1% goat serum in PBST for 1 hour at room temperature (18°C) 

followed by incubation in monoclonal mouse anti-VEGF-A primary (Ab1316, Abcam Inc., 

Cambridge, U.K.) diluted to 5 µg/mL (1:200 from stock) in PBST for 16 hours at 4°C. DAT 

sections and positive controls were rinsed of primary antibody and incubated with HRP-

conjugated anti-mouse secondary antibody (Ab6789, Abcam Inc., Cambridge, U.K.) diluted to 2 

µg/mL (1:1000 from stock) in PBST for 1 hour at room temperature (18°C). Afterward, the 

slides were rinsed thoroughly with PBS and exposed with DAB for 2 minutes, 30 seconds 

followed by counter staining and mounting of cover slips. 

DKK‐1	

DAT sections were also stained with IHC techniques to observe the potential presence of DKK-1 

in the scaffold. Sections of DAT were prepared as previously described, and blocked with 1% 

goat serum in PBST for 1 hour at room temperature (18°C). Slides were then incubated in 

monoclonal rabbit anti-DKK-1 primary antibody (Ab109416, Abcam Inc., Cambridge, U.K.) 

diluted to 4 µg/mL (1:250 from stock) in PBST for 16 hours at 4°C. Following primary 

incubation, slides were probed with anti-rabbit IgG HRP-conjugated secondary antibody 

(Ab6721, Abcam Inc., Cambridge, U.K.), which was diluted to 8 µg/mL (1:250 from stock) in 

PBST. Slides were incubated in secondary antibody for 1 hour at room temperature (18°C). 

Sections of human placenta were run in parallel with DAT samples as control tissue for positive 

DKK-1 staining.  After secondary antibody incubation, the slides were rinsed with PBS and 

exposed with DAB for 4 minutes followed by counter staining and mounting of cover slips. 
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BMP‐2	

After preparation for IHC, DAT sections to be analyzed for the presence and distribution of 

BMP-2 were blocked with 10% goat serum in PBST for 1 hour at room temperature (18°C). 

Slides were then incubated in rabbit anti-BMP-2 primary antibody (Ab14933, Abcam Inc., 

Cambridge, U.K.) diluted to 2.92 µg/ml (1:250 from stock) in PBST for 16 hours at 4°C. 

Following primary incubation, slides were probed with goat anti-rabbit HRP-conjugated 

secondary antibody (Ab6721, Abcam Inc., Cambridge, U.K.) diluted to 8 µg/mL (1:250 from 

stock) in PBST for 1 hour at room temperature (18°C). Sections of rat brain were used as a 

positive tissue control and were treated with the same conditions as DAT sections. Afterward, 

the slides were rinsed thoroughly with PBS and exposed with DAB for 4 minutes followed by 

counter staining and mounting of cover slips. 

Table 3.4: Summary of Optimized IHC Conditions 

Antibody Control 
Tissue 

Blocking 
Conditions 

Primary Conditions Secondary 
Conditions 

Anti-
adiponectin 

Rat brain 1% goat serum 1:500 in PBST 
(40 hours @ 4°C ) 

1:1000 in TBST 
(1 hour) 

Anti-VEGF-A Rat liver 1% goat serum 1:200 in PBST  
(16 hours  4°C) 

1:1000 in PBST 
(1 hour) 

Anti-DKK-1 Human 
placenta 

1% goat serum 1:250 in PBST  
(16 hours @ 4°C) 

1:250 in PBST  
(1 hour) 

Anti-BMP-2 Rat brain 10% goat serum 1:250 in PBST  
(16 hours @ 4°C) 

1:2000 in PBST  
(1 hour) 
 

3.7	Fabrication	of	DAT	Hydrogels	

3.7.1	Preparation	of	DAT	Suspensions	

After decellularization, DAT was rinsed with PBS and frozen to -80°C before 2 days of 

lyophilization using a Modulyod freeze dryer (Thermo Scientific, Waltham, MA, USA). The 

Lyophilized DAT was minced into small pieces, rehydrated with a 5% NaCl solution, and rinsed 
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with distilled water. The DAT was then resuspended in a solution of 0.22 M NaH2PO4 at pH 5.4 

and α-amylase was added to 1% (w/w) of the lyophilized DAT mass. The DAT digest mixture 

was continuously agitated for 72 hours at room temperature (18°C). After digestion, the 

suspension was washed with 5% NaCl, followed by distilled water and resuspended in 0.2 M 

acetic acid and incubated at 37°C for 24 hours with constant agitation.  Afterwards, the DAT was 

cooled to 4°C and homogenized (PowerGen Model 125 homogenizer, Fisher Scientific, Ottawa, 

ON, Canada) until a viscous and homogeneous suspension was obtained. The total protein 

content of the DAT suspension (DATs) was estimated based on the original mass of lyophilized 

DAT and the amount of acetic acid added in the final stage of the process. 

3.7.2	DAT	Gel	Fabrication	

Gelation of DATs was achieved by neutralizing the pH and salt concentration to physiological 

conditions. DATs was chilled to 4°C and transferred to a 10 mm x 10 mm x 5 mm Tissue-Tek 

Cryomold (Sakura Finetek Inc. Torrance, CA, U.S.A.) where it was neutralized to a pH of 7.4 

using 2 M NaOH and buffered by adding 10X PBS. The neutralized DATs pre-gel was incubated 

at 37°C for 1 hour to allow the proteins to self-assemble into a gel-like material.  

3.8	DAT	Hydrogel	Characterization	

3.8.1	Equilibrium	Water	Content	

Equilibrium water content (EWC) of the DAT gels was determined by recording the wet weight 

of the gel (WW) after 72 hours in distilled water. The gels were then lyophilized in order to 

determine the dry weight (WD) and the EWC was calculated using the following formula: 

100%             [3.1] 
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3.8.2	Gel	Stability	

Macroscopic images of the DAT gels were taken to approximate the change in surface area from 

day 1 (A1) to 14 (A14). The surface area of the top of the gel was measured in triplicate using 

ImageJ analysis software to determine a surface area change (SAC) using the following 

equation: 

100%                          [3.2] 

In vitro stability over 14 days was assessed by incubating the DAT gels in Ringer’s simulated 

physiological fluid (8.6 mg/mL NaCl, 0.3 mg/mL KCl, and 0.33 mg/mL CaCl2 in deionized 

water) at 37°C, with protein release measured in triplicate at 72 hours, 7 days and 14 days using 

a modified Lowry protein assay developed by Komsa-Penkova et al. [1]. A standard curve 

ranging from 1– 1500 µg/mL was made using a 2 mg/mL collagen stock solution. 

3.8.3	Scanning	Electron	Microscopy	

DAT gels were prepared for scanning electron microscopy (SEM) by fixing in 2.5% 

glutaraldehyde overnight at 4°C. Samples were thoroughly rinsed with PBS and freeze-fractured 

with liquid nitrogen. The samples were then chemically dried using an established protocol that 

utilizes hexamethyldisilazane (HMDS) [190]. The dried DAT gel samples were pulse coated 

with gold and imaged with a JOEL JSM-840 scanning electron microscope at an accelerating 

voltage of 5 kV and a working distance of 15 mm.  

3.8.4	Histology	

DAT gels were fixed with a phosphate buffered 4% paraformaldehyde solution for 16 hours at 

4°C and paraffin embedded using an ATP 1TM tissue processor, Triangle Biomedical Sciences 

Inc., NC, U.S.A.) Sections of the processed DAT gels were cut to a thickness of 6 µm using a 
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Finesse ME+ microtome and collected onto microscope slides. The tissue on the slides were de-

paraffinized with xylene and hydrated from 100% ethanol to water. The slides were stained with 

Picrosirius red, which stains collagen fibrils allowing for visualization of the gel architecture. 

The stained DAT sections were dehydrated and mounted with cover slips before imaging using a 

Zeiss Axio Imager 2 optical microscope (Carl Zeiss AG, Oberkochen, Germany).  

3.8.5	Isolation	of	Adipose‐derived	Stem	Cells	

Human adipose-derived stem cells (ASCs) were extracted using previously-established protocols 

from the literature [166]. Freshly isolated adipose tissue was transported to the laboratory on ice 

and processed within 45 minutes of its acquisition. In a sterile biosafety cabinet, approximately 

10 g of adipose tissue was finely minced with excess fibrous tissue and blood vessels discarded. 

Digest solution (25 mL) was prepared containing 3 mM glucose, 2 mg/mL collagenase type II, 

and 5 mM HEPES in Kreb’s Ringer Buffer (KRB) solution, and syringe filtered through a 0.22 

μm pore filter (Millipore Express PES Membrane, Millipore) before the addition of 1.4 mL of 35 

% (v/v) sterile BSA. The digest was warmed to 37°C in a water bath before adding the minced 

adipose, which was allowed to digest for 45 minutes in an agitating incubator at 37°C and 100 

RPM. Following digestion, any undigested tissue was removed by coarse filtration using a 

stainless steel screen followed by a 250 µm pore stainless steel filter. The digested tissue was 

collected in a 50 mL centrifuge tube and allowed to gravity separate for 5 minutes to yield an 

upper layer of mature adipocytes and a bottom layer containing the stromal vascular fraction 

(SVF) including the ASCs. The upper layer was discarded by aspiration and an equal amount of 

cell culture medium (DMEM:Ham’s F-12, 10% FBS and 1% Pen-Strep) was added to inactivate 

the collagenase. The sample was then centrifuged at 1200 xg for 5 minutes and the supernatant 

was discarded. The cell pellet was resuspended in 20 mL of erythrocyte lysing buffer (0.154 M 
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ammonium chloride, 10 mM potassium bicarbonate, and 0.1 mM EDTA in sterile deionized 

water) and gently agitated for 10 min at room temperature.  

The sample was centrifuged again at 1200 x g for 5 minutes, and the supernatant was discarded 

yielding a cell pellet which was resuspended in 20 mL of complete cell culture medium before it 

was filtered through a 100 μm nylon mesh (Fisher Scientific, Ottawa, ON, Canada). The cell 

suspension was centrifuged once more (1200 xg for 5 minutes) and the supernatant discarded. 

The cell pellet, containing ASCs, was resuspended in complete medium and seeded onto T-75 

tissue culture polystyrene (TCPS) flasks (Corning, NY, USA) at an approximate density of 1 x 

106 cells/flask. Culture flasks were filled with 15 mL of complete medium and incubated for 24 

hours (37°C, 5% CO2) to allow the ASC population to adhere to the flask surface. Afterwards, 

medium was removed via aspiration and each flask was rinsed with sterile cation-free PBS to 

remove unattached cells and debris.  

 Following isolation, each flask was resupplied with 15 mL complete cell culture medium every 

2-3 days until the proliferating cells reached 80% confluency and required passaging. To passage 

the cells, medium was aspirated, the flask was rinsed with cation-free PBS and 5 mL of 0.25% 

trypsin/0.1% EDTA solution was added to detach the cells from the flask. The cells were then re-

plated at a density of approximately 1 x 106 cells per T-75 flask and supplied with 15 mL of 

complete media. Passage 2 ASCs were used for all cell seeding experiments.  

 

3.8.6	Seeding	of	ASCs	on	the	DAT	Gels	

In preparation for in vitro culture with the DAT gels, the DAT suspension was sterilized using an 

established protocol for the sterilization of rat tail collagen [202] which was modified for use 

with the DAT. In brief, DATs was loaded into dialysis bags of 1000 MWCO (Spectrum 

Laboratories Inc., Rancho Dominguez, CA, U.S.A.) and dialyzed (1:100, sample to dialysate 
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volume) against a solution of 1% chloroform in deionized water for 16 hours at room 

temperature (18°C) with constant stirring. Following chloroform sterilization, dialysis bags 

containing DATs were dialyzed against a sterile 0.22 M acetic acid solution for 1 week with 

dialysate changes every two days. The sterile DATs was collected and stored in sterile 50 mL 

centrifuge tubes at 4°C until further use.  

DAT gels for in vitro analysis were fabricated as previously outlined in section 3.7. The 

sterilized DATsol was injected with a 1 cc syringe and 18 gauge needle into a cell culture insert 

(Greiner bio-one Inc., Monroe, NC, U.S.A.), seated in a 12 well tissue culture plate. The 

transmembrane insert had a pore size of 0.4 µm to allow for nutrients to diffuse through the 

bottom of the scaffold, while keeping the cells and scaffold components contained. A schematic 

of the experimental setup for the in vitro DAT gel analysis is shown in Figure 3-2. After 

fabrication, the DAT gels were equilibrated in complete medium for 16 hours at 37°C before 

ASC seeding to allow for the diffusion of nutrients into the scaffold. 
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Figure 3-2: Seeded DATgel in vitro schematic 

 

Passage 2 ASCs were detached from the T-75 tissue culture flasks using 5 mL of 0.25% 

trypsin/0.1% EDTA. The trypsin solution was deactivated by the addition of an equal amount of 

complete media. Viable cell counting was performed following staining with Guava ViaCount 

reagent with analysis by flow cytometry (Guava 8HT System, Millipore Corp., Billerica, MA, 

U.S.A.). Following counting, the ASCs were resuspended in complete medium and were gently 

distributed over the top surface of the DAT gels at a density of 30,000 cells/cm2. The well 

surrounding the insert and top surface of the DAT gel in the insert were supplied with 2 mL and 

500 µL of complete media respectively. Every two days following initial seeding, media in the 

insert and surrounding well was removed and replaced with fresh culture media.  

3.8.7	Live/Dead	

 
The viability of the ASCs seeded onto the DAT gels was assessed using the LIVE/DEAD® 

Viability/Cytotoxicity Assay (Invitrogen) that allows for the identification of live and dead cells 

simultaneously through the use of calcein AM and ethidium homodimer (EthD-1) dyes [203]. 

DATgel 

Culture well 

Transmembrane insert 

Media 

ASC 
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Live cells are identified by the enzymatic conversion of calcein AM to fluorescent calcein due to 

the presence of intracellular esterase activity. Dead cells are detected when EthD-1 enters cells 

with compromised plasma membranes, fluorescing as it binds to nucleic acids. Calcein causes 

live cells to fluoresce green (494 nm/517 nm) while EthD-1 causes dead cells to fluoresce red 

(528 nm/617 nm) [203]. 

This LIVE/DEAD® assay was used to measure the ASC viability on the surface of the DAT gels 

at 24 hours, 72 hours, and 7 days after seeding (n=2, N=2). At each time point, a fresh 4 μM 

EthD-1 solution was prepared by mixing the stock 2 mM EthD-1 (provided in LIVE/DEAD® 

kit) with sterile PBS. Next, the calcein AM stock was added to the solution to a concentration of 

2 µM and cell-seeded scaffolds were submerged in the LIVE/DEAD® reagent for 45 minutes at 

room temperature. Following incubation, the ASCs on the surface of the scaffolds were imaged 

using an Olympus FV 1000 laser scanning confocal microscope. Nine (3 x 3) images of each gel 

were captured representing 7.6% of the total surface area. The images were then processed using 

ImageJ analysis software to calculate the number of live and dead cells. 

3.8.8	Histology	

 
To visualize the distribution of ASCs on the surface of the DAT gels, histological staining was 

performed at 24 hours, 72 hours, and 7 days after seeding. At each time point, the ASC-seeded 

DAT gels were fixed in buffered 4% paraformaldehyde solution for 16 hours at 4°C. Seeded 

DAT gels were then paraffin embedded and cut into 6 μm sections using a microtome, as 

described previously. Sections of the seeded DAT gels were deparafinized with xylene and 

hydrated from 100% ethanol to distilled water. The sections were stained with a Masson’s 
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trichrome staining kit following the manufacturer’s protocol to distinguish cells from the 

scaffold.  

To further visualize the cells on the DATgel scaffold, the fluorescent stain 4',6-diamidino-2-

phenylindole (DAPI) was used in the form of  Fluoroshield mounting medium with DAPI 

(Abcam Inc., Cambridge, U.K.). DAPI readily binds to adenine-thymine rich regions of DNA 

and fluoresces (358nm/461nm), allowing for the visualization of nuclei [204]. To perform this 

stain, slides were de-paraffinized, hydrated, and a drop of Fluoroshield mounting medium was 

added directly to each section. Slides were mounted with cover slips and imaged with a Zeiss 

Axio Imager 2 fluorescence microscope (Carl Zeiss AG, Oberkochen, Germany). 
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Chapter	4:	Results	and	Discussion	‐	Characterization	of	Bioactive	
Components	in	DAT	Scaffolds	

4.1	Introduction	

ECM-derived scaffolds are promising materials for adipose tissue engineering as they may 

contain growth factors and other biologically active components that promote adhesion, 

proliferation, and differentiation of cells [205], [206]. Many engineered bioscaffold strategies 

include ECM components as they are known to orchestrate cell fate through mechanical and 

biochemical interactions. In particular, decellularized matrices allow for a tissue-specific ECM to 

be used as a bioscaffold for tissue engineering.  

Research in the Flynn lab focuses on the use of decellularized adipose tissue (DAT) for 

applications in soft tissue reconstruction. Previous in vitro and in vivo studies using adipose-

derived stem cells (ASCs) have shown a strong bioactive response to DAT-derived scaffolds 

fabricated by the Flynn lab ([6], [7]). In vitro studies have shown that DAT-based biomaterials 

provide an “adipo-inductive” microenvironment, causing ASCs to display markers of adipogenic 

differentiation without supplementation of the medium with exogenous adipogenic factors [6]–

[8].  In vitro studies have also shown evidence that DAT exhibits an “adipo-conductive” 

property, in which ASCs seeded on DAT scaffolds demonstrated a higher degree of adipogenesis 

when cultured in adipogenic differentiation medium in comparison with tissue culture 

polystyrene controls. Subsequent in vivo studies have further demonstrated the adipo-inductive 

characteristics of DAT, with the formation of mature adipocytes observed within implanted DAT 

scaffolds after 8 weeks of implantation in a subcutaneous rat model [7]. In addition to the 

adipogenic potential of DAT, a strong angiogenic response around and throughout the scaffold 

was observed.  
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Bioactive molecules including growth factors, ECM components, and other hormones contribute 

to cellular behaviors observed in vivo including migration, proliferation, and differentiation of 

some cell types. The distribution of bioactive components also plays a significant role in tissue 

remodeling, as gradients of certain bioactive components have been shown to polarize cells, and 

promote migration via haptotaxis [207], [208].  The focus of this chapter is on the 

characterization of the potential presence of the bioactive components adiponectin, VEGF-A, 

BMP-2, and DKK-1, which may contribute to some of the observed bioactivity shown by 

previous studies involving this naturally-derived scaffold. 

4.2	Results	and	Discussion	

4.2.1	Decellularization	and	Extraction	of	Proteins	from	DAT	

Decellularization of freshly-isolated adipose tissue from three donors was performed using 

chemical, physical, and enzymatic treatments resulting in a hydrated, white matrix substantially 

free of cell debris and lipids. To characterize the bioactive molecules in the DAT, samples of the 

matrix were subjected to protein extraction using a range of buffers to isolate matrix-bound 

components. The extraction buffers employed used various detergents, reducing agents, and 

chaotropic agents to promote the disruption of protein-protein interactions between the bioactive 

components and the structural elements in the ECM, releasing the proteins into the buffer for 

subsequent characterization. Detergents such as Triton X-100, sodium deoxycholate, and sodium 

dodecyl sulphate (SDS) are amphiphilic molecules, meaning they contain both a hydrophobic 

and hydrophilic component, which allows them to associate with polar and non-polar 

components simultaneously. When in solution, the amphiphilic nature of these detergents allows 

them to disrupt hydrophobic interactions between and within proteins, facilitating the 

solubilization of these components in an aqueous environment. 



 

65 
 

Thiol-reducing agents such as β-mercaptoethanol (βME) and dithiothreitol (DTT) are useful 

when characterizing bioactive components as they disrupt intramolecular and intermolecular 

disulfide bonds to achieve protein unfolding and maintain proteins in their reduced states for 

easier identification with Western blotting. Chaotropic compounds, such as urea, disrupt 

hydrogen bonds and hydrophobic interactions both between and within proteins. When used at 

high concentrations, urea destroys secondary protein structures and brings previously-insoluble 

proteins into solution. 

The enzymes collagenase type 2 and pepsin were initially investigated as a possible means of 

digesting the DAT for bioactive component identification. However, when these samples were 

electrophoresed in an SDS-PAGE gel and stained with Coomassie blue, the gel was found to be 

unresolved. The resultant protein smear in the gel was likely due to the fragmentation of peptides 

by the enzymes. A major concern was that this enzymatic treatment of the tissue prior to Western 

blotting may have disrupted some of the antigens that function as binding sites for the antibodies 

used to identify the proteins and for these reasons, enzymatic treatment was not included in 

subsequent trials in the identification of the bioactive components in the DAT.  

In a study by Chun et al. [209], bioactive components from decellularized bladder submucosa 

matrix were extracted and characterized. In this study, they evaluated different extraction times 

to determine the optimal duration for extraction. Chun et al. found there was no significant 

increase in extracted protein after 3 days, which is why this duration was chosen for the current 

study. After 3 days in the 5 extraction buffers, the samples were centrifuged to separate the 

insoluble DAT components and the supernatant was collected. The protein concentration in each 

buffer was determined using an albumin standard curve with spectrophotometric analysis. 

Analysis of the protein content in Roger’s Sample Buffer was not conducted as the samples 
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contained a dye that interfered with the absorbance readings. The initial extracted protein content 

for the 4 buffers analyzed is shown in Figure 4-1.  

 

Figure 4-1: Extracted protein content measured for DAT treated in different extraction buffers, as measured 
spectrophotometrically using the Pierce BCA protein assay. Ground DAT samples were prepared (10% w/v) and 
incubated in the buffers for 3 days under agitation at 4°C. (n=3, N=3)  

Following extraction, the Urea Buffer had the highest protein content with 53 ± 8 µg/mL found 

in the supernatant. Tissue Extraction Reagent had the next highest level of protein, with 24 ± 13 

µg/mL extracted, followed by RIPA Buffer and Lysis Buffer, which did not have protein 

concentrations within the detectable range of the assay. For all extraction buffers analyzed, the 

extracted protein content was found in quantities too low for subsequent analytical techniques, 

which necessitated additional processing to increase the concentration of extracted proteins 

within the samples.  
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4.2.2	Concentration	of	Extracted	DAT	Proteins	

To obtain proteins in workable quantities, the extracted protein samples required concentrating, 

which was achieved using centrifugal concentrator tubes. These specialized centrifugation tubes 

contain a membrane which separates components based on molecular weight. Specifically, 

molecules smaller than 10 kDa are able to pass through the membrane along with the buffer, 

allowing for the concentration of molecules > 10 kDa on the upper side of the membrane. 

Samples were loaded into the concentrating centrifuge tubes and the volume was reduced to 1/3 

the original. The protein assay was then performed to determine the effect of the concentrating 

step on the protein concentration in each of the samples, which has been summarized in Figure 

4-2.  
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Figure 4-2: Concentrated DAT extract protein content as measured spectrophotometrically using the Pierce BCA protein 
assay. Proteins were extracted from DAT using the extraction buffers and concentrated using concentrating 
centrifugation tubes to remove supernatant and proteins < 10kDa. (n=3, N=3) 

As expected, the protein concentration increased in all samples. The Lysis Buffer was found to 

have a measurable amount of protein, with a final concentration of 46 ± 14 µg/mL. RIPA Buffer 

also had a marked increase in protein concentration to 45 ± 9 µg/mL. Urea Buffer and Extraction 

Reagent increased to 94 ± 13 µg/mL, and 57 ± 26 µg/mL respectively.  

A relatively large variation in the amount of extracted protein was observed for the 3 different 

tissue donors, as summarized in Figure 4-3.This inconsistency is likely due to the natural 

heterogeneity of the DAT, combined with the relatively small sample used for extraction.   
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Figure 4-3: Protein content variability in concentrated DAT protein extracts for DAT from different donors as measured 
spectrophotometrically using the Pierce BCA protein assay. Proteins were extracted from DAT of 3 tissue donors using 
the extraction buffers and concentrated using concentrating centrifugation tubes with variability between donors 
observed. (n=3, N=3) 

4.2.3	Identification	of	Bioactive	Components	Using	Western	Blotting	and	
Immunohistochemistry	

Western blotting techniques were employed as they have many advantages over other protein 

analysis techniques. Although technically demanding, Western blotting is a highly sensitive 

analytical tool capable of detecting proteins in quantities as low as 1 picogram [210].  Another 

advantage of Western blotting is the specificity of detection – gel electrophoresis allows for 

peptides in the sample to first be sorted by molecular weight before probing with specific 

antibodies. Non-specific signal can quickly be identified if it is found at an unexpected molecular 

weight. Immunohistochemistry (IHC) was also used in this study as it allows for the 

visualization of the distribution of target proteins in the native scaffold. IHC also has the 
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advantage that it is cost effective and is less time consuming than other protein analysis 

techniques. 

Other techniques commonly used to characterize proteins include enzyme-linked immunosorbent 

assay (ELISA) and mass spectrometry. When using ELISA, it is difficult to distinguish between 

specific and nonspecific signal as primary antibodies may recognize more than one antigen in a 

complex protein sample, resulting in a false positive reading. To combat this nonspecific 

binding, expensive monoclonal antibodies (a highly purified single antibody) are used instead of 

polyclonal antibodies, which are a cocktail of antibodies found in animal serum made in 

response to injection of the protein of interest. In general, while ELISAs can provide quantitative 

measurements in samples where there are not significant protein-protein interactions, Western 

blotting is a more sensitive technique for protein analysis. 

Mass spectrometry can be used for protein identification and quantification, but major 

disadvantages to this technique include high cost, technical expertise requirements, and stringent 

preparatory conditions needed to prevent sample contamination with proteins found in the 

environment. Mass spectrometers also have limitations for use with biological specimens as they 

are not well equipped to analyze samples containing a large range of proteins. This is mainly due 

to the fact that peptides do not ionize with equal efficiency, making detection of some proteins 

and their post-translational modifications difficult. Mass spectrometry is also prone to 

undersampling, where small volumes are analyzed and may not be reproducible due to 

heterogeneity within the same sample [211]. 
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Adiponectin	

It was hypothesised that adiponectin may be present in the ECM of adipose tissue  because it is 

an adipokine secreted by mature adipocytes and is one of the most abundant hormones in the 

circulation, found in concentrations three orders of magnitude higher than other hormones (5 to 

30 µg/ml, 0.01 % of total plasma protein) [212]. Adiponectin may also play a role in 

adipogenesis as a study by Fu et al. demonstrated that the overexpression of adiponectin in 3T3-

L1 fibroblasts was found to enhance proliferation, accelerate adipocyte differentiation, and 

augment both lipid accumulation and insulin-responsive glucose transport in fully differentiated 

adipocytes [143]. As such, the presence of adiponectin in DAT may contribute to the unique 

adipo-inductive properties of the scaffolds. 

To investigate the potential presence of adiponectin in the concentrated extracts of DAT, SDS-

PAGE electrophoresis and Western blotting techniques were employed. Figure 4-4 is a 

representative image of the resulting Western blot membranes after electrophoresis of the DAT 

extracts and probing for adiponectin. Western blot results from the 2 other donors can be found 

in Appendix A. IHC was also used to assess the presence of adiponectin in the DAT. Figure 4-5a 

is a representative image of the IHC results for the DAT sections probed for adiponectin. Rat 

brain, which is an abundant source of adiponectin, was used as a positive control tissue to ensure 

the IHC staining procedure was performed effectively. An image of the positive control is shown 

in Figure 4-5b. Additional IHC images for the other donors screened for adiponectin are found in 

Appendix A, along with images of the no-primary control tissue sections (used to confirm 

specific binding of the secondary antibody).  
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Figure 4-4: A representative Western blot membrane of SDS-PAGE gel loaded with recombinant controls and 
concentrated DAT extracts in various buffers probed for adiponectin. Horizontal labels indicate the sample loaded into 
each well of the gel. Vertical labels represent the molecular weight (MW) determined by the MW marker with red labels 
marking the expected molecular weight of adiponectin. (n=1, N=3) 



 

73 
 

 

a) 

b) 

Figure 4-5: Representative image of positive IHC staining for adiponectin with red arrows indicating 
positive signal. a) IHC on DAT section showing positive staining for adiponectin. b) Rat brain section 
acting as tissue positive control for presence of adiponectin. (n=1, N=3) 
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After Western blotting for adiponectin in the DAT extracts, only the recombinant adiponectin 

control showed a specific band at the expected molecular weight of 30 kDa. Adiponectin was not 

detected in any of the 5 extraction buffers for the 3 donors, with a representative image provided 

in Figure 4-4. However, adiponectin was detected by IHC in the samples taken from 2 of the 3 

donors evaluated. The positive signal (Figure 4-5a) was visualized as adiponectin-rich strands of 

ECM scattered heterogeneously throughout the samples. The staining was confirmed to be 

specific, as tissue positive controls (Figure 4-5b) showed positive staining and secondary control 

slides (appendix A) did not show any level of positive staining.  

Although Western blotting was unable to verify the positive IHC results, the findings support 

that adiponectin is present in the DAT. Adiponectin is a collagen-like molecule that is known to 

bind to collagen I, III, and V [213]. It is quite possible that adiponectin remains tightly-bound to 

the ECM and was not effectively extracted with the methods used in this study. Moreover, the 

portions of the DAT selected for the extraction may have contained very low quantities of 

adiponectin, as the IHC results demonstrated that it is only found in small regions that are 

distributed heterogeneously throughout the tissue. Another reason that adiponectin may have 

been undetectable in the Western blots could be that the anti-adiponectin antibody better 

recognizes a site on the folded form of the protein present in the intact tissue sections analyzed 

by IHC, rather than the reduced linearized form of the protein analyzed with Western blotting.  

VEGF‐A	

In previous in vivo studies, intact DAT scaffolds were implanted into subcutaneous pockets on 

the dorsa of rats and functional blood vessels were observed after 3 weeks. Microporous foams 

derived from DAT were also implanted and demonstrated a similar angiogenic response, with 

blood vessels visualized in the central regions of the scaffold after 8 weeks [7].  
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Native adipose tissue exhibits a high degree of vascularization as each adipocyte in the tissue is 

in contact with at least one capillary [18]. Adipose tissue also undergoes significant turnover, 

with 10-60% of all adipocytes being replaced annually [214].  VEGF-A is a potent angiogenic 

factor that has been shown to induce sprouting of blood vessels and is highly expressed in 

adipose tissue [77], [215] . Because of the observed angiogenic response to the DAT scaffolds 

and its abundance in native adipose tissue, VEGF-A was suspected to be present in the DAT and 

was screened for in this study.  

Western blotting and IHC techniques were employed to investigate the potential presence of 

VEGF-A in the concentrated DAT extracts and tissue sections. A representative image of a 

Western blot for VEGF-A in the concentrated DAT extracts is shown in Figure 4-6, while Figure 

4-7a shows a resulting image following IHC probing for VEGF-A. Sections of rat liver, which is 

known to contain high levels of VEGF-A, were used as a positive control tissue to ensure the 

IHC staining procedure was effective (Figure 4-7b). Images of the Western blot membranes and 

IHC sections for 2 additional donors evaluated for the presence of VEGF-A are shown in 

Appendix A, along with IHC no-primary control images. 
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Figure 4-6: A representative Western blot membrane of SDS-PAGE gel loaded with concentrated DAT extracts in various 
buffers and rat liver lysate controls probed for VEGF-A. Horizontal labels indicate the samples loaded into each well of 
the gel. Vertical labels represent the MW determined by the MW marker with red labels marking the expected molecular 
weight of VEGF-A. (n=1, N=3) 
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a) 

b) 

Figure 4-7: Representative image of IHC staining for VEGF-A with red arrows indicating positive 
signal. a) IHC on DAT section showing positive staining for VEGF-A which resembles the 
architecture of a blood vessel. b) Rat liver section acting as tissue positive control for presence of 
VEGF-A. (n=1, N=3) 
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The resulting Western blots for concentrated DAT extracts did not reveal any positive signal for 

VEGF-A in any of the 3 donors, but the rat liver lysate controls produced a specific band at the 

expected molecular weight of 43 kDa. Contrasting IHC results showed that VEGF-A was in fact 

present in the scaffold, with a positive signal observed for 2 of 3 donors. Positive staining for 

VEGF-A (Figure 4-7a) was arranged in an architecture resembling the cross section of a blood 

vessel. It is possible that the observed structure could be one of the many blood vessels present in 

adipose tissue that has retained its shape and some angiogenic factors like VEGF-A through the 

decellularization process. The presence of VEGF-A in the DAT may have contributed to the 

angiogenic activity observed when the scaffold was implanted in the animal model. As 

previously mentioned, VEGF-A is abundant in adipose tissue and is thought to contribute to its 

vascularization. Further, Sung et al. have shown reduced vascular density and adipose tissue 

hypoxia in VEGF-A-knockout mice [215].  

Although VEGF-A was not detected with Western blotting, VEGF-A was confirmed to be 

present in the scaffold based on the IHC results. As with adiponectin, it is possible that VEGF-A 

went undetected in the Western blots because it was not effectively extracted from the DAT 

matrix. VEGF-A is a secreted growth factor, but its interaction with the ECM is well established, 

as it is thought to be sequestered by heparin sulphates of the ECM, regulating the bioactivity of 

this potent angiogenic molecule [216]. A more intensive extraction may be necessary to extract 

VEGF-A from DAT in detectable quantities and further purification or concentrating steps may 

be required. It is also possible that the small portion of DAT selected for extraction contained 

little to no VEGF-A, as it can be seen from the IHC results that VEGF-A is distributed randomly 

throughout the scaffold in small quantities. Further, Western blotting may have produced 

negative results because the antibody better recognizes the folded form of the protein. In IHC, 
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the tissue is fixed, but antigen retrieval is used to expose antigens that may have been 

compromised during this process, allowing the antibody to recognize the protein found in its 

folded form. With Western blotting, the proteins in solution are reduced and denatured to obtain 

the linear form of the protein, as it travels through the SDS-PAGE gel in a more predictable 

manner.  

BMP‐2	

BMP-2 is a protein of the transforming growth factor super family that has been associated with 

bone growth and formation since Urist et al. discovered these osteogenic proteins in 

demineralized bone [217]. Recently, BMP-2 has also been correlated with adipogenesis, as 

several lab groups have demonstrated it has adipogenic effects on cells when present in low 

concentrations [218]–[221]. It was hypothesized that low concentrations of BMP-2 may have 

contributed to the previously-observed adipo-inductive bioactivity of the DAT.  BMP-2 is known 

to be tightly bound to the ECM and may have been retained in the adipose ECM following the 

decellularization process. 

SDS-PAGE electrophoresis and Western blotting techniques were employed to investigate the 

potential presence of BMP-2 in the concentrated extracts of DAT in the 5 extraction buffers used 

in this study. Figure 4-8 shows the resulting Western blot for the concentrated DAT extracts 

probed for the presence of BMP-2. IHC was also used to assess BMP-2 in the DAT scaffold. 

Figure 4-9a is a representative image of the IHC results for BMP-2. Rat brain, which contains 

BMP-2, was used as a positive control tissue to ensure the IHC staining procedure was 

performed correctly (shown in Figure 4-9b). Western blots and IHC images of the DAT samples 

taken from the other donors evaluated for the presence of BMP-2, as well as images of the no-

primary control tissue sections are found in Appendix A.  
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Figure 4-8: A representative Western blot membrane of SDS-PAGE gel loaded with concentrated DAT extracts in 
various buffers and rat brain lysate controls probed for BMP-2. Positive signal was detected for Roger’s Sample 
Buffer, Urea Buffer, and controls. Horizontal labels indicate the samples loaded into each well of the gel. Vertical 
labels represent the MW determined by the MW marker with red labels marking the expected molecular weights 
of BMP-2 dimer (45 kDa) and monomer (18 kDa). (n=1, N=3) 
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b) 

a) 

Figure 4-9: Representative image of IHC staining for BMP-2 with red arrows indicating positive 
signal. a) IHC of DAT section showing no positive staining for BMP-2. b) Rat liver section acting as 
tissue positive control for presence of BMP-2 demonstrating IHC techniques were performed 
effectively. (n=1, N=3) 
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After probing with anti-BMP-2, Western blots revealed that the concentrated DAT extracts in the 

Roger’s Sample Buffer and Urea Buffer contained BMP-2. Additionally, lanes loaded with rat 

brain lysate also detected bands at the expected molecular weights of 45 kDa and 18 kDa, 

representing the dimer and monomer of BMP-2 respectively. The concentrated extract of 

Roger’s Sample Buffer displayed bands at 45 kDa and 18 kDa, while Urea Buffer displayed a 

single band at 45 kDa. Roger’s Sample Buffer was able to detect the BMP-2 dimer as well as the 

monomer likely because the sample was heated prior to loading, increasing the efficacy of the 

reducing agents and interrupting the intermolecular bonds between the monomers. Urea Buffer, 

which is heat sensitive, was not boiled prior to loading, which is a possible explanation for why 

the monomer of BMP-2 (18kDa) was not detected. Interestingly, a positive signal for BMP-2 

was only found in one of the three donors tested, which could be due to undersampling as only 

1g of DAT was used for extraction in each buffer and BMP-2 is expected to be present in very 

low concentrations. The presence of BMP-2 in DAT may have contributed to the adipo-inductive 

nature of the scaffold as BMP-2 has recently been associated with adipogenesis. The faint bands 

observed on the positive Western blot indicate that BMP-2 is not highly abundant in the 

concentrated extracts, which is expected as high concentrations of BMP-2 are associated with the 

osteogenic lineage.  

Interestingly, BMP-2 IHC analysis of the DAT sections did not detect BMP-2 in any of the 3 

donors.  Despite the lack of positive staining for BMP-2 in the IHC sections, it is accepted that 

BMP-2 is present in the scaffold in limited quantities based on the Western blot results. BMP-2 

may have gone undetected with IHC because it is found in very low concentrations. 

Alternatively, BMP-2 may have gone undetected in some Western blots and IHC because of 

undersampling, where the sample analyzed is too small to be representative of the properties of 
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the entire tissue. It is also possible that the anti-BMP-2 antibody used in this study was more 

sensitive to an antigen present on the denatured and reduced form of the peptide [222].  The 

protein extracts analyzed with Western blotting are subject to the strong reducing agents βME 

and DTT, which linearize and apply a charge to the peptide for electrophoresis.  IHC techniques 

require the fixation of the tissue which cross-links of many proteins in their folded form. Antigen 

retrieval is performed in an attempt to unveil the antigen binding site, but may not expose the 

specific antigen required for binding of the primary antibody. 

DKK‐1	

In a study by Ross et al., the activation of the Wnt signalling pathway was shown to inhibit 

adipogenic differentiation of 3T3-L1 preadipocytes in vitro [124].  Dkk-1 has been shown to 

inhibit the Wnt signalling pathway, in turn promoting adipogenesis [223]. DKK-1, if present in 

the DAT, may have therefore contributed to the observed adipogenic bioactivity of the scaffold. 

Western blotting techniques were employed to investigate the potential presence of DKK-1 in 

the concentrated extracts of DAT in the various extraction buffers. Figure 4-10 is a 

representative image of the resulting Western blot. IHC was also used to determine the presence 

of DKK-1 in the scaffold. A representative image of the staining and tissue positive control is 

depicted in Figures 4.11a and 4.11b respectively.  Western blot images and IHC stained sections 

of DAT from other donors are found in Appendix A, along with no-primary control slides for 

IHC.  
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Figure 4-10: A representative Western blot membrane of SDS-PAGE gel loaded with concentrated DAT extracts in 
various buffers and recombinant DKK-1 controls probed for DKK-1. Horizontal labels indicate the samples loaded into 
each well of the gel. Vertical labels represent the MW determined by the MW marker with DKK-1 having an expected 
molecular weight of 37 kDa 
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b) 

a) 

100 µm

Figure 4-11:  Representative image of IHC staining for BMP-2 with red arrows indicating positive 
signal. a) IHC of DAT section showing no positive staining for DKK-1. b) Human placenta section 
acting as tissue positive control for presence of DKK-1 demonstrating IHC techniques were 
performed effectively. (n=1, N=3) 
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Resulting Western blots and IHC were unable to detect DKK-1 in the DAT isolated from all 

three donors. Positive control recombinant DKK-1 was detected with Western blotting, with a 

band observed at the expected molecular weight of 37 kDa. Similarly, human placenta acting as 

a positive control tissue for IHC also showed positive staining, demonstrating that the analytical 

methods were executed without error.  

Although it was undetected, it is still possible that DKK-1 is present in the DAT, but in low 

concentrations difficult to observe with the methods used. It is also possible that it is present in 

the scaffold, but was not effectively extracted, as Wnt inhibitors including DKK-1 are known to 

bind to proteoglycans in the ECM [224] and may require more intensive conditions for extraction 

from the scaffold. However, it is also possible that the endogenous DKK-1 found in adipose 

tissue was entirely removed during the decellularization process. DKK-1 shares homology with 

members of the colipase family[84] which interact with lipids. DKK-1 could potentially bind to 

lipid components in adipose tissue and consequently be removed during the decellularization 

process.  

4.2.4	Challenges	in	Characterizing	Bioactive	Components	from	DAT	

DAT was found to be highly insoluble in a range of buffers typically utilized for extracting 

proteins from whole tissues. The very small quantity of protein extracted from the DAT 

necessitated concentrating steps that may have compromised some of the extracted proteins. 

With centrifugal concentrating tubes, it was found that removing too much supernatant caused 

the proteins to precipitate out of solution, limiting the degree of concentration that could be 

achieved. Even if the samples were not concentrated to the point of precipitation, it is possible 

that some components may have become bound to the membrane filter in the centrifuge tube, 

resulting in a loss of some of the proteins to be analyzed. 
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In an attempt to resolve some of the complications experienced with the current methods it 

would be recommended that the extraction buffers be dialyzed following extraction to remove 

additional salts from the sample, which may interfere with band resolution, allowing for better 

visualization of faint bands on the membrane. Further, alternative methods for concentrating 

protein samples should be explored, such as trichloroacetic acid or ammonium sulphate 

precipitation [225].  

4.3	Conclusions	

Protein was extracted from DAT from three donors over 3 days using 5 different buffers.  The 

resulting extracts were found to have very low protein content so molecular weight fractioning 

centrifugation was used to concentrate the samples. Upon concentration, protein was detectable 

in all extraction buffers and extracts were screened for the presence of adiponectin, VEGF-A, 

BMP-2 and DKK-1 using Western blotting. Positive signal for BMP-2 was found for one donor 

in Roger’s Sample Buffer and Urea Buffer, but all other proteins investigated with Western 

blotting went undetected for all donors and all extraction buffers. IHC was also used to 

determine the presence and distribution of bioactive components in the DAT. Sections of DAT 

were probed for the same bioactive components; adiponectin, VEGF-A, BMP-2 and DKK-1, 

with positive signals detected for adiponectin and VEGF-A in 2 of 3 donors. With these results, 

it can be concluded that the DAT contains the bioactive components, adiponectin, VEGF-A, and 

BMP-2, but does not contain DKK-1 in detectable quantities.  
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Chapter	5:		Results	and	Discussion	‐	Fabrication	and	Characterization	of	
DATgels	

5.1	Introduction	

Soft tissue defects are often caused by a tissue void within the subcutaneous fat layer resulting in 

a change in the normal tissue contour. Current clinical strategies to treat this condition 

incorporate grafting of the patient’s own tissue from a donor site to fill the void, but these 

treatments only provide a temporary solution and can cause significant morbidity to the donor 

site. Commercially available dermal fillers have been used with some success, but treatment is 

almost always temporary, with the majority of these scaffolds being resorbed over a relatively 

short period of time. Intact decellularized adipose tissue (DAT) scaffolds have demonstrated 

good biocompatibility when implanted in animal models, with the formation of mature 

adipocytes and active tissue remodeling observed in the scaffold. An injectable material derived 

from DAT may hold promise for fulfilling the need for new strategies in small-volume soft tissue 

augmentation, if it could evenly fill the defect site with a minimally invasive procedure, while 

promoting regeneration of the lost adipose tissue. The focus of this chapter is on the fabrication 

and characterization of a DAT-derived gel-like biomaterial (DATgel) that self-assembles at 

physiological temperature and pH. Gel stability, equilibrium water content, architecture, and 

preliminary in vitro cell viability were assessed to determine the feasibility of this scaffold as an 

injectable biomaterial for soft tissue reconstruction. 

5.2	Results	&	Discussion	

5.2.1	Fabrication	of	DATgels		

Two protein concentrations of DATgel (40 mg/mL and 50 mg/mL) were synthesized by altering 

the pH and salt concentration of the pre-gel (DATs) to physiological conditions. Following 
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neutralization with NaOH, the pH was confirmed to be 7.4 using a pH strip. However, 

inconsistencies in mixing of the viscous fluid made it difficult to confirm that the gel was 

neutralized throughout the entire scaffold. After incubation at 37°C for 1 hour, the DATgel had 

assembled into a hydrogel  and could be removed from the cryo-mould for characterization. 

Images of the pre-gel and formed DATgel are found in Figure 5-1a, and 5-1b respectively. The 

two formulations fabricated were similar macroscopically, with both resembling the intact DAT 

scaffold once placed in PBS.  

 

 

 

 

 

 

 

 

5.2.2	Equilibrium	Water	Content	

Formulations of DATgels were evaluated for equilibrium water content (EWC) to determine the 

percentage of water making up the scaffold mass. DATgels were found to be comprised mostly 

of water, with 96.9 ± 0.3 % and 97.0 ± 0.1 % found for the 40 mg/mL and 50 mg/mL 

formulations respectively. A summary of EWC results is found in Table 5.1.  

5.2.3	DATgel	Stability	

DATgels were place in Ringer’s simulated physiological fluid for 14 days at 37°C to assess 

stability by quantifying protein released into the surrounding buffer. DATgels were found to 

a) b) 

 
Figure 5-1: a) Macroscopic image of DATs pre-gel prior to incubation at 37°C b) Formed DATgel in PBS 
resembling intact DAT 
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release the highest amount of protein within the first 3 days, with 40 mg/mL gels releasing 5.8 ± 

0.1 mg and 50 mg/mL gels releasing 5.9 ± 0.1 mg of protein.  The protein release data are 

summarized in Figure 5-2. This initial burst release of protein is likely associated with the loss of 

loosely incorporated proteins, including fragmented collagen chains, from the scaffold. DATgels 

form physical hydrogels which are stabilized to some degree with molecular entanglements 

and/or secondary forces such as hydrogen-bonding [173] .With this type of gelation, it is possible 

that smaller peptides with non-cooperative interactions in the gel are rinsed from the scaffold in a 

similar way to the sol content in a chemically-cross-linked hydrogel. At later time points, lower 

rates of protein loss from the DATgels were observed, as the amount of protein released between 

the 7 and 14 day time points only accounted for 9% and 3.2% of the total protein lost for the 40 

mg/mL and 50 mg/mL DATgels respectively. The protein loss between 7 and 14 days is likely 

associated with slower release of the more stable protein components within the physical 

hydrogel after the loosely bound proteins have been rinsed away. Over the course of 14 days, 

there was a reduction in the total protein content in the DATgels by 42% and 27% for the 40 

mg/mL and 50 mg/mL formulations respectively. The significant protein loss observed from 

both DATgel formulations suggest that the scaffold is rapidly degraded under physiological 

conditions and would likely undergo the same rapid in vivo resorption as many commercially 

available dermal fillers without further stabilization.  
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Figure 5-2: DATgel stability in simulated physiological fluid assessed over 14 days by measuring secreted protein 
spectrophotometrically using a modified Lowry protein assay. (n=3, N=3) 

The calculated surface area change for 40 and 50 mg/mL DATgels are summarized in Table 5.1. 

Consistent with the protein release data, the surface area of both DATgel formulations decreased 

over 14 days in Ringer’s simulated physiological fluid. This reduction in size is likely caused by 

the extraction of loosely-incorporated proteins from the physical hydrogels over time.   

Table 5.1: Summary of DATgel stability assessment including EWC, total protein loss and surface area change over 14 
days 

DATgel Composition EWC (%) Protein Loss  
(% total protein) 

Surface Area Change  
(% original Surface Area) 

40mg/mL 96.9 ± 0.3 42 ± 0.6 84.1 ± 5.3
50mg/mL 97.0 ± 0.1 27 ± 0.5 89.0 ± 13.3

 

5.2.4	Scanning	Electron	Microscopy	and	Histology	

SEM microscopy images of the DATgels are presented in Figure 5-3a and 5-3b, representing the 

40 mg/mL and 50 mg/mL formulations respectively.  SEM revealed the complex microstructure 

of the DATgels, with many collagen fibrils agglomerated to form a dense network. The overall 

structure of the DATgel is highly porous and relatively homogeneous in comparison with the 
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intact DAT scaffolds [6]. Further, there were no distinct differences observed between the 40 and 

50 mg/mL formulations with SEM.   

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

a) 

b) 

Figure 5-3: Representative SEM images of DATgels at 500X magnification showing microscopic 
similarity of two formulations. a) SEM image of 40mg/mL DATgel b) SEM image of 50mg/mL 
DATgel 
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Picrosirius red staining was used to stain for collagen, which plays a large role as a structural 

component in adipose ECM. Representative images of the DATgel sections stained with 

picrosirius red are presented in Figure 5-4.  Consistent with the SEM results, there were no 

discernable differences between the 40 and 50 mg/mL formulations of DATgels, with both 

scaffolds found to be relatively homogeneous. Small void spaces and components that resemble 

intact DAT can be seen in both formulations of the DATgel, which could be favourable for cell 

infiltration into the scaffold.  

 

 

 

40 
mg/mL 

50 
mg/mL 

20 X 40 X 

Figure 5-4: Picrosirius red staining of 40 and 50mg/mL DATgels for visualization of collagen. 20X and 40X 
magnification show similar homogeneity of both gel formulations 



 

94 
 

5.2.5	LIVE/DEAD	&	Seeded	DATgel	Histology	

A preliminary study of the viability of ASCs seeded on the surface of the DATgels was 

performed using confocal microscopy with LIVE/DEAD viability staining. Representative 

images of the seeded 40 mg/mL DATgels at 24 h, 3 days, and 7 days after seeding are shown in 

Figure 5-5, with live cells staining green and dead cells staining red.  
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24 h 

3 days 

7 days 

c) 

a) 

b) 

Figure 5-5: Confocal images of ASCs seeded onto DATgels stained 
with LIVE/DEAD viability stain. Live cells stain green while dead cells 
stain red. Scale bars are 100µm. a) 24 hours after seeding b) 3 days 
after seeding c) 7 days after seeding 
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Two 40 mg/mL DATgels were analyzed for each time point of the experiment and live and dead 

cells were counted using ImageJ software to determine the overall viability. The viability results 

for DATgels at all time-points are summarized in Figure 5-6. The findings indicate that the 

scaffolds supported ASC attachment and viability, as each DATgel from 24 hours to 7 days 

exhibited viability greater than 70% for all areas evaluated.  The overall average viability for the 

gels at 24 hours after seeding was 83 ± 4%, with viability dropping slightly at the 3-day time 

point to 80 ± 1%. Finally, the average viability observed at 7 days after seeding was 77 ± 9%, 

with the ASCs showing signs of alignment (Figure 5-6c), which is an indication of a high density 

or confluence when culturing on tissue culture polystyrene.  

 

Figure 5-6: Percentage of viable ASCs seeded on the surface of 40mg/mL DATgels at 24h, 3 days, and 7 days after 
seeding. ASC viability was determined using LIVE/DEAD stain and confocal microscopy to count viable cells with 
ImageJ software. (n=2, N=1) 
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Histological staining of the ASC-seeded DATgel scaffolds was performed to observe the 

distribution of the cells on the surface of the scaffold. Masson’s trichrome staining visualized the 

ASCs on the surface of the DATgel, while fluorescence microscopy with DAPI nuclear staining 

assessed migration of the ASCs into the scaffold.  At 24 hours after seeding, the ASCs were 

spread across the surface of the gel, with very little migration into the scaffold observed (Figure 

5-7a & 5-7d). After 3 days, some cells can be seen migrating up to 100 µm into the scaffold 

(Figure 5-7b & 5-7e), while more significant cellular infiltration was observed after 7 days 

(Figure 5-7c & 5-7f). Cell infiltration is a key factor for the success of an implantable scaffold 

for tissue engineering, as migration of seeded cells and the host cells is necessary to successfully 

regenerate the native tissue. Many synthetic polymers require the addition of adhesive peptides 

such as the integrin binding sequence RGD, to facilitate attachment to the scaffold [226]. In 

contrast, DATgels derived from the native ECM have the advantage that they naturally contain 

proteins that support cell attachment, along with other bioactive components that could 

potentially promote cell migration into the scaffold.  

In addition to the observed cellular infiltration, the DATgels contracted over time as the cells 

attached to surface and migrated into the material (Figure 5-7c & 5-7f). Contraction may limit 

the DATgel’s potential in its current format as an injectable scaffold for soft tissue regeneration 

as it could cause unpredictable resorption and uneven treatment of the defect. It is also evident 

from stability studies that the physical DATgels degrade under physiological conditions without 

additional processing to stabilize the structure of the collagen network. Similarly, purified 

collagen scaffolds also exhibit poor  mechanical integrity and stability, which is why they are 

often cross-linked using chemical and physical methods [227].  Chemical cross-linking of 

collagen can be achieved through the use of reagents like glutaraldehyde that cross-link proteins. 
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However, there are concerns associated with the cytotoxic nature of these types of chemicals 

[228] limit their clinical translatability. Other chemical cross-linking strategies that have been 

explored with collagen-based biomaterials with some success include genipin, Rose Bengal and 

riboflavin [229]–[231]. Alternatively, UV irradiation has been shown to significantly increase 

the ultimate tensile strength, modulus, ultimate strain and reduce soluble components released 

from purified collagen I fibres without the use of cytotoxic components [232]. As such, it is 

recommended that future studies explore whether the stability and mechanical integrity of the 

DATgels are enhanced following UV treatment. 
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Prior to seeding the ASCs onto the DATgels, the gels were equilibrated in complete culture 

medium for 24 hours. Upon adding the medium to the surface of the DATgel, it was observed 

via colour change of the pH indicator included in the medium that regions of high acidity and 

24 h 

3 days 

7 days 

c) f) 

d) 

e) 

a) 

b) 

Figure 5-7: Representative images of ASC Seeded on DATgels. Scale bars are 100µm a) Masson's trichrome staining 24 
hours after seeding b) Masson's trichrome staining 3 days after seeding c) Masson's trichrome staining 7 days after seeding 
d) DAPI staining 24 hours after seeding e) DAPI staining 3 days after seeding f) DAPI staining 7 days after seeding 
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alkalinity were scattered throughout the scaffold. These regions of high and low pH suggest that 

the DATgels did not reach a neutral pH in all areas of the scaffold after neutralizing the pre-gel. 

Although vigorous mixing was performed during fabrication, the high viscosity and 

heterogeneity of the pre-gel may limit the diffusion of the base to some acidic regions in the 

scaffold. This poor mixing may limit the use of the scaffold as an injectable material because 

regions of high acidity or alkalinity could have negative effects on neighboring tissues if injected 

in vivo.   

Although, the current DATgel format may have limitations as an injectable biomaterial, it may 

hold promise as a substrate for in vitro experiments as an alternative to Matrigel™. Matrigel™ is 

a commercially available protein mixture produced by mouse sarcoma cells, which is widely 

used as a substrate for culturing cells in vitro. Because DATgels for in vitro applications could 

be equilibrated in a buffer prior to cell work, the acidic and basic regions of the DATgel would 

be buffered and the cells can attach to the DATgel coating with high viability. 

5.3	Conclusions	

Two formulations of DATgels, 40mg/mL and 50 mg/mL, were fabricated from an enzymatically 

treated and homogenized DAT pre-gel suspension, which was neutralized to physiological pH 

and salt concentration. The highly-hydrated DATgels, containing up to 97% water, were found to 

degrade significantly over 14 days in simulated physiological fluid, with only a slight reduction 

in the overall scaffold surface area. Histology and SEM showed no major differences between  

the two formulations evaluated, with both containing features consistent with the intact DAT 

scattered heterogeneously throughout the scaffold. Preliminary in vitro cell work showed that the 

40 mg/mL formulation DATgel supported the attachment of ASCs seeded onto the top surface, 

demonstrating viability greater than 70% for all scaffolds up to 7 days after seeding. Further, 
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migration into the scaffold was observed over time, indicating that the adhesive properties of the 

native ECM were retained through the processing steps required to fabricate the DATgels.  
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Chapter	6:	Conclusions	and	Future	Work	

6.1	Summary	and	Conclusions	

Voids within the subcutaneous layer of adipose tissue due to trauma, tumor resection or 

congenital deformities are generally defined as soft tissue defects, which are currently treated 

with injectable dermal fillers or autologous fat transfer techniques involving a donor site. These 

current treatment options have varying degrees of success, with some causing donor site 

morbidity and others only providing temporary treatment of the defect. Adipose tissue 

engineering strategies involving 3-D scaffolds seeded with stem cells hold promise for 

individuals suffering from soft tissue defects. Decellularized matrices are an attractive material 

as a 3-D scaffold because they retain a complex mixture of structural and functional proteins 

from the native tissue [5]. Decellularized adipose tissue (DAT) developed by the Flynn lab has 

demonstrated good biocompatibility and bioactivity in vitro and in vivo, with “adipo-inductive” 

and angiogenic properties observed [6], [7]. Further investigation into the bioactive components 

present in the DAT may help to better understand the observed bioactivity and potential effects 

DAT bioscaffolds could have when interacting with various cell types in vivo. Although DAT 

exhibits favorable properties as a scaffold for adipose tissue engineering, the use of the intact 

scaffold requires surgical techniques that are not suitable for small volume soft tissue repair. 

Therefore, there is a need to develop an injectable DAT-derived scaffold that promotes soft 

tissue regeneration following a minimally invasive procedure.  

In the first focus of this work, methods for extracting proteins from the DAT were developed 

with goal of identifying key factors that may contribute to the observed bioactivity of the 

scaffold. Specifically, DAT was snap frozen, pulverized into a powder and suspended in a range 

of extraction buffers for 3 days to isolate proteins bound to the decellularized scaffold. Following 
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the initial extraction, protein content in the extraction buffers was very low, so further processing 

was done to concentrate the sample. Molecular weight fractioning centrifugation was 

successfully performed on the DAT extracts to concentrate the samples with proteins in 

workable quantities.  

The concentrated DAT extracts were analyzed with Western blotting techniques to evaluate the 

potential presence of the bioactive components; adiponectin, vascular endothelial growth factor 

A (VEGF-A), bone morphogenetic protein 2 (BMP-2), and Dickkopf related protein 1 (DKK-1), 

which may contribute to the observed bioactivity of the DAT. Following Western blot analysis, 

BMP-2 was identified in the DAT extracts, and could play a role in the observed “adipo-

inductive” nature of the scaffold, as previous studies have shown that low concentrations of 

BMP-2 promote the adipogenic lineage [94].  

Immunohistochemical (IHC) analysis was also used to evaluate the presence and distribution of 

adiponectin, VEGF-A, BMP-2, and DKK-1 in the DAT. Positive staining was found for 

adiponectin and VEGF-A in 2 of 3 donors evaluated. The presence of adiponectin in the scaffold 

may also contribute to the “adipo-inductive” properties of DAT as Fu et al. demonstrated that 

overexpression of adiponectin in 3T3-L1 fibroblasts enhanced proliferation and accelerated 

adipogenic differentiation [233]. Further, the identification of VEGF-A in the DAT may play a 

role in the observed angiogenic properties of the scaffold, as VEGF-A is capable of inducing 

sprouting and tube formation of endothelial cells [77] and is abundant in native adipose tissue 

[215].  

For the second focus of this work, intact DAT was processed to obtain an injectable suspension 

for the fabrication of a DAT-derived hydrogel (DATgel). Once fabricated, the stability of the 
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DATgels was evaluated and both formulations were found to degrade rapidly in simulated 

physiological fluid. More specifically, 42 ± 0.6% and 27 ± 0.5% of the total protein content was 

released from the 40 mg/mL and 50 mg/mL formulations, respectively,  over 14 days. Consistent 

with the protein release findings, the DATgels were found to have a reduction in size over the 

course of 14 days, shrinking to 84.1 ± 5.3% and 89.0 ± 13.3% of the original surface area of the 

40 mg/mL and 50 mg/mL formulations, respectively. The DATgels were found to be well 

hydrated, with an equilibrium water content of approximately 97 %. Scanning electron 

microscopy (SEM) and histology of the DATgels revealed the relatively homogeneous 

microstructure of the scaffolds in comparison with intact DAT [6]. Further, small features 

resembling the intact DAT scaffold were found heterogeneously throughout the scaffold, with 

very little difference observed between the 40 mg/mL and 50 mg/mL formulations.   

A preliminary evaluation of DATgel cytocompatibility with human adipose-derived stem cells 

(ASCs) was performed over 7 days. The DATgels were found to support the viability of the 

seeded ASCs with an average of 77 ± 9% viable cells observed 7 days after seeding. Histology 

and fluorescence microscopy showed attachment of the ASCs to the surface of the DATgel. A 

marked contraction of the scaffold was observed after 7 days in culture. ASCs were also 

visualized migrating into the scaffold over time, indicating that the adhesive properties of the 

ECM were conserved through the processing steps required for DATgel fabrication. 

6.2	Contributions	

The most significant contributions that this thesis provided to the field include the following: 

 Development of methods for the extraction and concentration of proteins from highly 

insoluble DAT scaffolds for subsequent characterization 
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 Identification of BMP-2 in concentrated extracts of DAT using Western blotting 

techniques 

 Identification of adiponectin and VEGF-A in DAT sections using IHC techniques 

 Development of methods to fabricate and characterize an injectable DAT-based hydrogel 

as a potential scaffold for adipose tissue engineering 

 Demonstrated cytocompatibility of DATgels with ASCs showing favorable viability and 

attachment to the scaffold. 

6.3	Future	Work	

Results obtained from this work demonstrate that bioactive components can be extracted from 

the highly insoluble DAT scaffold in workable quantities using extraction buffers and 

concentrating techniques, but further optimization of the extraction procedure should be 

performed using the following recommendations. 

 Dialysis of the extraction buffer to prevent interference with band resolution on the 

membrane caused by excess salts in the buffer 

 Explore additional alternative extraction methods, such as guanidine hydrochloride 

solution and acetic acid extraction, in an attempt to extract more protein from the DAT 

scaffold 

 Investigate the effect of extending the incubation time and increasing the initial DAT 

concentration on the extracted protein content 

 Attempt precipitation of proteins from extraction buffers using methods such as 

trichloroacteic acid precipitation, which would make it possible to load more protein for 
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Western blot analysis, potentially identifying proteins that were previously too dilute to 

detect 

 Characterize the bioactive components in tissue samples taken from a larger number of 

donors 

 Using Western blotting and IHC techniques, investigate the presence of other bioactive 

components potentially present in the scaffold such as; bone morphogenetic protein 4 

(BMP-4) and basic fibroblast growth factor (bFGF) 

Results from the fabrication and characterization of DAT-based hydrogels demonstrate that a 

physical hydrogel can be formed from enzymatically treated and homogenized DAT. By 

characterizing the resulting DATgels, it was found that the scaffold is susceptible to rapid 

degradation under simulated physiological conditions. DATgel demonstrate good viability of 

ASCs seeded on the surface, but the scaffold was shown to contract after 7 days in culture. 

Moving toward the goal of developing an injectable scaffold capable of permanently treating 

small volume soft tissue defects, the following recommendations could be implemented to 

improve the DATgels: 

 Investigate alternative methods for mixing during gelation to reduce the potential for 

acidic and basic regions within the scaffold  

 Explore non-cytotoxic methods for cross-linking DATgels to increase stability and 

reduce the contraction of the scaffold, which could lead to unpredictable resorption in 

vivo 
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 Perform rheological testing to determine the viscosity of the pre-gel and optimize 

these properties to minimize the force required for injection while maintaining 

stability of the scaffold 

 Mechanical testing of the DATgels should be investigated and the mechanical 

properties optimized so the scaffold  has a modulus similar to native adipose tissue 

(3-4 kPa) [234] to ensure the implant has a natural feel following injection 

 Gelation kinetics should be evaluated to ensure that the pre-gel could be injected and 

manipulated to fill an irregularly shaped void before the gel sets 

 Further in vitro experiments should be performed to assess the viability of cells 

encapsulated within the hydrogel and compared with viability results found for ASCs 

seeded on the surface 

 Following successful in vitro analysis, in vivo studies should be performed using an 

immunocompetent subcutaneous rat model to evaluate the biocompatibility and 

bioactivity of the scaffold 
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Apendix	A 	

A.1	Additional	Western	Blot	Images	

Adiponectin	

Donor	2	

 

 

Figure A-1: Western blot membrane of SDS-PAGE gel loaded with recombinant controls and concentrated DAT (donor 
3) extracts in various buffers probed for adiponectin. Horizontal labels indicate the sample loaded into each well of the 
gel. Vertical labels represent the MW determined by the MW marker with red labels marking the expected molecular 
weight of adiponectin. 
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Figure A-2:  Western blot membrane of SDS-PAGE gel loaded with recombinant controls and concentrated DAT (donor 
3) extracts in various buffers probed for adiponectin. Horizontal labels indicate the sample loaded into each well of the 
gel. Vertical labels represent the MW determined by the MW marker with red labels marking the expected molecular 
weight of adiponectin. 
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VEGF‐A	

Donor	1	

 

 

 

 

 

 

Figure A-3 Western blot membrane of SDS-PAGE gel loaded with rat liver lysate controls and concentrated DAT (Donor 
1) extracts in various buffers probed for VEGF-A. Horizontal labels indicate the sample loaded into each well of the gel. 
Vertical labels represent the MW determined by the MW marker with red labels marking the expected molecular weight 
of VEGF-A.  
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Donor	3	

 

 

 

Figure A-4: Western blot membrane of SDS-PAGE gel loaded with rat liver lysate controls and concentrated DAT (Donor 
3) extracts in various buffers probed for VEGF-A. Horizontal labels indicate the sample loaded into each well of the gel. 
Vertical labels represent the MW determined by the MW marker with red labels marking the expected molecular weight 
of VEGF-A. 
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BMP‐2	 	

Donor	1	

Figure A-5: Western blot membrane of SDS-PAGE gel loaded with rat brain lysate controls and concentrated DAT 
(Donor 1) extracts in various buffers probed for BMP-2. Horizontal labels indicate the sample loaded into each well of 
the gel. Vertical labels represent the MW determined by the MW marker with red labels marking the expected 
molecular weight of BMP-2. 
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Donor	2	

 

 

Figure A-6: Western blot membrane of SDS-PAGE gel loaded with rat brain lysate controls and concentrated 
DAT (Donor 2) extracts in various buffers probed for BMP-2. Horizontal labels indicate the sample loaded into 
each well of the gel. Vertical labels represent the MW determined by the MW marker with red labels marking the 
expected molecular weight of BMP-2. 
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DKK‐1	

Donor	2	

 Figure A-7: Western blot membrane of SDS-PAGE gel loaded with recombinant DKK-1 controls and concentrated DAT 
(Donor 2) extracts in various buffers probed forDKK-1. Horizontal labels indicate the sample loaded into each well of the 
gel. Vertical labels represent the MW determined by the MW marker with red labels marking the expected molecular 
weight of DKK-1. 
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Donor	3	

 

 

 

Figure A-8: Western blot membrane of SDS-PAGE gel loaded with recombinant DKK-1 controls and concentrated DAT 
(Donor 3) extracts in various buffers probed forDKK-1. Horizontal labels indicate the sample loaded into each well of the 
gel. Vertical labels represent the MW determined by the MW marker with red labels marking the expected molecular 
weight of DKK-1. 
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A.2	Additional	IHC	Images	

Adiponectin	

 

Figure A-10: DAT (donor 2) section with no positive IHC staining for adiponectin.  

 

Figure A-9: DAT (donor 1) section with positive IHC staining for adiponectin. Red 
arrow indicating positive signal 

100 µm
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No‐primary	Control	Images		(adiponectin)	
 

 

Figure A-11: No-primary control for DAT donor 1 to demonstrate no non-specific binding of secondary antibody 

 

Figure A-12 No-primary control for DAT donor 2 to demonstrate no non-specific binding of secondary antibody 
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Figure A-13: No-primary control for DAT donor 3 to demonstrate no non-specific binding of secondary antibody 

 

 

Figure A-14: No-primary control for rat brain tissue control to demonstrate no non-specific binding of secondary 
antibody 
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VEGF‐A	

 

Figure A-15: DAT (donor 1) section with positive IHC staining for VEGF-A. Red arrow indicating positive signal 

 

Figure A-16: DAT (donor 3) section with no positive IHC staining for VEGF-A  
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No‐primary	Control	Images	(VEGF‐A)	
 

 

 

Figure A-18: No-primary control for DAT donor 3 to demonstrate no non-specific binding of secondary antibody 

 

Figure A-17: No-primary control for DAT donor 1 to demonstrate no non-specific binding of secondary antibody
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Figure A-19: No-primary control for DAT donor 3 to demonstrate no non-specific binding of secondary antibody 

 

Figure A-20: No-primary control for rat liver tissue to demonstrate no non-specific binding of secondary antibody 
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BMP‐2		

  

 

Figure A-22: DAT (donor 3) section with no positive IHC staining for BMP-2 

 

 

Figure A-21: DAT (donor 2) section with no positive IHC staining for BMP-2
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No‐primary	Control	Images	(BMP‐2)	
 

 

 

 

Figure A-23: No-primary control for DAT donor 1 to demonstrate no non-specific binding of secondary antibody

Figure A-24: No-primary control for DAT donor 2 to demonstrate no non-specific binding of secondary antibody
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Figure A-26: No-primary control for rat brain tissue control to demonstrate no non-specific binding of secondary 
antibody 

 

 

 

Figure A-25: No-primary control for DAT donor 3 to demonstrate no non-specific binding of secondary antibody

100 µm
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DKK‐1	

 

Figure A-27: DAT (donor 2) section with no positive IHC staining for DKK-1 

 

Figure A-28: DAT (donor 3) section with no positive IHC staining for DKK-1 
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No	primary	Control	Images	(DKK‐1)	
 

 

Figure A-29: No-primary control for DAT donor 1 to demonstrate no non-specific binding of secondary antibody 

 

Figure A-30: No-primary control for DAT donor 2 to demonstrate no non-specific binding of secondary antibody 
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Figure A-31: No-primary control for DAT donor 3 to demonstrate no non-specific binding of secondary antibody 

 

Figure A-32: No primary control for human placenta to demonstrate no non-specific binding of secondary antibody 

 


