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Abstract 

It would be a great advantage in reconstructive surgery to have an off-the-shelf 

biomaterial to promote regeneration and volume augmentation following soft tissue damage. 

With this long-term objective, human adipose tissue (fat) is an abundant and accessible source of 

extracellular matrix (ECM) for bioscaffold fabrication. The main goal of the current research 

project was to optimize the established 5-day detergent-free decellularization protocol developed 

by the Flynn group, by shortening it to a maximum of 3 days, while achieving comparable results 

in terms of cell and lipid extraction with preservation of the ECM. The effectiveness of the 

optimized protocol was assessed by examination of the decellularized adipose tissue (DAT) and 

its characteristic biological properties, including in vitro bioactivity assays with human adipose-

derived stem cells (ASCs) to measure adipogenic potential, as well as in vivo testing of scaffold 

biocompatibility. In the optimized approach, the addition of mechanical processing steps 

including repeated pressing and centrifugation were shown to enhance cell extraction. Fibrous 

ultrastructure was observed under scanning electron microscopy (SEM) for the original and 

optimized protocols. The preservation of collagen fibres was assessed with picro-sirius red 

staining and confirmed by high hydroxyproline content. Enhanced preservation of 

glycosaminoglycans (GAGs) was determined for the optimized protocol. Residual DNA content 

was higher in the DAT scaffolds processed with the optimized protocol, including larger DNA 

fragments that were not typically observed in the samples treated with the original protocol, 

which incorporated additional enzymatic treatment stages with DNase, RNase and lipase. 

However, no residual nuclei were visualized through DAPI staining for both protocols. Enhanced 

removal of DNA was achieved with electron beam (e-beam) sterilization. E-beam sterilization 

caused some changes in the fine fibrous structure of the ECM, but did not negatively affect the 

adipo-conductive potential in vitro. In comparison to the original protocol, DAT produced via the 

optimized protocol exhibited similar adipo-conductive properties in vitro. The in vivo 
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biocompatibility study over a 16 week period using an immunocompetent Wistar rat model 

showed promising results. DAT implants produced with the original and optimized protocols 

promoted adipogenesis and angiogenesis, gradually being remodelled to resemble mature adipose 

tissue. 
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Chapter 1 

Introduction 

1.1 Clinical Significance and Current Strategies for Soft Tissue Augmentation  

Soft tissue damage can result from traumatic injuries, burns, congenital birth defects or 

due to post-oncologic resection, such as mastectomy or lumpectomy to treat breast cancer [1], [2]. 

Deformations of the skin, scarring and loss of function are consequences of losing the 

subcutaneous adipose tissue layer. In the United States, 14.6 million cosmetic surgeries were 

performed in 2012 (Table 1.1). Within these, the use of various soft tissue fillers and breast 

augmentation were the most common procedures. Furthermore, 5.6 million people underwent 

reconstructive surgery, which often involved tumour removal [3]. As such, there is a significant 

clinical need for an engineered adipose substitute or scaffold that is able to restore both form and 

function by regenerating the underlying adipose tissue layer while minimizing scar formation. 

Table 1.1: Clinical procedures in 2012 (U.S.) [3] 

 

Typically, autologous tissue grafts, synthetic implants, or allogenic tissues are used to 

restore volume and shape of a soft tissue defect [4]. Although fat grafting is frequently used in 

current practice [5], challenges such as poor volume retention, formation of cysts, or the risk of 

necrosis are associated with this technique [6]. The first synthetically-derived materials that were 

developed for this application, such as poly(lactic acid) (PLA), poly(glycolic acid) (PGA), and 

poly(ethylene glycol) (PEG), primarily focused on replacing volume [6]. However, it has since 

been realized that it is also important to restore the function of the defect site and that synthetic 

materials alone are not sufficient [7], [8]. A common limitation of these conventional synthetic 

14.6 million 5.6 million
Soft tissue fillers 2 million Tumour removal 4.2 million
Breast augmentation 286,000
Liposuction 202,000
Abdominoplsaty 106,000

Cosmetic Reconstructive



 

2 

 

polymers is poor integration with the host tissue, resulting in encapsulation, foreign body 

response, or chronic inflammation [9]. More recently, a range of naturally-derived matrices have 

been developed for clinical applications [10]. Examples of current commercially-available 

clinical products for soft tissue reconstruction are listed in Table 1.2. As indicated, the range of 

bioscaffolds that are derived from the extracellular matrix (ECM) are most frequently based on 

decellularized skin with human, porcine or bovine origin [10]. A potential limitation  is that 

xenogeneic residuals might still be present after decellularization that could cause immune 

reaction or rejection of the implanted biomaterial in the human body [11]. 

Following the initial idea of tissue engineering to “replace tissue with like-tissue” [7], 

decellularized adipose tissue (DAT) is a promising scaffold source to induce adipose tissue 

remodelling because it consists of the main ECM components found in native adipose tissue. 

Therefore, it is hypothesized that the DAT scaffolds would closely mimic the biochemical and 

biomechanical properties of fat to support the desired tissue regeneration. Additionally, human 

adipose tissue is regularly discarded as medical waste after abdominoplasty or panniculectomy 

surgeries (Table 1.1) and therefore, represents an abundant and accessible source of human 

ECM [12]. 
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Table 1.2: Examples of commercially-available materials for clinical use in soft tissue augmentation or 
replacement [9], [10] 

 

1.2 Research Objectives  

It would be a great advantage in reconstructive surgery to be able to provide an off-the-

shelf biomaterial to promote regeneration and stable volume augmentation following soft tissue 

damage. In previous work in the Flynn lab, DAT scaffolds that were produced according to a 5-

day detergent-free decellularization method showed an ability to induce the adipogenic 

differentiation of cultured human adipose-derived stem cells (ASCs) in vitro, as well as a 

favourable response in preliminary in vivo studies in an immunocompetent rat subcutaneous 

implant model over 12 weeks [13], [14]. More specifically, the engineered scaffolds were able to 

Product Manufacturer Origin Application

AlloDerm® Lifecell Corp. Human dermis Soft tissue

AlloPatch HD™, FlexHD® Musculoskeletal 
Transplant Foundation Human dermis Tendon, breast

NeoForm™ Mentor Worldwide LLC Human dermis Breast

GraftJacket® Wright Medical 
Technology Inc. Human dermis Soft tissue, 

chronic wounds

Strattice™ Lifecell Corp. Porcine dermis Soft tissue

Zimmer Collagen Repair Patch™ Zimmer Inc. Porcine dermis Soft tissue

TissueMend® Stryker Corp. Bovine dermis Soft tissue

MatriStem®, Acell Vet Acell Inc. Porcine urinary bladder Soft tissue

Oasis®, Surgisis® Cook Biotech Inc. Porcine small intestine Soft tissue

Restore™ DePuy Orthopedics Porcine small intestine Soft tissue

FortaFlex® Organogenesis Inc. Porcine small intestine Soft tissue

Meso BioMatrix™ Kensey Nash Corp. Porcine mesothelium Soft tissue

OrthAdapt®, Unite® Synovis Orthopedic and 
Woundcare Inc. Equine pericardium Soft tissue, 

chronic wounds

Zyderm®, Zyplast® (collagen gel) McGhan Medical Corp. Bovine dermal collagen Soft tissue filler

Restylane®, Perlane®, Fine Lines™ Medics Aestetics Natural but cross-linked (HA fluids) Soft tissue filler

Artecoll® Rofil Medical Aestetics Synthetic & natural PMMA microspheres 
with bovine dermis Soft tissue filler

Sculptra® (previously New-Fill®) Valeant Aesthetics Synthetic (PLA fluid) Soft tissue filler
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retain their volume, and also promoted cellular infiltration, angiogenesis and adipogenic 

differentiation.  

As a step towards the development of new clinical alternatives for adipose tissue 

replacement, the ideal requirements of a biomaterial for this application are listed below: 

• Biocompatible 

• Fill volume of defect site 

• Feature similar mechanical properties: soft, while simultaneously able to withstand 

compressive forces of surrounding tissues 

• Replicate 3-D architecture of the ECM found within adipose tissue 

• Promote cellular infiltration 

• Integration with the host tissue 

• Promote adipogenesis and angiogenesis 

• Stable volume retention during remodelling process  

For commercialization, it is critical that the biomaterial can be produced as cost efficiently as 

possible, while satisfying these important design criteria. As a step towards the future translation 

of the DAT technology for clinical applications in plastic and reconstructive surgery, the main 

focus of this research project was to optimize the decellularization protocol to reduce the 

processing time from five to less than three days, while minimizing the associated costs of each 

treatment step. Further, a range of characterization studies were conducted to assess the structure, 

composition and bioactivity of the bioscaffolds fabricated from the decellularized human adipose 

tissue ECM obtained with the original and optimized decellularization processes. More 

specifically, the primary research objectives of this project were:  

i) To identify the key treatment steps in the decellularization process for adipose tissue, 

so that the process efficiency could be maximized.  
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ii) To characterize the biological characteristics of the DAT in terms of the ECM 

ultrastructure, as well as the hydroxyproline, glycosaminoglycan, and residual 

nucleic acid contents. 

iii) To assess the influence of adipose tissue donor and depot variability on the properties 

of the resultant DAT scaffolds. 

iv) To assess the in vitro adipogenic potential of the DAT scaffolds through a bioactivity 

assay with cultured human ASCs. 

v) To investigate the in vivo biocompatibility of the DAT scaffolds fabricated using a 

range of decellularization conditions in an immunocompetent subcutaneous Wistar 

rat model. 

Additionally, the effect of electron beam (e-beam) sterilization on the DAT scaffolds was 

investigated, as a biomaterial for clinical use may require terminal sterilization without losing its 

characteristics. This project represents an important step in the development of an efficient, cost-

effective, and safe decellularization method for the production of a clinically-relevant allogenic 

off-the-shelf biomaterial to regenerate soft tissues for reconstructive or plastic surgical 

procedures. 



 

6 

 

Chapter 2 

Literature Review 

2.1 Adipose Tissue 

The percentage of adipose tissue (fat) of the total body mass is dependent on age, gender, 

fitness level and a number of other factors. An estimate can be provided from a study performed 

at the New York State Department of Health, USA, in which the adiposity of patients, who were 

approximately 50 years old, was measured. In this group, men were classified as non-obese with 

body fat < 25% and women with body fat < 30% [15]. Adipose tissue is a loose connective tissue 

consisting of the main adipocytes, blood vessels, lymph nodes and nerves, embedded within the 

extracellular matrix (ECM). The ECM of adipose tissue is rich in collagen types I, III, IV and VI, 

and contains laminin, fibronectin and glycosaminoglycans (GAGs) [16], [17]. In addition to 

mature adipocytes, the stromal vascular fraction (SVF), a heterogeneous population of cells often 

associated with the vasculature, is also present in adipose tissue. The SVF includes multipotent 

adult stem cells termed adipose-derived stem cells (ASCs), which can be isolated in high 

numbers. For example, during a liposuction procedure 100 – 3000 mL of adipose tissue can be 

collected [18] and approximately 5x103 ASCs can be isolated from one gram of adipose tissue, 

which is 100 times greater than the stem cell yield from the same mass of bone marrow [19], [20]. 

The main functions of fat are insulation, mechanical protection of tissues and organs, and storage 

and release of energy in the form of triglycerides, as well as serving as a depot for cholesterol, 

and lipid-soluble vitamins [21]. Furthermore, it plays a role in the endocrine system by producing 

and secreting a number of polypeptides, hormones and cytokines into the bloodstream [18]. 
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2.1.1 Types of Adipose Tissue 

2.1.1.1 White Adipose Tissue 

Adipocytes of white adipose tissue (WAT) have a round shape containing a large single 

lipid droplet and a nucleus that is typically located at the side of the cell. Their mitochondrial 

content is relatively low [16]. Besides providing thermal insulation [22], their main function 

consists of energy storage in the form of triglycerides [23]. When energy is needed, triglycerides 

are hydrolyzed by lipoprotein lipase (LPL) and released in the form of free fatty acids [24]. In 

addition to regulating the energy balance in the body, WAT is also involved in other 

physiological processes, such as steroid metabolism [25]. Additionally, it has been recognized as 

an endocrine organ. WAT produces and secretes hormones, such as leptin, resistin, and 

adiponectin that have diverse effects on distant tissues and organs, modulating eating behaviour, 

energy balance and hormone sensitivity [24]. 

2.1.1.2 Brown Adipose Tissue 

Compared to WAT, brown adipose tissue (BAT) is found in much lower quantities in the 

human body, particularly in adults [26]. The smaller brown adipocytes have a polygonal shape 

with a central nucleus surrounded by multiple small lipid droplets [27]. Unlike WAT, BAT has 

thermogenic mechanisms that function to protect animals from hypothermia, which can be 

stimulated by cold exposure [28], [29]. The high density of well-developed mitochondria in these 

cells is responsible for energy production, specifically via the uncoupling protein 1 (UCP1) 

within the inner mitochondrial membrane. This protein uncouples mitochondrial respiration 

resulting in heat release [27]. The high density of mitochondria, and a higher blood vessel and 

nerve supply give BAT a darker color. WAT and BAT have different gene  and protein 

expression profiles, such as the protein peroxisome proliferator-activated receptor γ coactivator 1-

alpha (PGC-1α), which is expressed at higher levels in BAT and is associated with enhanced 

energy production [30].  



 

8 

 

2.1.2 Extracellular Matrix Components  

The extracellular matrix (ECM) consists of many different components with specific 

functions that impact the structure and function of tissues. The proteins, collagen and elastin, 

provide tensile strength and elasticity [31]. Proteoglycans and glycosaminoglycans impart 

compressive resistance, and adhesive glycoproteins generate connections between ECM 

components, as well as between cells and ECM. All together, the components form a 3-D 

architecture that provides a supportive microenvironment for the cells within their native tissues. 

Additionally, growth factors, integrins and other signalling molecules that are present in the ECM 

allow for the constant interaction between cells and matrix [32], influencing and controlling 

cellular behaviour, such as proliferation, migration and differentiation.  

The ECM is primarily composed of collagen, glycosaminoglycans and proteoglycans, 

elastin, and the basement membrane, which are described in further detail below. 

2.1.2.1 Collagen 

Comprising more than 90% of the dry weight of the ECM, collagen is the most abundant 

matrix protein in the human body [33]. More than 26 different types of collagen have been 

identified that vary in size and function. Some types have a high presence in a number of tissues 

and have been more extensively examined and characterized, for example collagen type I. 

Collagens exhibit a very specific molecular structure with three polypeptide α-chains that form a 

triple helix [34]. Collagens with three identical α-chains are termed homotrimers (e.g. collagen 

type II, III, VII, VIII, X) and collagens with two or more different α-chains are referred to as 

heterotrimers (e.g. collagen type I, IV, V, VI, IX, XI).  

Characteristic of the helix forming regions of collagen, also called the collagenous 

domains, is the repeated amino acid sequence (Gly-X-Y)n. The smallest amino acid, glycine, is 

located in the centre of the helix. The more bulky groups, proline and hydroxyproline often 

occupy the X and Y positions, and are located more peripherally. Hydroxyproline is important for 
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the stability of the triple helix, as it forms intramolecular hydrogen bonds. In collagen types I, II 

and III, the collagenous domains are dominant. In other collagens, such as collagen type VI or X, 

the helical structure is interrupted and contains non-collagenous (NC) domains, which can have 

different functions [34]. The strong helical structure provides the ECM with the ability to resist 

uniaxial and multiaxial forces [33]. Generally, collagens can be classified into four major groups: 

fibrillar, fibril-associated collagens with interrupted triple helices (FACIT), network-forming, and 

anchoring fibrils. Between those groups, fibrillar collagens have the highest presence in the 

tissues [34]. 

Besides providing resistance to tensile forces, the triple helix structure also imparts 

resistance to proteases (e.g. trypsin). Matrix metalloproteinases (MMPs), such as MMP-1 or 

MMP-8, are enzymes termed collagenases that break down collagens. These enzymes are 

released during tissue remodelling and wound healing, and are important in the biodegradation of 

biomaterials containing collagen [34]. 

2.1.2.2 Glycosaminoglycans and Proteoglycans 

Glycosaminoglycans (GAGs) are highly negatively charged polysaccharides. The linear 

GAG chains contain 10 – 200 repeating disaccharide building blocks. GAGs can be classified 

into four major groups, namely: (i) hyaluronic acid (HA), the only non-sulphated GAG, 

(ii) keratin sulphate (KS), (iii) chondroitin sulphate (CS), and (iv) heparin sulphate (HS). GAGs 

from the last three groups can bind to specific proteins to form very complex structural 

biopolymers, termed proteoglycans (PGs). Depending on the attached GAG chains, the 

proteoglycans can be divided into three groups, namely: KS-PGs, CS-PGs and HS-PGs. Due to 

their negatively charged groups, GAGs impart compressive resilience to the ECM by drawing in 

and holding water, giving it a gel-like structure [35]. In addition, GAGs and PGs mediate cellular 

interactions with signalling molecules and growth factors that influence cellular behaviour, and 

are also directly involved in cell-matrix interactions through specific receptors [36]. 
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2.1.2.3 Elastin  

Elastin is a cross-linked extracellular protein that gives the ECM its elastic properties. It 

can be stretched to more than twice its length and returned to its original shape after the strain on 

it has been released. Elastin contains approximately 33% glycine, 10 – 13% proline, and over 

40% other hydrophobic amino acids. In comparison, hydrophilic or charged amino acids make up 

a small part of elastin’s structure. The components glycine, proline and hydrophobic amino acids 

form two morphologically different parts of the elastic fibres: (i) the amorphous compound that 

takes up approximately 90% of the fibre, and (ii) 10 – 12 nm diameter fibrils that mostly surround 

the amorphous structure and constitute the microfibrillar component [37].  

2.1.2.4 Basement Membrane Components  

The basement membrane, also called the basal lamina, is a 50 – 100 nm thick membrane 

that surrounds epithelial tissues, nerves, adipocytes, and different muscle types [38]. The main 

components of the basement membrane are laminin, collagen type IV, nidogen, sulphated 

proteoglycans, and fibronectin. The glycoprotein laminin is typically cross-shaped, resulting from 

a long coiled-coil domain (comprised of α-, β-, γ-chains), and three short side arms with specific 

binding sites for other components of the basement membrane and cell surface receptors. Type IV 

collagen has characteristic non-collagenous domains which make it more flexible compared to 

other collagens [34], giving the basement membrane its characteristic flexibility. The adhesive 

glycoproteins laminin and fibronectin are very important components of the basement membrane 

because of their binding sites that are crucial for cell-matrix interactions [35]. For example, the 

amino acid sequence Arg-Gly-Asp (RGD) is one of the binding domains in fibronectin, and plays 

an important role in cell adhesion through integrins [33]. 
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2.2 Adipose-derived Stem Cells  

As discussed previously, in addition to mature adipocytes and ECM, adipose tissue 

contains a population of multipotent adult stem cells termed ASCs. Stem cells are characterized 

by their capacity for self-renewal and their ability to differentiate into various cell lineages [21]. 

The totipotent embryonic stem cells (ESCs) have the highest differentiation potential, however, 

the use of ESCs is associated with clinical challenges and ethical and political concerns. Adult 

stem cells constitute an alternative to ESCs, in particular the multipotent mesenchymal stem cells 

(MSCs) from the most common sources bone marrow and adipose tissue. Compared to the first 

investigated bone marrow-derived mesenchymal stem cells (BMSCs), ASCs have certain 

advantages. First, adipose tissue is a more abundant source of MSCs. Second, the cells can be 

isolated with minimal risk to the patient while avoiding the painful isolation procedure required 

for harvesting BMSCs [39]. Third, ASCs show more stable proliferation behaviour than BMSCs 

and are easier to expand in culture [40]. An additional advantage of ASCs in regenerative 

medicine is their ability to secrete various cytokines and growth factors that support tissue 

remodelling and the formation of new blood vessels [41]. 

In addition to their self-renewal capacity, which is characteristic of all stem cells, ASCs 

fulfill the requirements of MSCs that were set by the Stem Cell Committee of the International 

Society of Cellular Therapy (ISCT). More specifically, ASCs (i) have the potential to 

differentiate along the adipogenic, osteogenic, and chondrogenic lineages, (ii) are plastic-adherent 

for culturing in vitro, (iii) express the cell-surface markers CD73, CD90 and CD105, and absence 

of markers CD14, CD11b, CD45, CD19, CD79, which are expressed by hematopoietic lineages 

(stem cell lineages residing in blood) [21].  

The isolation of the SVF from human adipose tissue was first described by Zuk et 

al. [20]. Approximately 5% of the heterogeneous SVF is the ASC population [39]. The SVF is 

isolated by mincing the adipose tissue homogeneously before collagenase digestion, centrifugal 
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separation and filtration, followed by culturing on tissue culture polystyrene flasks. The goal is to 

expand the cells to obtain a homogenous population of ASCs from the SVF. The culture medium 

usually contains fetal bovine serum (FBS) or human serum. If ASCs are cultured for clinical 

applications, a serum-free medium would be an ideal choice since xenogenic proteins would 

result in a potential risk for disease transmission and immunogenic reaction. However, culturing 

ASCs in serum-free medium has not yet been investigated extensively [21].  

2.2.1 Adipogenic Differentiation (Adipogenesis) 

An understanding of adipogenic differentiation is important for the development of 

adipose tissue engineering strategies. Adipogenesis is a complex process that is coordinated by 

several transcription factors [42]. It can be divided into two stages, (i) the commitment of 

multipotent stem cells towards the adipogenic lineage in the form of preadipocytes and 

(ii) differentiation into mature adipocytes. Cell density and shape have been shown to influence 

lineage commitment of MSCs towards adipocytes. Additionally, certain inducing factors are 

necessary for the initial commitment step that results in intracellular lipid accumulation without 

the expression of terminal differentiation markers [21]. In this early stage, the expression of 

CCAAT/enhancer binding proteins (C/EBP) C/EBP-β and – δ increases. These early regulators of 

preadipogenic differentiation then bind to the DNA and activate the key transcription factors 

C/EBP-α and peroxisome proliferator-activated receptor γ (PPAR γ). These key transcription 

factors up-regulate each other’s expression once activated [21]. Although both factors are 

important, PPAR γ is the central regulator [27] during adipogenesis and is responsible for the 

activation of several genes that are characteristic of the mature adipocyte phenotype, such as 

adipocyte fatty-acid binding protein (FABP4/aP2), leptin, LPL, glucose transporter type 4 

(GLUT4) and glycerol-3-phosphate dehydrogenase (GPDH) [18].  

In culture, adipogenesis is commonly analyzed through the visualization of intracellular 

lipids with oil Red O or Nile red staining or through adipocyte-specific gene or protein expression 
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studies, such as GPDH enzyme activity assays [21], [43]. The measurable GPDH activity 

increases as the ASCs differentiate into mature adipocytes because this enzyme is a key factor 

involved in the triglyceride biosynthesis pathway [43]. 

2.3 Biomaterials in Adipose Tissue Engineering  

The goal in tissue engineering is to produce biomaterials that are able to mimic the 

properties of the natural tissue that is being replaced [44]. Ideally, the material would have the 

capacity to promote new tissue formation and degrade during the remodelling process. For 

adipose tissue regeneration, a range of different synthetic and natural biomaterials have been 

investigated, with some already available for clinical use. Commonly studied synthetic 

biomaterials include poly(lactic acid) (PLA), poly(glycolic acid) (PGA), poly(ethylene glycol) 

(PEG), and the copolymer poly(lactic-co-glycolic acid) (PLGA). Common naturally-derived 

biomaterials include ECM-derived bioscaffolds, collagen, and HA. 

In terms of synthetic materials, PGA meshes seeded with murine 3T3-L1 preadipocytes 

and implanted subcutaneously in the scapular area in female immunodeficient NMRI (nu/nu) 

mice, showed adipogenesis and vascularization after 12 weeks. In comparison, the non-seeded 

scaffolds contained granulation tissue and did not show signs of adipogenesis or 

angiogenesis [45]. Reinforced PGA dome-shaped scaffolds were investigated by Cho et al.. 

These scaffolds were injected with a fibrin matrix containing human preadipocytes and bFGF and 

implanted. The cell-seeded scaffold induced adipogenesis within a 6-week period. The injection 

of fibrin alone did not show promotion of adipogenesis and was very unstable. All scaffolds and 

injections were placed subcutaneously in the back of athymic mice [46]. A long-term study over a 

period of 12 months demonstrated adipogenic tissue formation with preadipocyte-seeded PLGA 

scaffolds that were implanted on the back musculature of Lewis rats. Interestingly, after the 

polymer was degraded at 5 months, new adipose tissue formation was not observed, potentially 

due to mechanical compression [47]. PEG hydrogels have been extensively studied as 
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biomaterials because they can be designed to undergo enzymatic degradation and provide 

mechanical properties that closely mimic the native ECM. However, similar to other synthetic 

polymers, PEG is known to be relatively biologically inert. Therefore, PEG needs to be modified 

with cell-adhesive cues or growth factors before implanting in vivo [48]. PEG hydrogel cylinders 

incorporating microchannels were investigated by Stosich et al. in a male severe combined 

immune deficiency (SCID) mouse model. Four weeks after subcutaneous implantation, the gels 

alone did not show neovascularization in comparison to bFGF-modified or seeded gels with 

human BMSC-derived preadipocytes, which promoted angiogenesis and adipogenesis [49]. 

Similar to the presented studies, PLGA scaffolds that were seeded with cells or contained bFGF 

promoted angiogenesis and adipogenesis [50], [51].  

 In other studies, naturally-derived materials were compared with synthetic materials, or 

combined scaffolds were fabricated with both natural and synthetic components. Kimura et al. for 

example, researched gelatin microspheres loaded with collagen type I and enriched with bFGF 

and human preadipocytes. Six weeks after subcutaneous implantation into the backs of female 

BALB/c nude mice, no new adipose tissue formation was observed in the microspheres without 

bFGF. Collagen injection alone was used as a control, which completely degraded within the 

investigated time frame. Incorporating bFGF within the microspheres promoted vascularization 

and the presence of new adipocytes within the implant region [52]. Silk scaffolds have also been 

investigated as potential biomaterials because of their low immunogenicity [53] and tuneable 

degradation rates [54]. Porous silk fibroin 3-D scaffolds, as well as collagen type I porous foams 

and 3-D PLA woven meshes, were investigated over 4 weeks in a male athymic nude rat model, 

including exploring the effects of seeding with human BMSCs or ASCs. Seeded and non-seeded 

collagen and PLA scaffolds that were implanted into the rectus abdominus muscle degraded 

within the 4 week period, which is not favourable for long-term soft tissue augmentation. Silk 

fibroin scaffolds seeded with both cell types showed increased lipid formation [55].  
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Fibrin, as well as alginate, gelatin and collagen have all been explored as injectable 

materials for adipose tissue engineering [8]. However, these materials typically exhibit relatively 

fast degradation rates and do not offer the desired long-term volume retention. Alginate materials 

modified with RGD groups and injected subcutaneously into the backs of male Lewis rats, 

showed better stability over 2 months when enriched with fibroblasts [56]. Similar results were 

observed with fibrin, which was more stable when modified with preadipocytes from human 

ASCs using an athymic mouse model [57], [58]. Alginate and fibrin were also used in 

combination with the growth factor bFGF, which had a positive effect when implanted in 

BALB/c nude mice in a study by Kimura et al. [52], as well as in a study by Moya et al. [59] 

using a Sprague Dawley rat model. Better stability has been obtained with HA-based injectables, 

which can last for up to one year when chemically cross-linked [60], [61]. Moreover, cross-

linking of synthetic polymers is often necessary to enhance long-term stability [8]. Furthermore, a 

study involving 12 volunteers with HA-based scaffolds (ADIPOGRAFT®) seeded with 

autologous ASCs and implanted subcutaneously, showed good integration and cell infiltration but 

did not induce adipogenesis [62].  

One of the commercially available ECM-based scaffolds is Matrigel™, which is derived 

from the basement membrane of murine tumours. Its main components include laminin and 

collagen type IV, as well as multiple growth factors. In combination with bFGF, Matrigel™ has 

been shown to be highly adipogenic [8], [63]. However, it cannot be used in clinical applications 

because of its origin. More recently, ECM-based materials made of decellularized adipose tissue 

have shown promising results both in vitro and in vivo. ECM-powder suspensions that were 

injected subcutaneously using a female mouse model (BALB/cAnNCrj-nu/nu), both with and 

without ASCs, showed adipose tissue formation and vascularization after 8 weeks [64]. In a paper 

from the Flynn lab group, Yu et al. also observed adipogenesis as well as angiogenesis after 
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8 weeks with porous foams fabricated from DAT in a subcutaneous rat model, both with and 

without allogenic ASCs [13].  

In summary, the use of synthetic polymers can be limited by their lack of intrinsic 

biological cues that support normal cell-ECM interactions, which can result in a foreign body 

response or encapsulation after implantation [8], [65]. Besides poor integration with the host 

tissue, synthetic biomaterials have also shown insufficient results in terms of restoring the 

subcutaneous fat layer [66]. The advantage of biomaterials synthesized from synthetic polymers 

is the ability to design a highly-controlled material that can vary in shape, and have tuneable 

mechanical properties and degradation behaviour. Therefore, synthetic materials that are modified 

to incorporate bioactive signalling components may hold promise as delivery vehicles for cells or 

growth factors to induce adipogenesis [47]–[49]. In contrast, naturally-derived biomaterials can 

support normal cell-ECM interactions and promote tissue remodelling [13]. Depending on 

processing, natural biomaterials can also induce minimal immune response after 

implantation [62]. In particular, ECM-derived bioscaffolds can provide similar chemical, 

mechanical and physical properties as the native tissues, such as specific binding sites that can 

positively influence cellular behaviour, including viability, proliferation and lineage-specific 

differentiation [33]. However, naturally-derived scaffolds tend to degrade faster because enzymes 

are present in the body that recognize the material. Additionally, often there is less flexibility in 

their design as compared to synthetic polymers [7]. Moreover, for materials derived from tissues, 

there is a risk of residual antigenic components that could cause an inflammatory response [11]. 

2.4 Adipose Decellularization Strategies and their Effects 

The ECM of every tissue and organ contains important factors that can promote cell 

migration, proliferation and differentiation after implantation [10]. In addition, the architecture of 

a scaffold and mechanical properties can also influence cellular behaviour [67]. In regenerative 

medicine it has been recognized that providing a similar scaffold as is present in the body, can 
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lead to good tissue remodelling. Therefore, the decellularization of different tissues and organs is 

widely researched in the field of tissue engineering. Depending on the tissue, certain 

decellularization techniques are applied. Therefore, there are various decellularization approaches 

that are applied by different groups (reviewed by Crapo et al. [10]). Within this work, the review 

will focus on the decellularization techniques for adipose tissue.  

2.4.1 Effect of Specific Treatment Steps on Adipose ECM  

An overview of the various treatment stages explored in adipose decellularization is 

provided in Table 2.1. 

2.4.1.1 Physical Treatment 

Typically one major part during decellularization of adipose tissue is physical treatment 

with various techniques. Freezing and thawing the tissue [12], [14], [68] promotes the disruption 

of the cell membrane through the formation of ice crystals within the cells during the freezing 

process. However, ice crystals can potentially damage the structure of the ECM [10]. With 

controlled freezing conditions, small fractures in the ECM may not significantly impact the 

biological activity of the scaffolds and ice crystal formation can create a more porous material to 

enhance cell migration in vivo [2]. Mechanical forces applied during massaging [68], [69] or 

mechanical processing [70] could also damage the ECM, although these steps are quite effective 

at removing oil from the tissue. More extensive mechanical processing was implemented when 

Choi et al. homogenized the tissue at the beginning of the process, disrupting the macroscopic 

structure of the fat [2], [12], [17], [64]. 
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2.4.1.2 Chemical Treatment 

Chemical treatment of adipose tissue commonly uses detergents (e.g. triton X-100, 

sodium dodecyl sulphate (SDS) and sodium deoxycholate), hypotonic and hypertonic solutions, 

acids, and alcohols. The non-ionic detergent triton X-100 (used in [68], [70]) is able to disrupt 

lipid-lipid and DNA-protein interactions but is not as effective at disrupting protein-protein 

interactions and is therefore more effective at lipid removal. Triton X-100 can impact the tissue 

ultrastructure and is not very effective in extracting cells from thicker tissues. Ionic detergents are 

used to remove cellular components because of their ability to solubilize the cell membrane. 

However, ionic detergents can also denature proteins of the ECM, and treatment with detergents 

results in the loss of GAGs. These highly charged polysaccharides impart stiffness to the ECM 

and function as a reservoir for growth factors and cytokines. As such, by using detergents, 

decellularized tissues can have altered mechanical properties, reduced bioactivity and become 

less stable. Detergents are also difficult to remove from the ECM at the end of processing, raising 

concerns with potential cytotoxicity after implantation In contrast, hypotonic and hypertonic 

solutions have minimal effects on the ECM structure, and can be effective at dissociating DNA 

from proteins and lysing cells through osmotic effects. As an alternative chemical treatment, 

acids can have a minimal effect on the ECM structure. Peracetic acid, a common disinfectant, has 

been used to remove residual nucleic acids from the tissues. Alcohols are the most effective 

agents for removing intracellular lipid from fat. An added advantage of alcohols is that they 

dehydrate the tissue and cause cell lysis with minimal changes in the ultrastructure of the ECM 

[14], [68]. 

Several decellularization techniques cause the disruption of cells in the tissues. Following 

cell lysis, proteases that were in the cells come in contact with the ECM which can lead to 

cleavage of some components. Protease inhibitors such as phenylmethylsulfonyfluoride (PMSF) 

can be used to suppress the protease activity [71]. 
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Table 2.1: Overview of different decellularization treatments and their effects on adipose-derived ECM 
[10] 

 

2.4.1.3 Biological Treatment  

Biological treatments are mostly used to remove cellular components that could cause an 

inflammatory response in vivo. The advantage of using enzymes is that they can be applied very 

specifically. DNase and RNase break down nucleic acid sequences and lipase helps to remove 

lipid components. These enzymes do not significantly affect the ECM structure. However, they 

need to be removed after treatment because they can hinder recellularization in the host. Further 

processing is also required after the addition of lipase due to its insufficient ability to remove oils 

Treatment Desired Effect Effect on ECM Applied by
PHYSICAL
Freeze/thaw Cell lysis due to ice crystals Ice crystals can fracture 

ultrastructure
Brown et al . [68]; Flynn 
[14]; Choi et al.  [17]

Massaging Remove oil components, 
burst cells

High forces can disrupt the 
ECM

Brown et al.  [68]; Flynn 
[14]

Homogenizing Homogeneous material, 
increased surface area

Damage of the 3-D 
architecture and fibrous 
structure

Choi et al. [2], [12], [17]

CHEMICAL
Detergents:

•    Non-ionic: Triton X-
100

Disrupts DNA-protein, lipid-
lipid bondings

Disrupts ultrastructure, is not 
very efficient in thick tissues

Brown et al.  [68]; Wu et al. 
[70]

•    Ionic: SDS, sodium 
deoxycholate

Break cell membranes Denature proteins of the 
ECM

Choi et al. [2], [12]

Hypotonic & hypertonic 
solutions

Cell lysis by osmotic effects, 
dissociates DNA from 
proteins

Minimal effect on structure Flynn et al. [14]; Choi et al. 
[2], [12]

Acids (peracetic acid) Remove nucleic acids Minimal effect on structure Brown et al. [68]; Wu et al. 
[70]
Brown et al. [68];
Flynn [14]

BIOLOGICAL
Enzymes:

•    DNase, RNase Break down nucleic acid 
sequences

Can hinder recellularization 
in vivo

Flynn [14]; Wu et al. [70]; 
Choi et al. [2], [12]

•    Lipase Helps remove lipids No significant changes in 
ECM but only effective at 
removing small amounts of 
lipid

Flynn [14]

Brown et al. [68];
Flynn [14]

Brown et al. [68];
Flynn [14]; Wu et al. [70]

Chelating agent: EDTA Disrupting cell adhesion by 
binding divalent cations

Usually in combination with 
trypsin because insufficient 
alone

Alcohols Remove lipids, dehydration 
and cell lysis

Minimal change in 
ultrastructure is possible

•    Trypsin Improved penetration of 
proceeding agents by 
disrupting tissue 
ultrastructure

May potentially cleave ECM 
proteins 
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from the tissue. The application of trypsin in combination with the chelating agent 

ethylenediaminetetraacetic acid (EDTA), serves to disrupt cell adhesion by sequestering calcium 

ions required for integrin binding. The primary goal of this treatment is to disrupt cell-cell 

interactions within the tissues, to promote easier extraction. Importantly, GAGs are better 

preserved during trypsin treatment as compared to processing with detergents [10]. 

2.4.2 Decellularization Strategies 

A combination of physical, chemical and enzymatic treatments is generally used to obtain 

a natural scaffold derived from adipose tissue. Several groups have developed strategies for the 

decellularization of adipose tissue, with the primary goals of removing cellular components, 

while at the same time preserving the ECM [14], [17], [64], [68], [70], [72]. This section will 

describe and compare the various adipose decellularization methods explored to date and the 

main treatment steps from the different groups. 

In 2009, within the first approach by Choi et al. relatively large amounts of human 

adipose tissue, ~ 20 mL derived from a liposuction procedure, were processed [2], [64]. The 

process consisted of physical treatment steps, such as homogenizing and centrifuging the tissue. 

Additionally, washes with distilled water were carried out to remove blood and oil components 

between centrifugation steps. As a result, around 5 mL of a gel-like tissue suspension was 

produced and further processed to obtain a powder or scaffolds that varied in shape and porosity. 

In later work, this group transitioned from designing an autologous material to investigating a 

possible allograft scaffold [17]. To remove additional antigenic components, the gel-like tissue 

was further treated with a buffered hyperosmolar NaCl solution and a SDS solution. Further, the 

enzymes DNase and RNase were used to remove nucleic acids from the donor tissue. In addition 

to studies with human adipose tissue, in 2012 Choi et al. also explored the decellularization of 

porcine adipose tissue [12]. If it is possible to remove xenogenic components, decellularized 

porcine adipose tissue could provide a convenient alternative to human adipose tissue for tissue-
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engineering applications. Both human and porcine adipose tissues are good sources of ECM 

components, and a large amount of porcine adipose tissue is discarded in the food industry. The 

decellularization protocol for the porcine fat was based on their previous work with human 

adipose tissue [17], with minor changes. Small samples (50 mg) of porcine adipose tissue were 

frozen and thawed before cutting into 1cm3 pieces. The entire procedure was carried out at 40 °C. 

After initial washes with distilled water, the tissue was homogenized with distilled water using a 

blender. Lipids were removed by applying centrifuging cycles. At the end of the process, the 

tissue was incubated in a hyperosmolar solution and treated with SDS, and the enzymes DNase, 

RNase. Reagents were removed by several washes with distilled water after centrifugation [12]. 

In 2010, a detergent-free decellularization protocol was developed by Flynn, which is 

unique when compared to all other approaches to date [17], [64], [68], [70], [72]. Furthermore, 

relatively large pieces (20 – 25 g) of human adipose tissue can be processed while maintaining 

the architecture of the ECM [14]. First, the tissue was subjected to three cycles of freezing and 

thawing in a hypotonic tris buffer solution, followed by treatment with trypsin-EDTA. The goal 

of this first phase was to lyse the cells and remove cellular components. To extract oil from the 

tissue, the pieces were then washed for two days in isopropanol. After removing the polar solvent 

by rinsing with a buffer solution, the tissue was treated again with trypsin-EDTA for several 

hours, followed by an enzymatic digestion with a solution containing DNase, RNase and lipase. 

With a final isopropanol treatment, residual lipids were removed. At the end of the protocol, the 

tissue was rinsed in a buffer solution, washed a three times in 70% ethanol, and stored in sterile 

phosphate buffer saline (PBS) at 4 °C. 

Brown et al. investigated the efficiency of three different decellularization methods for 

porcine adipose tissue based on combinations of mechanical, chemical and enzymatic treatment 

in 2011 [68]. According to their results, they identified a multistep protocol that was more 

effective within the comparison. Specifically, porcine adipose tissue was frozen and cut into 
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3 mm sheets. After thawing, the tissue was mechanically massaged, followed by a trypsin-EDTA 

treatment and another mechanical massaging step. Next, the tissue was exposed to non-ionic and 

ionic detergents, including triton X-100 and sodium deoxycholate, followed by an ethanol-

peracetic acid solution. Between every step, the sheet was washed with distilled water. Before 

treatment with n-propanol, the tissue was lyophilized to promote solution infiltration which 

resulted in more effective removal of lipid components. The tissue was then lyophilized before 

storing the final material. 

The technique by Wu et al., published in 2012, aimed for an autologous injectable 

adipose ECM-based material [70]. Human adipose tissue was decellularized by combining 

mechanical processing, rinsing, and peracetic acid to remove cellular components. Second, the 

non-ionic detergent triton X-100 in EDTA was used to disrupt cell-cell and cell-ECM interactions 

and remove lipid components. The tissue was also incubated in a magnesium chloride solution 

containing DNase to enhance the elimination of nucleic acids.  

In the decellularization technique by Poon et al. (2012) porcine subcutaneous-derived 

adipose tissue was frozen and cut in 1 – 2 g pieces after thawing, followed by homogenizing in 

PBS [72]. The decellularization process included various short centrifuging steps. In the 

beginning, the tissue was incubated in a dispase II solution in order to break down components of 

the ECM. Lipids were removed by several washes in salted buffer followed by centrifugation. 

Further steps consisted of dialysis with tris-buffered saline, homogenization in guanidine-HCl 

buffer, protein extraction with urea buffer, as well as further removal of lipids by filtration and 

centrifugation. The final pellet was dissolved in pepsin and acetic acid and sterilized using 

chloroform. Before storage, additional treatment with urea and tris-buffer saline was performed. 

Except for the enzymatic treatment that was performed at 37 °C, the decellularization was mainly 

executed at 4 °C. A modified method included incubation in 70% ethanol at 37 °C to remove 

lipids.  
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2.4.3 Formats of Decellularized Adipose Tissue  

As described previously, depending on the decellularization process, the harvested tissue 

can be transformed into different structures. Powders can be produced from the final gel-like 

tissue suspension by freezing, lyophilizing and milling [64]. These powders can serve as 

injectable materials with the benefits of easy application with minimal patient discomfort, risk of 

infection, and treatment costs. Injectable materials could also be used to fill irregularly sized 

defect sites while preventing scar formation [17], [64], [70]. 

With suspensions of decellularized tissue, different shaped 3-D scaffolds can be 

designed. Depending on the freezing temperature before lyophilizing, these scaffolds can be made 

with variable pore sizes [2], [13]. Therefore, the scaffold can be engineered based on the defect 

site and desired application. Alternatively, the DAT can be left intact to avoid possible damage to 

the fibrous microstructure [14]. This variation can be implanted in a hydrated or freeze-dried 

format.  

2.5 Host Response to Implanted Biomaterials 

After implantation of a biomaterial in the human body, two major processes are activated: 

(i) the normal wound healing response because of the injury caused by the surgical procedure, 

and (ii) the host response towards the biomaterial. A number of different interrelated factors and 

cells are involved in both processes. In this section, the main processes that occur during a host 

response will be described.  

Immediately after implantation, blood and tissue proteins that are absorbed by the 

biomaterial initiate the infiltration of inflammatory cells such as neutrophils and lymphocytes 

from the blood stream. These cells start to remove foreign body particles (phagocytes) while 

secreting degradative enzymes, reactive oxygen species (ROS) and other factors, which in turn 

promote the migration of monocytes. These additional immune responsive cells differentiate into 

macrophages that release degradative factors [73]–[75]. Subsequently, the released enzymes, 
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cytokines and growth factors help mediate migration and proliferation of fibroblasts, which 

synthesize collagen [35]. 

Macrophages play an important role in wound healing and tissue regeneration. Two 

major types of macrophages with different roles have been identified as mediating the host 

response to implanted bioscaffolds [76]. M1 macrophages, the classically-activated macrophages, 

are present in the early stages of the regular immune response and are involved in active 

degradation of the biomaterial through the secretion of ROS and pro-inflammatory cytokines. In 

the later stages of the immune response, M2, alternatively-activated, anti-inflammatory 

macrophages are present, which down-regulate the release of pro-inflammatory cytokines [35] 

and promote tissue repair and remodelling [77]. Macrophages are typically capable of 

phagocytosing particles smaller than 5 µm. In the presence of larger particles (> 10 µm) [78], 

such as debris from an implant for example, macrophages experience frustrated phagocytosis, 

increasing their degradative activity and fusing into foreign body giant cells (FBGCs) [77]. The 

FBGCs contain multiple nuclei and function similarly to the alternatively-activated macrophages 

by secreting anti-inflammatory cytokines [35] and producing factors that activate fibroblasts and 

endothelial cells. In the event of overproduction of pro-fibrotic factors, the biomaterial becomes 

encapsulated [35], [79]. The long-term response towards a biomaterial can have different 

outcomes, such as chronic inflammation, degradation or encapsulation that may lead to failure of 

a device [80]. If a biomaterial can support tissue remodelling, the presence and migration of 

alternatively-activated macrophages may be desired because of their capacity to promote 

angiogenesis [81] and activate fibroblasts, as well as other cells and enzymes that are involved in 

tissue remodelling [76], [78].  

2.6 Clinical Implementation of Decellularized Bioscaffolds 

Several aspects need to be considered before a biomaterial can be applied on a clinical 

scale. The scaffolds should be affordable and produced using cost efficient methods with easily 
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available starting materials. More important is that the materials, whether synthetic or natural, 

need to be sterile and free of antigenic components. Sterilization techniques, including their 

efficiency and effects on various biomaterials, are an area of ongoing investigation. The most 

common sterilization methods for bioscaffolds are ethylene oxide, gamma irradiation and electron 

beam (e-beam) sterilization [10]. These sterilization methods each have limitations and can cause 

changes in the structure of the ECM, which may have a negative effect on growth factors, or 

potentially provoke a negative immune response [82]. For decellularization approaches on an 

industrial scale, it may be beneficial to keep the whole process under sterile conditions to prevent 

contamination and eliminate the need for harsh terminal sterilization methods at the end of the 

process that could cause changes in the ECM structure. The presented decellularization 

techniques include preventative measures to reduce contamination including antibiotic-antimyotic 

supplements during the process, and decontamination with ethanol at the end of the process [12], 

[14]. The necessity for terminal sterilization needs to be weighed against the potential effects on 

the structure and composition of the scaffolds.  

Furthermore, it needs to be considered whether the material can be stored stably over a 

period of time. The scaffolds could be stored in either hydrated or lyophilized formats. Both 

approaches have advantages and limitations. Lyophilization could alter the ECM structure, which 

could also be affected during rehydration, potentially influencing the biological properties of the 

matrices. During hydrated storage, growth factors and proteins within the ECM may degrade over 

time, resulting in reduced bioactivity that can be prevented by freeze-drying [83]. Additional 

benefits of lyophilization include the possibility to create different shapes and sizes of 

biomaterials to accommodate a range of defects, as well as improved handling properties in the 

clinic [17].  
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Chapter 3 

Materials and Methods 

3.1 Decellularization of Adipose Tissue  

3.1.1 Tissue Collection and Preparation 

The adipose tissue samples were collected from either the Kingston General Hospital or 

the Hotel Dieu Hospital (Kingston, ON, CA) after a surgical procedure such as breast reduction 

or abdominoplasty. (Research Ethics Board Approval REB# CHEM-002-07, Queen’s University) 

Additionally, cadaveric abdominal adipose tissue was obtained from a tissue bank. The patient 

gender, age, weight and height were recorded. The tissue donor information for all experiments is 

summarized in Appendix A. 

Prior to decellularization, all cauterized tissue and large blood vessels were removed and 

the remaining adipose tissue was cut into 20 – 25 g segments. Up to four pieces were processed in 

a 250 mL tub, with typically 100 mL of solution, under agitation at 37 °C and 120 rpm in an 

Excella E24 incubator shaker (New Brunswick Scientific, New Jersey, USA). All solutions were 

supplemented with 1% antibiotic-antimycotic solution (Cat. No. 15240-062, Life Technologies 

Corporation, Burlington, CA) and 1% PMSF (Cat. No. P7626, Sigma-Aldrich, Oakville, CA). 

3.1.2 Original Protocol 

The original 5-day decellularization process (Table 3.1) started with freezing the tissue in 

freezing buffer solution (10 mM tris base, 5 mM ethylenediaminetetraacetic acid (EDTA) in 

deionized water, pH 8.0) at −80 °C followed by thawing at 37 °C under agitation [14]. After three 

freeze-thaw cycles with fresh solution in each cycle, the tissue was incubated in enzymatic 

digestion solution #1 (0.25% trypsin, 0.1% EDTA) overnight. For the next 48 h, the tissue was 

agitated in 99.9% isopropanol for lipid extraction, with solution changes twice a day. Next, the 

tissue was washed with rinsing buffer solution (8 g/L NaCl, 200 mg/L KCl, 1 g/L Na2HPO4, and 
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200 mg/L KH2PO4 in deionized water, pH 7.3) three times for 30 min each, then agitated in 

enzymatic solution #1 for 6 h, washed again three times for 30 min in rinsing buffer solution and 

finally incubated in enzymatic digestion solution #2 (55 mM Na2HPO4, 17 mM KH2PO4, 4.9 mM 

MgSO4•7H2O, 15,000 Units DNase Type II, 12.5 mg RNase Type III A, 2000 Units Lipase 

Type VI-S in deionized water, pH 7.3) overnight. During the final processing day, the tissue was 

extracted for an additional 6 h in isopropanol, finished by three washes with rinsing buffer 

solution. In order to decontaminate the decellularized adipose tissue (DAT), it was rinsed three 

times for 30 min each in 70% ethanol and stored in sterile PBS supplemented with 1% antibiotic-

antimycotic solution until further use.  

Within the presented work, the described protocol will be termed “the original protocol”.  

Table 3.1: Overview of the original decellularization protocol [14] 

Day Processing Stages 

1 
 Freeze-thaw 3 times in hypotonic tris cell lysis buffer (freezing buffer 

solution). 
 Incubate overnight in trypsin-EDTA. 

2  Isopropanol extraction. 
3  Isopropanol extraction. 

4 
 Rinse tissue 3 times (30 min each) in aqueous buffer. 
 Incubate in trypsin-EDTA (6 h). 
 Rinse tissue 3 times (30 min each) in aqueous buffer. 
 RNase, DNase, lipase treatment overnight. 

5  Isopropanol extraction. 
 Rinse & rehydrate tissue in aqueous buffer. 

3.1.3 Comparative Assessment of Other Approaches by Brown et al. 

In order to compare the decellularization procedure from the Flynn group with other 

recently published approaches, three different methods presented by Brown et al. for porcine 

adipose tissue decellularization were tested [68]. In this experiment, abdominal adipose tissue 

(tissue donor: female, 55 years, BMI: 28) was divided and decellularized according to the 

methods presented in Brown et al. (Table 3.2), as well as with the original protocol described by 

Flynn (Table. 3.1) [14]. 
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Table 3.2: Decellularization methods presented in Brown et al. [68] and the specific variations tested 

 

While the protocols described in Brown et al. were generally followed, some minor 

changes were made for practical reasons. First, human adipose tissue was used in the analysis 

instead of porcine adipose tissue. Further, instead of 3 mm sheets, 10 g pieces for method A 

(Table 3.2) and 4 g pieces for method B and C (Table 3.2) were decellularized to more closely 

compare with the strategy employed in the Flynn group, in which 20 – 25 g pieces were 

Step # Method A Method B Method C

0 Freeze tissue 
(freezing buffer solution, −80 °C)

Freeze tissue 
(freezing buffer solution at −80 °C)

Freeze tissue 
(freezing buffer solution at −80 °C)

1 Thaw tissue and cut into pieces 
( ~10 g) Thaw tissue and cut into pieces ( ~4 g) Thaw tissue and cut into pieces ( ~4 g)

2
Rinse in distilled deionized water (ddH2O) 
for 15 min

Collagenase digestion 
(3 mg/g dry weight) (1 h, 37 °C)

Collagenase digestion (3 mg/g dry weight) 
(1 h, 37 °C)

3 Manual massaging 0.025% trypsin / 0.01% EDTA and 
10 U/mL DNase (1 h, 37 °C) 

0.025% trypsin / 0.01% EDTA 
(37 °C, 1 h)

4 0.025% trypsin / 0.01% EDTA 
(37 °C, 1 h) 10 U/mL lipase (1 h, 37 °C) 0.1% NP40 (1 h, RT)

5 Rinse in ddH2O for 15 min Rinse 3 times in PBS and 3 times in 
ddH2O (15 min each, RT) 4% Sodium deoxycholate (1 h, RT)

6 Manual massaging Wash once in PBS and store in PBS 1% Sodium dodecyl sulphate (1 h, RT)

7 3% triton X-100 (1 h, room temperature 
(RT))

0.9% NaCl in Tris-HCl w / protease 
inhibitors (1 h, RT)

8 Rinse in ddH2O for 15 min Rinse 3 times in PBS and 3 times in 
ddH2O (15 min each, RT)

9 4% sodium deoxycholate (1h, RT) Wash once time in PBS and store in PBS.

10 Rinse 3 times (15 min each) in ddH2O

11 4% ethanol / 0.1% peracetic acid 
(2 h, RT)

12
Rinse 2 times in PBS and 2 times in 
ddH2O (15 min each, RT)

13 Lyophilization

14 100% Isopropanol (1 h, RT)

15 Rinse 4 times in ddH2O (1 h each wash)

16 Wash once in PBS and store in PBS

A_1: according to the protocol B_1: Collagenase type I was used C_1: Collagenase type I was used

A_2: massaging the tissue between every step B_2: Collagenase type VIII was used C_2: Collagenase type VIII was used

A_3: after step 13: incubated in isopropanol 
overnight

A_4: after step 13: repeated entire protocol

Method A Method B Method C

collagenase type I (Cat. No. C0130, Sigma-Aldrich, Oakville, CA)
collagenase type VIII (Cat. No.  C2139, Sigma-Aldrich, Oakville, CA)
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decellularized. The specific protocols followed for each of the three methods are shown in 

Table 3.2. 

3.1.4 Development of an Optimized Protocol 

A range of different approaches were tested to achieve the goal of reducing the amount of 

time required for the decellularization process from 5 days to less than 3 days, while making it 

more cost efficient. Major questions that were considered during the optimization process were as 

follows: 

(i) Is time reduction possible by eliminating or reducing the freeze-thaw process? 

(ii) Can additional mechanical treatment improve cell and lipid extraction? 

(iii) Can the RNase/DNase/lipase stages be reduced or eliminated? 

An overview of the different approaches is shown in Table 3.3. In order to answer the 

first question, the three freeze-thaw cycles were excluded from the decellularization procedure. 

After initial testing, an alternative approach was explored in which the tissue was incubated in the 

freezing buffer solution in place of the freeze-thaw cycles. In this analysis, the tissue was 

incubated for either 6 h or 24 h during the first day, to assess the effect of incubation time. In 

addition, the effect of centrifuging (1500 xg, 30 min, 25 °C) the sample in the freezing buffer 

solution was tested.  

To assess whether additional mechanical steps could improve decellularization, 

centrifuging or gentle pressing between two filters were added to the process during the lipid 

extraction phases. In the centrifugation analysis, tissue pieces were centrifuged (1500 xg, 30 min, 

at 4 °C) during the second day of processing in either (i) 100% isopropanol, (ii) 100% ethanol, 

(iii) 1:1 isopropanol/ethanol (v/v), or (iv) PBS, or at 25°C in (i) 100% isopropanol or (ii) 100% 

ethanol. In the pressing analysis, on the second day of the decellularization protocol, the 

isopropanol extraction phase was shortened to 24 h, with two solution changes, and combined 
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with gentle pressing between stainless steel filters (pore size 0.3 mm) (Fig. 3.1) between every 

change.  

 
Figure 3.1: Stainless steel filters for mechanical pressing (pore size: 0.3 mm) to promote lipid extraction 

For assessing whether the second enzymatic treatment stage could be eliminated or 

reduced, tissue samples were either not treated with DNase, RNase and lipase, or treated only 

with DNase and RNase (i.e. no lipase) on the fourth day of the process. In addition, the 

elimination of the second enzymatic digestion solution #1 (trypsin-EDTA) treatment stage in the 

original protocol was investigated. 

During the initial trials, the key treatment steps were identified and an optimized protocol 

was established (Table 3.4). To facilitate storage, the collected adipose tissue was initially frozen 

and stored at −80 °C until commencing the optimized protocol with one freeze-thaw cycle for 4 h. 

The freeze-thaw cycle was followed by 2 h of incubation under agitation at 37 °C in the 

hypotonic tris buffer freezing solution to promote extraction of blood cells. For better separation, 

the tissue was then centrifuged in fresh freezing buffer solution at 25 °C and 1500 xg for 30 min, 

followed by incubation for 2 h in fresh freezing buffer solution under agitation at 37 °C. The 
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tissue was then incubated under agitation at 37 °C in 0.25% trypsin-0.1% EDTA solution 

overnight. 

During the second and third day, the tissue was incubated in 100% isopropanol to extract 

lipid, with repeated centrifuging (1500 xg, 25 °C, 30 min) and gentle pressing between the filters. 

Table 3.3: Summary of approaches explored to optimize the decellularization protocol 

 

For comparative testing purposes, DAT samples were also prepared with the optimized 

method including enzymatic treatment with DNase, RNase and lipase for 6 h between steps 13 

and 14. Furthermore, to explore whether the commonly-used decellularization detergent sodium 

dodecyl sulphate (SDS) would alter the DAT properties, preliminary testing was conducted to 

assess the effect of incubating DAT fabricated with the original protocol in a 1% SDS solution 

overnight, followed by 8 rinses in deionized water. 

• no freeze-thaw cycle 
• no freeze-thaw cycle + 
• incubate in freezing buffer solution for 6 h 
• incubate in freezing buffer solution for 24 h  
• centrifuging in freezing buffer solution 

(i) Changing the freeze-thaw process 

• centrifuging 
• 4 °C 
• 100% isopropanol 
• 100% ethanol 
• isopropanol/ethanol (1:1 v/v) 
• PBS 

• 25 °C 
• 100% isopropanol 
• 100% ethanol 

• gentle pressing 

(ii) Mechanical treatment 

• no DNase, Rnase, Lipase 
• no lipase 
• no second trypsin-EDTA treatment 

(iii) Elimination / reduction of enzymatic treatment 
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Table 3.4: Optimized decellularization protocol. Unless otherwise indicated, all incubations performed 
under agitation at 37 °C. 

 

3.2 Assessment of Decellularization and ECM Composition and Structure 

Methyl-green-pyronin (MGP) staining was used as an initial analysis to compare 

protocols and levels of decellularization. After a final optimized protocol was created, mass loss 

and volume displacement were recorded for the original and optimized protocol, and the structure 

was assessed via scanning electron microscopy (SEM). The preservation of collagen fibres was 

first visualized with picro-sirius red staining, followed by assays for hydroxyproline. Ultimately, 

the sulphated glycosaminoglycan content was assessed using the dimethyl methylene blue 

(DMMB) dye binding assay.  

3.2.1 Methyl Green-Pyronin Staining 

The decellularization of the DAT was examined via histological MGP staining for 

assessment of residual cells, DNA and RNA. For histological analysis, the specimens were placed 

into cassettes and fixed in 4% paraformaldehyde overnight at 4 °C with 20X the volume of the 

Day Step Process Time [h]

1 Freeze-thaw in hypotonic tris cell lysis buffer. 4
2 Incubate in fresh hypotonic tris cell lysis buffer. 2
3 Centrifuge (1500 xg, 25 °C) in hypotonic tris cell lysis buffer. 0.5
4 Replace the solution and incubate. 2
5 Incubate in 0.25 % trypsin / 0.1 % EDTA solution. 16
6 Incubate in isopropanol. 3
7 Press gently with stainless steel filters (1-2 pieces at a time). 0.1
8 Centrifuge in isopropanol (1500 xg, 25 °C). 0.5
9 Replace isopropanol and incubate. 3
10 Press gently with stainless steel filters (1-2 pieces at a time). 0.1
11 Centrifuge in isopropanol (1500 xg, 25 °C). 0.5
12 Replace isopropanol and incubate. 15
13 Press gently with stainless steel filters (1-2 pieces at a time). 0.1
14 Incubate in isopropanol. 4
15 Press gently with stainless steel filters (1-2 pieces at a time). 0.1
16 Rehydrate and wash in rinsing buffer solution 3 times (30 min each). 1.5

52.4Total time

1

2

3
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specimen. Subsequently, they samples were rinsed three times in 70% ethanol, and placed into a 

tissue processor (ATP 1TM tissue processor, Triangle Biomedical Sciences Inc., North Carolina, 

USA) where the samples underwent: (i) ethanol dehydration, (ii) clearing with xylene to remove 

ethanol, and (iii) infiltration by immersion in paraffin wax. Finally, the specimens were 

embedded in paraffin wax at the embedding station. The paraffin blocks were allowed to harden 

sufficiently before they were sectioned with a microtome (Shandon Finesse® ME+ Microtome, 

Thermo Scientific, Waltham, USA). The 6 µm thick sections were mounted onto a glass slide and 

allowed to dry.  

Prior the histological staining, the slides were deparaffinized with xylene and rehydrated 

through 100%, 95%, 80%, 70% ethanol, finishing with deionized water. Then the slides were 

stained in MGP solution (Cat. No. 18710-05, Electron Microscopy Sciences, Hatfield, USA) for 

10 min, followed by rinsing with 1-2 dips in 3 changes of distilled water. The slides were 

dehydrated and cleared using acetone, acetone/xylene (1:1) and xylene, and mounted with 

mounting medium (PermountTM, Cat. No. SP15-500, Fisher Scientific, Toronto, CA). Images 

were taken with a Zeiss Axio Imager A1 microscope in combination with a Zeiss AxioCam HRc 

camera. With this stain, DNA appears blue-green, RNA pink-red and cytoplasm red.  

3.2.2 Mass Loss and Volume Displacement 

The mass and volume displacement of the samples were recorded before and after 

decellularization according to the original or optimized protocol, and the percentage of mass loss 

was calculated.  

3.2.3 Scanning Electron Microscopy 

The ECM structure was assessed macroscopically via SEM. To prepare the samples, the 

DAT was frozen in a cryomold at −80 °C followed by lyophilizing for 48 h. The lyophilized DAT 

samples were freeze-fractured, fixed onto a stub with double-sided carbon tape, and coated with 
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gold by pulse coating for 30 min. The images were taken with a JOEL JSM-840 microscope at an 

accelerating voltage of 10 kV and a working distance of 20 to 30 mm. 

3.2.4 Picro-Sirius Red Staining – Assessment of Collagen Fibres 

The effect of decellularization on the collagen fibres in the adipose ECM was analyzed 

with histological picro-sirius red staining. The results were compared to native adipose tissue. 

Picro-sirius red staining was performed to detect the alignment and type of collagen fibres [84], 

[85]. The slides were stained for 6 min with Weigert’s iron hematoxylin solution (Cat. No. 

HT1079, Sigma-Aldrich, Oakville, CA) to detect nuclei and washed with running water. The 

staining continued with picro-sirius red solution (direct red 80, Cat. No. 365548, Sigma-Aldrich, 

Oakville, CA) for 1 h. The slides were washed again under running water, dehydrated through 

70%, 80%, 95%, 100% ethanol, cleared with xylene and mounted with mounting medium 

(PermountTM, Cat. No. SP15-500, Fisher Scientific, Toronto, CA. The images were visualized 

with light and polarized light microscopy (Nikon microscope Eclipse E800). Under the light 

microscope, nuclei appear black, collagen fibres red and muscle fibres and cytoplasm yellow. 

Under the polarized light microscope, thick collagen fibres appear yellow or orange, and thin 

fibres green.  

3.2.5 Hydroxyproline Content 

Hydroxyproline is a major component of collagen. In order to estimate the collagen 

content in the DAT produced according to the original and optimized protocols, the 

hydroxyproline content was measured using established methods [86], modified to account for 

the high hydroxyproline (OH) content in the DAT.  

For the OH content measurements, the samples were prepared via two steps: (i) papain 

digestion and (ii) hydrolysis. After removing excess fluid from the DAT, the DAT was cut into 

approximately 6 mg (wet weight) pieces and lyophilized in a 1.5 mL microcentrifuge tube 

overnight. After measuring the dry weight, each sample was digested in 1 mL papain digestion 
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solution for 72 h at 65 °C in a heating block (VWR® Digital Dry Block Heater). To ensure better 

digestion, the samples were vortexed 2 – 3 times per day. The papain digestion solution was 

prepared by diluting the papain stock (26 mg/mL, Sigma-Aldrich P-3125) with the digestion 

buffer (0.272% ammonium acetate, 0.038% EDTA and 0.31% DL-dithiothreitol (DTT) in 

distilled water, pH 6.2) to achieve a final concentration of 80 µg/mL. 

After complete digestion over 72 h, the samples were cooled at room temperature, 

100 µL of each sample was aliquoted into a glass culture tube and an equal amount of 6 M HCl 

was added for hydrolysis. The glass tubes were incubated for 18 h at 110 °C in the heating block. 

The hydrolyzate was then neutralized by adding 100 µL of 5.7 M NaOH after allowing the 

samples to cool to room temperature. The volume was adjusted to 1 mL with dH2O to achieve a 

dilution factor of 1:10 and each sample was transferred into a 1.5 mL microcentrifuge tube. 

Several initial trials showed that a final dilution of 1:100 was necessary to achieve the sample 

absorbance values within the standard curve range. 

Prior to the assay, the OH assay buffer (5% citric acid, 1.2% glacial acetic acid, 7.23% 

sodium acetate, 3.4% sodium hydroxide in distilled water), 3.15 M perchloric acid, 0.05 M 

chloramine-T solution and the Ehrlich’s Reagent were prepared. For the chloramine-T solution, 

0.141 g chloramine-T was dissolved in 2 mL distilled water, to which 3 mL of 2-methoxyethanol 

and 5 mL OH assay buffer were added. The Ehrlich’s reagent was produced by dissolving 1 g of 

4-dimethylaminobenzaldehyde in 5 mL of 2-methoxyethanol. The last two reagents were freshly 

prepared before each trial.  

In order to run the colour development assay, a standard curve with the concentrations 

0 µg/mL, 0.5 µg/mL, 1 µg/mL, 2 µg/mL,  3 µg/mL, 4 µg/mL, 5 µg/mL, 6 µg/mL was created 

using a hydroxyproline stock solution (100 µg/mL), prepared by mixing 1 mg L-hydroxyproline 

(Sigma-Aldrich Cat. No. 56250) in 0.001 M HCl, and diluted with distilled water accordingly. 

100 µL of each standard and sample were transferred into three wells of a 96-well plate. Finally, 
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the three essential reagents were added as follows: (i) 50 µL of 0.05 M chloramine-T solution was 

mixed into the samples with a multi-channel pipettor and allowed to incubate for 20 min, 

(ii) 50 µL of 3.15 M perchloric acid was added and allowed to sit for another 5 min, and 

(iii) 50 µL of Ehrlich’s Reagent was added to the previous mixture. The plate was incubated in a 

dry oven (IsotempTM oven, Fisher Scientific, Toronto, CA) at 60 °C for 20 min, followed by 

cooling for 5 min at 4 °C. To allow the colour to stabilize, the plate was incubated at room 

temperature for at least 30 min. The absorbance was measured at a wavelength of 560 nm with 

the spectrophotometer (2300 EnspireTM multimode microplate reader, PerkinElmer Inc. USA). 

The hydroxyproline concentrations were calculated according to the standard curve, 

accounting for the dilution factor. In order to determine the hydroxyproline mass, the 

concentration was divided by the digestion volume, and normalized to the initial dry weight. 

3.2.6 Glycosaminoglycan Content 

The dimethyl methylene blue (DMMB) dye binding assay was conducted to 

quantitatively assess the sulphated glycosaminoglycan (GAG) content in the decellularized tissue. 

The sample preparation for the GAG assay was carried out similarly to the sample preparation for 

the OH assay (cf. 3.2.5). An approximate amount of 100 mg (wet weight) DAT per sample was 

determined as suitable for this assay. After the samples were digested in papain digestion solution 

they were stored at −20 °C until further analysis. Samples were thawed but kept on ice during the 

analysis. Each sample was diluted in a new 1.5 mL microcentrifuge tube with bovine serum 

albumin (BSA) working solution (freshly prepared, 1% BSA in PBS) with a dilution factor of 1:2. 

The GAG working solution, with a final concentration of 200 µg/mL, was prepared by diluting 

20 µL of stock solution (10 mg/mL of chondroitin sulphate sodium salt (Sigma-Aldrich C-6737) 

in PBS) in 980 µL BSA working solution. With serial dilutions of GAG and BSA working 

solutions, a concentration range (0 µg/mL, 5 µg/mL, 10 µg/mL, 20 µg/mL, 40 µg/mL, 60 µg/mL, 

80 µg/mL, and 100 µg/mL) for the standard curve was generated. A 96-well plate was prepared 
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with 10 µL of each sample and each GAG standard in triplicate. Finally, 200 µL of the light 

sensitive DMMB dye solution (4 mg of 1,9-dimethyl-methylene blue zinc chloride double salt 

dissolved in 2.5 mL 100% ethanol and 247.5 mL of 0.2% formic acid (pH 5.3)) was carefully 

added to the samples. The absorbance was measured immediately with the microplate reader at a 

wavelength of 525 nm. 

Similar to the hydroxyproline mass calculations, the GAG concentrations were 

determined by means of the standard curve and the amount of GAG in each sample was 

calculated, accounting for the dilution factor and normalized to the sample dry weight. 

3.3 Residual DNA Quantification 

Effective decellularization including removal of DNA fragments is important in the 

production of ECM-based scaffolds. Therefore, the residual DNA in the DAT scaffolds 

decellularized according to the original and optimized protocols was quantified. The PicoGreen 

assay was used to quantify the residual double-stranded DNA (dsDNA). Along with this assay, 

agarose gel electrophoresis was used to identify the size of DNA fragments, and DAPI staining to 

visualize intact nuclei. 

3.3.1 PicoGreen dsDNA Quantification 

The residual dsDNA in the DAT was quantified using the Quant-iT™ PicoGreen® 

dsDNA assay kit (Cat. No. P11496, Life Technologies Corporation, Burlington, CA). DAT 

samples from 7 different tissue donors (Table A.3) decellularized with the original and optimized 

protocols were assessed.  

In preparation for the assay, 100 mg (wet weight) DAT samples collected and papain 

digested, as described in the OH and GAG assay methodologies (cf. 3.2.5 and 3.2.6), and stored 

at −20 °C. Immediately before the experiment, the following solutions were prepared: 1X TE 

buffer (10 mM tris-HCl, 1 mM EDTA in sterile, distilled, DNAase-free water, pH 7.5), 

PicoGreen working solution by diluting the Quant-iT PicoGreen reagent in 1X TE buffer (1:200), 
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and the 2 µg/mL lambda DNA stock solution by dilution of the lambda DNA standard in 1X TE 

buffer (1:50).  

The standard curve was produced by diluting the 2 µg/mL lambda DNA stock solution in 

1X TE buffer to achieve the concentrations: 0 µg/mL, 0.001 µg/mL, 0.01 µg/mL, 0.1 µg/mL and 

1 µg/mL. The digested samples were diluted 20X in TE buffer prior to examination. For the 

assay, 100 µL of each standard and sample were transferred in duplicate into a 96-well plate. 

100 µL of PicoGreen working solution was added with a multi-channel pipettor and the samples 

were mixed well without creating bubbles. The plate was incubated at room temperature for 

5 min under light-protecting conditions, followed by measuring the fluorescence at an emission 

wavelength of 520 nm with the EnSpire spectrophotometer (excitation wavelength 480 nm). 

The standard curve was generated after subtracting the background fluorescence value of 

the 0 µg/mL concentration from each of the values for the other concentrations, and used to 

calculate the DNA concentration in each sample. Using the digestion volume, the mass of DNA 

in each sample was calculated and normalized to the tissue dry weight. 

3.3.2 Agarose Gel Electrophoresis 

Agarose gel electrophoresis was performed on the PicoGreen assay samples to analyze 

the size of any residual DNA fragments. A Fermentas GeneRuler DNA ladder mix with purified 

dsDNA fragment sizes ranging from 500 base pairs (bp) to 10,000 bp (Cat. No. SM0334, Thermo 

Fisher Scientific Inc., Waltham, USA) was used for comparison.  

A 0.7% agarose gel was made in TAE buffer (40 mM tris acetate and 1 mM EDTA in 

deionized water, pH 8.3) with 4 µL of ethidium bromide (ETBR) per 100 µL gel. 10 µL of each 

papain-digested sample and ladder were mixed with 2 µL of 6X DNA loading dye and loaded 

into the gel. The gel was run in an electrophoresis system (Wide Mini-Sub® Cell GT System, 

Cat. No. 170-4468, Bio-Rad Laboratories, Inc., Hercules, CA) at 110 V for 40 min to separate 
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DNA fragments of different sizes and visualized with UV light using a G:Box gel documentation 

system (Syngene, Frederick, USA). 

3.3.3 DAPI Staining 

In order to visualize any residual intact nuclei after the decellularization process, 

histological sections were counter-stained with fluoroshield mounting medium containing DAPI 

(Cat. No. ab104139, Abcam Inc., Toronto, CA). After the slides were de-waxed and re-hydrated, 

3 – 4 drops of the mounting medium was applied onto the sections and covered with a cover slip. 

The samples were incubated for 5 min at room temperature prior to visualizing using a 

fluorescent microscope (Zeiss Axio Imager A1). DAPI excites at 360 nm and emits at 460 nm, 

producing blue fluorescence. Sections of human adipose tissue were stained with DAPI as a 

control.  

3.4 In Vitro Adipogenic Potential 

As reviewed in chapter 2, the glycerol-3-phosphate dehydrogenase (GPDH) activity 

increases as ASCs differentiate into mature adipocytes and is therefore commonly assayed to 

confirm adipogenesis. The GPDH experiments had four major focuses: assessment of the effect 

of (i) tissue donor (TD) variability, (ii) excision site variability, (iii) specific decellularization 

protocols, and (iv) storage time on the adipo-conductive properties of the DAT scaffolds through 

an in vitro cell culture assay with seeded human adipose-derived stem cells (ASCs). The tissue 

donor and ASC donor information for each experiment are detailed in Table A.4 in Appendix A. 

Generally, the number of different scaffold groups for each experiment was limited by the 

number of passage 2 ASCs that were available per cell donor extraction. 

(i) For assessing the TD variability, two separate experiments were conducted for DAT 

originating from breast or abdominal adipose tissue. 

(ii) In the second group, it was investigated whether the donor tissue excision site (breast 

versus abdomen) had an effect on the GPDH activity. 
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(iii) Further trials were conducted to compare the DAT scaffolds fabricated with the original 

versus the optimized decellularization protocol. Additionally, this analysis included a 

comparison with DAT originating from a cadaveric tissue donor (CTD). 

(iv) The effect of storage time was examined. In this group, two of the sets of DAT scaffolds 

were stored in PBS at 4 °C for approximately one year before analysis with the GPDH 

assay in comparison to freshly-prepared samples. 

3.4.1 Isolation and Culturing of Human Adipose-derived Stem Cells 

Adipose tissue samples from breast reduction surgeries were collected from either the 

Kingston General Hospital or the Hotel Dieu Hospital (Kingston, Ontario, Canada). The tissue 

was transported in sterile transport solution (2% BSA in PBS) on ice. The cell extraction was 

executed within 2 h, under sterile conditions, according to an established protocol [69].  

First, the Kreb’s Ringer bicarbonate buffer (KRB) solution, digestion solution, complete 

medium and erythrocyte lysis buffer were prepared. For the KRB solution, KRB powder (Cat. 

No. K4002, Sigma-Aldrich, Oakville, CA), and 1.26 mg/mL sodium biocarbonate were dissolved 

in deionized water. Next, 25 mL of digestion solution was prepared by adding 3 mM glucose, 

2 mg/mL collagenase type I (Cat. No. LS004196, Worthington, New Jersey, USA), 25 mM HEPES 

and 35% BSA (v/v) to an equivalent amount of KRB solution, and sterilized though a 0.22 µm pore 

sized filter (Cat. No. SLGP033RS, Millipore Corporation, Hayward, CA). Erythrocyte lysis buffer 

(0.154 M NH4Cl (ammonium chloride), 10 mM KHCO3 (potassium bicarbonate) and 0.1 mM EDTA 

in distilled deionized water) was sterilized through autoclaving. Complete medium containing 89% 

DMEM/Ham’s F12 (1:1) medium (Sigma D-6421), 10% FBS and 100 U/mL penicillin and 

100 µg/mL streptomycin, was pre-warmed to 37 °C in a water bath, as well as the digest solution and 

the erythrocyte lysis buffer.  

The first step in the cell isolation protocol consisted of removing of excess blood vessels and 

cauterized tissue parts before mincing the tissue finely (Fig. 3.2 B) with scissors for better digestion. 
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The minced tissue was added to the digestion solution to a maximum volume of 40 mL (Fig. 3.2 C) 

and allowed to agitate at 37 °C for 45 min at 100 rpm (Excella E24 Incubator Shaker, New 

Brunswick Scientific, New Jersey, USA). After rough filtration to remove undigested pieces, the 

mixture was filtered though a 250 µm pore sized stainless steel filter (Fig. 3.2 D), and allowed to 

form two layers by gravity sedimentation for 5 min (Fig. 3.2 E). The upper layer containing 

adipocytes was aspirated off and an equal volume of complete medium was added to the remaining 

suspension to inactivate the collagenase in the digest solution. Next, the mixture was centrifuged at 

1200 xg for 5 min at 25 °C, followed by aspirating the supernatant. The remaining cell pellet was re-

suspended and gently agitated for 10 min in 20 mL erythrocyte lysis buffer. The cell suspension was 

re-centrifuged at the same settings (Fig. 3.2 F), the supernatant was removed and the cell pellet re-

suspended in 20 mL complete medium. The cell suspension was filtered through a 100 µm nylon 

mesh filter (Cat. No. 22363549, Fisher Scientific, Toronto, CA), centrifuged and re-suspended in 

fresh 20 mL complete medium. After a final centrifugation cycle, the cell pellet was re-suspended in 

complete medium and seeded into T-75 flasks (Cat. No. 1012637, Corning Incorporated, New York, 

USA). 14 mL of complete medium were added (Fig. 3.2 G) to each flask before incubating (FormaTM 

Series II 3110 Water-Jacketed CO2 Incubator, Thermo Fisher Scientific Inc, Waltham, USA) at 

37 °C and 5% CO2. 

 
Figure 3.2: Steps of the ASC extraction procedure. (A) Fresh tissue. (B) Minced tissue. (C) Minced tissue 
with digestion solution. (D) Filtration. (E) Two layers after gravity sedimentation. (F) Cell pellet after 
centrifuging in erythrocyte lysis buffer. (G) Cells in T-75 flasks containing complete medium.  

The cells were incubated to promote cell attachment for 24 h. Any cells or fragments that did 

not attach were removed by rinsing with 10 mL sterile PBS. The cells were cultured in the incubator 

with complete medium changes three times per week. When the cells reached 80% confluence, they 

A GFEDCB
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were passaged. For passaging, the complete medium was aspirated and the flasks were washed with 

10 mL sterile PBS. In order to release the cells, the flasks were incubated for 5 min in 5 mL of 0.25% 

trypsin/0.1% EDTA (Cat. No. 25200-072, Life Technologies Corporation, Burlington, CA) solution. 

The cell suspension was transferred into a 15 mL centrifuge tube containing 5 mL complete medium 

to inactivate the trypsin. This mixture was centrifuged, the pellet was re-suspended in complete 

medium (1:4 dilution), and the cells were re-plated in new T-75 flasks in 15 mL of fresh complete 

medium. ASCs at passage 2 were used for all GPDH experiments.  

3.4.2 DAT Scaffold Preparation 

The DAT scaffolds were fabricated according to the original (cf. 3.2.1) or the optimized 

decellularization protocol (cf. 3.2.1). To prepare individual scaffolds for seeding, 150 mg ± 

10 mg DAT pieces were decontaminated by washing three times for 30 min in 70% ethanol, 

followed by three 30 min washes with sterile PBS for rehydration. The sterile DAT pieces were 

soaked for 24 h in complete medium in the incubator (37 °C, 5% CO2) prior to seeding with 

ASCs. 

3.4.3 Cell Seeding 

In preparation for DAT scaffold seeding, the ASCs on the T-75 flasks were washed with 

sterile PBS and trypsin-released, as described in the previous section. The cell concentration was 

determined with either a hemocytometer or via flow cytometry (guava® easyCyteTM 8 flow 

cytometer, Millipore Corporation, Hayward, CA). Based on the total cell number, the cells were 

resuspended following centrifugation at 1200 xg for 5 min in complete medium to obtain a 

concentration of 2.85 x 106 cells/mL. Triplicate DAT pieces were placed into tissue culture 

inserts with a pore size of 0.4 µm (ThinCertTM Cat. No. 665641, Greiner Bio-One, North 

Carolina, USA) in a 12-well plate. 350 µL of the well-mixed cell suspension (1 x 106 

cells/scaffold) was carefully pipetted over the surface of each DAT sample. 2 mL of complete 

medium was added to each well outside of the insert. To prepare triplicate tissue culture 
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polystyrene (TCPS) controls for the GPDH assay, the ASCs were seeded at a density of 

approximately 20,000 cells/cm2 in 12-well plates containing 2 mL of complete medium. 

3.4.4 Induction of Adipogenic Differentiation 

After cell seeding and incubation for 24 h at 37 °C and 5% CO2, the DAT scaffolds were 

removed from the inserts. Adipogenic differentiation of the ASCs on the DAT scaffolds and 

TCPS positive controls was induced with serum free adipogenic medium [14] (DMEM: Ham’s 

F12 containing 33 µmM biotin, 17 µM pantothenate, 66 nM human insulin, 1 nM 

triiodothoronine, 10 µg/mL transferrin, 100 nM hydrocortisone, 100 U/mL penicillin, and 

0.1 mg/mL streptomycin). During the first 72 h, the adipogenic medium was supplemented with 

1 µg/mL troglitazone and 0.25 mM isobutylmethylxanthine (IBMX). Triplicate negative TCPS 

controls were cultured in proliferation medium. In the initial trials, an additional control group 

was included where the ASC-seeded DAT scaffolds were cultured in proliferation medium, but 

this set was excluded from later trials due to the low levels of differentiation observed. Fresh 

medium was provided three times per week. 

3.4.5 Glycerol-3-phosphate Dehydrogenase Activity 

The GPDH activity in the ASCs cultured on the DAT scaffolds or TCPS controls was 

quantitatively assayed in triplicate at 7 and 14 days. A representative layout for a plate is shown 

in Figure B.1 of Appendix B.  

The GPDH assays were carried out following the established protocol by Flynn et al. [87] 

using the GPDH activity measurement kit (Kamiya Biomedical Inc. Cat. No. KT-010). First, the 

DAT samples and TCPS controls were rinsed three times with sterile PBS to remove residual 

culture medium, and 1 mL of enzyme-extracting reagent (5 mM trizma base, 20 mM tricine, 

1 mM EDTA-2Na, pH 7.4) was added into each well of the TCPS controls. The DAT samples 

were transferred into 1.5 mL microcentrifuge tubes containing 1 mL enzyme extracting reagent 

and minced finely with scissors. To disrupt the cells that were attached to the scaffolds and TCPS 
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wells, a sonic dismembrator (Model 100, Fisher Scientific, Toronto, CA) was used. Afterwards, 

the cell lysate from each TCPS well was also transferred into a 1.5 mL microcentrifuge tube. The 

samples were centrifuged at 12,800 xg for 5 min at 4 °C (Heraeus Fresco 21 Centrifuge, Thermo 

Fisher Scientific Inc., Waltham, USA) to isolate the cytosolic fraction.  

The GPDH activity values were normalized to the total intracellular protein content 

measured using a Bio-Rad Protein Assay (Bio-Rad Laboratories, Inc., Hercules, CA). The 

standard curve was created through serial dilutions of a BSA standard in enzyme-extracting 

reagent with resulting concentrations of 0 µg/mL, 10 µg/mL, 20 µg/mL, 40 µg/mL, 60 µg/mL 

and 80 µg/mL. The BSA standards were assayed in duplicate and the TCPS and DAT samples in 

triplicate. For each sample, 160 µL was transferred into each well of a 96-well plate. 

Subsequently, 40 µL of the Bio-Rad dye reagent concentrate (Coomassie® Brilliant Blue G-250 

Dye) was added to each well using a multi-channel pipettor, ensuring that the dye was mixed well 

with each sample and any bubbles were removed. After the incubation time of 5 min at room 

temperature, the absorbance was measured at a wavelength of 595 nm with a spectrophotometer 

(2300 EnspireTM multimode microplate reader, PerkinElmer Inc. USA). By means of the standard 

curve, the protein concentration in each sample was calculated.  

For the GPDH assay, 50 µL of each sample were transferred into two wells of a 96-well 

plate. The samples and substrate solution provided with the kit were allowed to reach room 

temperature. Immediately after adding and mixing 100 µL of the substrate reagent to the samples, 

the absorbance was measured in the spectrophotometer at 340 nm and 25 °C every 12 s over a 

period of 10 min. The substrate reagent contains dihydroxyacetone phosphate (DHAP) and 

nicotinamide adenine dinucleotide (NADH). In adipocytes, the enzyme GPDH uses the coenzyme 

NADH to reduce DHAP. The NADH concentration will decrease faster over time at higher 

GPDH activity levels and can be measured by changes in the absorbance.  
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The absorbance was plotted over time and the slope (∆OD / min) of the linear portion of 

the curve was determined. With the average slope of the duplicate samples (∆ODavg) and the 

intracellular protein content average (Pravg), the GPDH activity was calculated according to the 

following equation (3.1).  

 ����(�� ��⁄ ) � ������ � ������ � ��� � ����(����� ����⁄ )  [3.1] 

The GPDH activity is represented in mU per mg intracellular protein, where 1 Unit of 

GPDH activity is defined as 1 mL of sample consuming 1 µmol of NADH in 1 minute. 

3.5 Electron Beam Sterilization 

The adipose tissue from a cadaveric tissue donor was decellularized according to the 

original protocol, and underwent terminal sterilization. The scaffolds were sterilized via electron 

beam (e-beam) sterilization at three different doses: 15 kGy, 25 kGy and 35 kGy. After 

sterilization, the properties of the scaffolds were assessed to detect if there were any significant 

changes in the ECM using the methods described previously. The fibrous structure was assessed 

via SEM and the hydroxyproline assay was conducted to assess the collagen content. The residual 

nucleic acids in the scaffolds were assessed with MGP staining, the PicoGreen assay and gel 

electrophoresis. Finally, the in vitro adipogenic potential was investigated with the GPDH assay. 

3.6 Statistical Analysis 

Data from hydroxypoline, GAG and GPDH assays were presented as mean values ± 

standard deviation (SD). To identify statistical differences, one-way ANOVA with a Tukey’s 

post-hoc comparison of the means was performed with the software program GraphPad Prism. 

Pooled data was compared with an unpaired t-test with Welch’s correction (not assuming equal 

SDs). Differences between values were statistically significant when p ≤ 0.05.  
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3.7 In Vivo Biocompatibility 

An established female Wistar rat subcutaneous implantation model [13] was used to 

assess the biocompatibility of the DAT scaffolds prepared with the different decellularization 

protocols. Canadian Council on Animal Care (CCAC) guidelines for the treatment of laboratory 

animals were followed. All protocols were approved by the University Animal Care Committee 

(UACC) at Queen’s University (Protocol # Flynn-2009-059 & Flynn-2010-053). 

3.7.1 Scaffold Preparation 

Abdominal cadaveric and non-cadaveric adipose tissue was decellularized, as described 

in chapter 3.1, according to the (i) original protocol, (ii) original protocol including additional 

SDS treatment, (iii) optimized protocol, and (iv) optimized protocol with an additional incubation 

in enzymatic solution containing DNase, RNase, and lipase for 6 h. The tissue donor information 

and the specific decellularization procedures used during the in vivo study are listed in Figure 3.3. 

After decellularization, the DAT was cut into 150 ± 10 mg pieces, decontaminated via 3 washes 

for 30 min with 70% ethanol, and rehydrated with sterile PBS. 

3.7.2 Scaffold Implantation 

The rats were anesthetized with 2% isoflurane in 2 L/min of O2 and given a pre-surgical 

analgesic dose of meloxicam (2 mg/kg loading dose; 1 mg/kg follow up dose at 24 h) via 

subcutaneous injection, as well as bupivicaine (2 mg/kg) as a local anesthetic. The implantation 

site was shaved and cleaned with alcohol and iodine solution. A total of 6 different DAT 

scaffolds were implanted subcutaneously into the backs of each of the 15 rats. To implant the 

scaffolds, 1 cm incisions were made and a pocket for each scaffold was created using blunt 

forceps. The incision sites were closed with surgical staples and the animals were allowed to 

recover. The implantation sites for the scaffolds are shown in Figure 3.3. 
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Figure 3.3: Wistar rat model for in vivo study – tissue donor (TD) information and implant details 

3.7.3 Scaffold Explantation and Analysis 

The rats were monitored over a 16 week period including 5 time points: 1 week, 3 weeks, 

8 weeks, 12 weeks, and 16 weeks. At each time point, three rats were sacrificed by CO2 overdose. 

The scaffolds were collected within the surrounding tissues and fixed in 4% paraformaldehyde 

for histological analysis.  

After fixing, the explanted scaffolds were washed in 70% ethanol and prepared for 

paraffin embedding and sectioning, as described previously. The 6 µm sections were 

deparaffinized, rehydrated and stained with Masson’s trichrome staining, following the 

manufacturer’s protocols (Cat. No. HT15-1KT, Sigma-Aldrich, Oakville, CA). The histological 

staining was finished with ethanol dehydration, clearing with xylene and mounting. Finally, the 

slides were assessed with the Zeiss Axio Imager A1 light microscope, with collagen fibres 

appearing blue, nuclei black, and muscle, cytoplasm and keratin red. 
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Chapter 4 

Results and Discussion 

4.1 Decellularization of Adipose Tissue 

4.1.1 Comparison of the Decellularization Methods Adapted from Brown et al. 

In the first phase of the project, decellularization methods by Brown et al. for porcine 

adipose tissue [68] were applied to human adipose tissue pieces in order to assess the 

effectiveness of each of the protocols compared to the decellularization process developed by Dr. 

Lauren Flynn [14]. In Figure 4.1, a 20 – 25 g piece of adipose tissue is shown before and after the 

decellularization procedure originally developed in the Flynn lab. After effective 

decellularization, cellular components and lipids are removed and the scaffold has a white 

appearance.  

 
Figure 4.1: Representative macroscopic images of human adipose tissue and DAT. (A) Unprocessed 
adipose tissue and (B) DAT produced with the 5-day decellularization procedure by Flynn [14]. Cells and 
lipids were extracted while the 3-D architecture of the ECM was preserved. 

After the decellularization of the adipose tissue samples using the different protocols, the 

effectiveness of each method was compared visually and using SEM imaging (Fig. 4.2). 

Macroscopically, the decellularization methods that were presented in Brown et al. (Table 3.2) 

were not as effective as the decellularization method described by Flynn (Table 3.1) for 

processing the larger tissue sections of human tissue (Fig. 4.2).  
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Figure 4.2: Comparison of macroscopic and SEM images of DAT decellularized via the protocol by Flynn 
[14] and by the methods adapted from Brown et al. [68]. DAT after decellularization via the Flynn 
protocol: had a white-ish appearance, suggesting effective removal of cells and lipids and a fibrous 
structure visible under SEM. In comparison, visible lipids (yellow) remain after decellularization with the 
methods adapted from Brown et al.. For the original protocols (A_1, B_1, C_1), the SEM images consistent 
with incomplete lipid extraction from the collagen fibres. Modifications of these protocols improved lipid 
removal qualitatively, which was confirmed through better visualization of the fibrous structure under 
SEM. The treatment with collagenase type VIII resulted in a higher volume loss for the methods B_2 and 
C_2. 

Macroscopically, blood cells were removed but residual lipid was clearly visible for all 

methods after the decellularization procedure. SEM images show, especially for the unmodified 

protocols A_1, B_1, and C_1, the highest residual lipid content (Fig. 4.2). The modifications to 
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Method A improved lipid removal (Fig. 4.2 A_2, A_3, A_4). More specifically, an additional 

incubation in 100% isopropanol overnight (Method A_3), and repeating the entire procedure once 

(Method A_4), appeared to remove more lipids, as small white regions became visible 

macroscopically and the fibrous structure of the underlying matrix became visible under SEM. 

Additional massaging between each step (Method A_2) resulted in a slightly smaller 

improvement in terms of lipid removal. 

Similar results were obtained when the samples were processed with either Method B or 

C (Table 3.2). Similar to Method A, Methods B and C also did not appear to be as effective 

decellularization techniques for larger human tissue samples. In addition, a potential limitation of 

both Methods B and C is the use of collagenase, which breaks down collagen fibres, changing the 

ECM structure and leading to a significant volume loss. Additionally, collagenase may not be 

suitable for a decellularization precedure on a larger scale because of its high cost. In comparing 

the two different collagenase types that were used (Fig. 4.2), treatment with collagenase type VIII 

resulted in a higher volume loss (Methods B_2/C_2) than treatment with collagensase type I 

(Methods B_1/C_1). More visible collagen fibres were observed under SEM following the 

protocol that included collagenase type VIII, likely due to enhanced cell extraction caused by 

ECM degradation.  

In summary, the most effective lipid removal with preservation of the fibrous ECM 

structure was achieved in larger human adipose tissue segments using the Flynn protocol 

(Fig. 4.2). In terms of providing a decellularization technique for an industrial scale, the 

possibility of decellularizing intact adipose tissue en bloc (20 – 25 g pieces) with the Flynn 

protocol may be beneficial in terms of reducing processing requirements and enhancing yield.  

4.1.2 Development of an Optimized Protocol 

A major focus of the current project was to optimize and refine the original Flynn 

decellularization protocol, with the ultimate goal of producing a similar decellularized ECM 
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bioscaffold within a maximum treatment time of three days. In order to identify the key treatment 

steps, three main variations in the process were explored: (i) changing the freeze-thaw process, 

(ii) including additional mechanical treatment, and (iii) investigating whether enzymatic 

treatment could be eliminated for a more cost efficient process (Table 3.3). In addition to 

macroscopic comparison, MGP staining was used for initial assessment of the efficacy of the cell 

extraction process.  

The first study focused on exploring the influence of the freeze-thaw cell lysis cycles in a 

hypotonic buffer. Macroscopically, the elimination of the freeze-thaw cycles (Fig. 4.3 A) yielded 

a matrix that did not appear as white as compared to the original protocol (Fig. 4.3 N). Including 

an incubation stage in hypotonic freezing buffer solution did appear to improve the results 

(Fig. 4.3 B - D). Further, a longer incubation time (24 h vs. 6 h) in freezing buffer solution did not 

appear to dramatically enhance decellularization. These trials emphasized that the initial 

processing steps were important for the removal of visible blood from the tissue. Including two 

cycles of centrifugation (30 min, 25 °C, 1500 xg) in freezing buffer solution was shown to 

enhance removal of these cellular components (Fig. 4.3 I-L). 

The MGP images show similar results between the modified procedures (i.e. with no 

freeze-thaw cycles) in terms of the total nucleic acid content as compared to the original protocol 

(Fig. 4.3). The pink-red colouring is present in all MGP stained sections, suggesting that cellular 

debris, such as RNA, was present in the decellularized ECM. Slight differences in the colour 

intensity may relate to the fact that the DAT is a naturally heterogeneous material. 

The second strategy was to include centrifugation or mechanical pressing using stainless 

steel filters in order to improve the decellularization process (Table 3.3). In Figure 4.4, 

representative results for different centrifuging conditions are shown. Visually, on initial 

observation of the DAT after decellularization including different centrifuging conditions, the 

overall appearance of the samples was similar. Centrifugation in PBS resulted in poor separation 
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of blood cells and lipids from the tissue (Fig. 4.4 B) and therefore was deemed to be not suitable 

for the optimization of the protocol. Histological analysis of DAT cross-sections using MGP 

staining identified that less cellular debris appeared to be present in the samples processed with 

centrifugation at 25 °C (Fig. 4.4 C) as compared to the samples that were centrifuged at 4 °C 

(Fig. 4.4 F). Furthermore, the best separation was observed with centrifuging at 25 °C in 100% 

isopropanol and 100% ethanol. When the adipose tissue was processed with additional 

mechanical pressing between two filters (Fig. 4.5 A), it was possible to reduce the initial two days 

of isopropanol extraction (Table 3.1) to one day, with similar results compared to the DAT 

processed according to the original protocol (Fig. 4.5. B-E).  

The necessity of the enzymatic treatment was investigated by elimination of DNase, 

RNase, and lipase (Fig. 4.6 A, D) treatment, or by excluding only lipase from the process 

(Fig. 4.6. B, E). Histological staining with MGP (Fig. 4.6 D, E, F) indicated similar results in 

terms of cellular debris after decellularization with these modifications to the methods as 

compared to the original protocol.  
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Figure 4.3: Comparison of lipid and cell extraction for the modified freeze-thaw cycle conditions during 
processing. DAT from four different tissue donors (TD) was assessed. In comparison to DAT processed 
with the original protocol (N), the scaffold processed without any freeze-thaw cycles had a less white 
qualitative appearance (A). The MGP staining confirmed more residual DNA and RNA (E) as compared to 
the original protocol (O). Incubation in hypotonic freezing buffer solution without freeze-thaw cycling (B-
D) resulted in a similar appearance of the DAT as compared to the original protocol. Macroscopically, no 
major difference was observed between incubating for 6 h (B, D) or 24 h (C) in the freezing buffer solution. 
However MGP staining showed less residual DNA and RNA after incubating for 24 h (G) in comparison to 
6 h (F, H) or no incubation (E). Including two centrifugation steps (I-J) in the freezing buffer solution 
enhanced the removal of blood cells (K) resulting in a whiter appearance of the DAT (L) with similar MGP 
staining (M) as compared to the original protocol (O). Scale bars = 100 µm.  
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Figure 4.4: Comparison of different solvents and temperatures during centrifugation for modification of 
the decellularization protocol. (B) Centrifugation (1500 xg, 30 min) during day 2 (Table 3.1) at 4 °C in PBS 
appeared to be less effective at oil separation as compared to (A, C-D) centrifuging in isopropanol, ethanol 
and isopropanol/ethanol solutions. However when analyzing the DAT samples directly, macroscopically 
(E-H), as well as with histological MGP staining (I-L), there were no major differences between any of the 
sample groups processed at 4 °C. Centrifuging at 25 °C yielded better results in terms of lipid and cell 
extraction both macroscopically (A-B, D-E) and with MGP staining (C, D). Scale bars = 100 µm. 
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Figure 4.5: Macroscopic and MGP staining images after decellularization including gentle pressing. (A) 
Gentle pressing of the tissue between two stainless steel filters enhanced lipid extraction and resulted in a 
(B) macroscopic white appearance similar to (D) the original protocol. (C, E) Histological MGP staining 
showed similar staining for DNA and RNA between the two groups. Scale bars = 100 µm 

 
Figure 4.6: Macroscopic and MGP staining images of DAT after decellularization processed with modified 
enzymatic treatment stages. (A) Macroscopically, DAT that was processed without DNase, RNase and 
lipase (Table 3.1: day 4) appeared the least white after decellularization, as compared to (B) DAT 
processed with all enzymes excluding lipase or (C) the original protocol. (D, E) Histological MGP staining 
showed a slightly more intensive staining for DNA and RNA for DAT processed without enzymes 
compared to (F) the original protocol. Scale bars = 100 µm. 
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The outcome of the initial trials was an optimized protocol (Table 3.4) with a processing 

time reduced to less than three days. Furthermore the protocol was refined to accommodate shift-

work. The main changes were (i) reduction of the freeze-thaw procedure to one cycle, 

(ii) incorporation of centrifuging and pressing steps, (iii) elimination of the DNase, RNase, and 

lipase treatment, as well as excluding the second trypsin-EDTA treatment.  

During the first treatment steps, centrifuging and agitating in hypotonic buffer solution 

removed blood cells effectively. The second part of the process focused on removing lipids from 

the scaffold, which was achieved via isopropanol extraction in combination with centrifugation 

and gentle mechanical pressing. It was convenient to retain one freeze-thaw cycle so that the 

adipose tissue can be stored frozen before further processing. The treatment stage with DNase, 

RNase, and lipase was removed from the final optimized protocol to reduce the reagent costs. 

However, as the MGP staining (Fig. 4.6) showed evidence that this enzymatic treatment was 

important for removing residual cellular components, the importance of the inclusion of this step 

was further explored in the assessment of the DAT scaffolds in the in vivo model.  

4.2 Effects of Original and Optimized Decellularization Protocols on ECM 

Composition and Structure 

4.2.1 Staining for Residual Cytoplasm and RNA with Methyl Green-Pyronin 

DAT scaffolds originating from different adipose tissue depots and decellularized 

according to the original and optimized protocol were assessed with MGP staining. As described 

in the methods, the cytoplasm and RNA stains red and DNA stains in a blue-green colour. 

However, the literature indicates that this staining is not optimal for assessing the presence of 

DNA [88], but it can provide a useful tool for assessing residual RNA. When comparing the 

stained sections taken from breast adipose tissue (Fig. 4.7 A-C) to abdominal adipose tissue 

(Fig. 4.7 D-F) no major differences were observed. 
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Before decellularization, (Fig. 4.7 A, D) lipid-filled adipocytes surrounded by ECM were 

visualized with this staining. The blue-green stained nuclei that are typically located at the side of 

the mature adipocytes are visible. After decellularization with the original protocol (Fig. 4.7 B, E) 

and the optimized protocol (Fig. 4.7 C, F) the adipocytes containing large intracellular lipid 

droplets were no longer visualized, indicating effective lipid extraction. For both decellularization 

protocols, the MGP staining indicated that the DAT samples prepared with the original and 

optimized methods were similar, with some residual RNA and/or cytoplasm remaining in the 

ECM after decellularization.  

 
Figure 4.7: Representative MGP images of adipose tissue and DAT. Fat samples taken from (A-C) the 
breast and (D-F) abdominal tissue. (A, D) Intact mature adipocytes containing lipid droplets were 
visualized with the surrounding ECM in the untreated tissues. Blue-green stained nuclei were faintly 
detected at the side of the cells. After decellularization with (B, E) the original and (C, F) optimized 
protocols cellular RNA and/or cytoplasm were still present within the ECM, indicated by the red-ish 
colouring. Scale bars = 100 µm.  

4.2.2 Mass Loss and Volume Displacement 

The recorded mass loss and volume displacement (Fig. 4.8) were very similar. With both 

the original (m = 87.8% ± 0.1; V = 88.0% ± 0.1) and the optimized (m = 86.1% ± 0.1; V = 

86.1% ± 0.1) protocols, the loss of mass and volume during decellularization was substantial. 

This can be explained by the high cell and lipid content in adipose tissue, which was removed 
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during the decellularization procedure. As a result, large amounts of adipose tissue may be 

necessary to produce DAT for clinical applications. Similar results in mass loss between 

protocols were an indication of correlative effectiveness of the optimized protocol compared to 

the original protocol. 

  
Figure 4.8: Mass loss and volume displacement after decellularization of adipose tissue. Values are 
presented as mean ± SD with n = 24 for the original protocol and n = 16 for the optimized protocol. 

4.2.3 Assessment of the Fibrous Structure of the ECM with SEM 

The effect of the original and optimized decellularization protocols on the ECM structure 

was assessed via SEM. The breast (Fig. 4.9 A-B) and abdominal adipose tissue depots 

(Fig. 4.9 C-D) did not appear to have a major influence on the final structure of the decellularized 

scaffolds. With both protocols, and the SEM imaging showed a dense fibrous network consistent 

with preserved collagen fibres in the ECM. No amorphous regions indicative of large residual 

lipid deposits were observed. The spaces between the fibres may be important for the function of 

the DAT as a biomaterial in soft tissue regeneration, as this space is a potential area for cells to 

migrate into and begin interacting with the preserved matrix components.  
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Figure 4.9: Representative SEM images of DAT - Comparison of tissue depot and decellularization 
protocols. (A-B) Decellularized breast and (C-D) abdominal tissue. Scale bars = 50 µm. 

4.2.4 Histological Staining for Collagen Fibres with Picro-Sirius Red 

Staining of DAT with picro-sirius red showed that collagen fibres were preserved after 

decellularization with the original and optimized protocols (Fig. 4.10). As before, the tissue depot 

did not appear to have a major influence on the collagen structure. Overall, within all of the 

samples analyzed, there was significant heterogeneity in the staining consistent with the 

variability observed in the natural structure of the adipose ECM. Compared to native adipose 

tissue (Fig. 4.10 A, D, G, J), the collagen fibres in the DAT samples had a similar natural 

structure and organization, with looser regions observed where the adipocytes had been extracted 

from the ECM network. The different colours observed under the polarized light microscope 

indicate the preservation of collagen fibres of varying thickness (Fig. 4.10 E-F, K-L), which are 

visible for both protocols. In particular, thick collagen fibres appear yellow or orange and thin 

fibres green.  

Additionally, cadaveric abdominal DAT was examined by picro-sirius red staining 

(Fig. 4.11), including comparison of the original and optimized protocols. With both methods, 
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collagen fibres were preserved after decellularization. In the specific tissue sample shown in 

Figure 4.11, a region containing primarily thinner collagen fibres is shown. As compared to the 

images shown in Figure 4.10, the differences in the collagen distribution are likely the result of 

both donor and regional depot variability in the adipose ECM. The assessment of cadavers was 

important because of their potential use as a source of suitable adipose tissue for producing 

biomaterials by decellularization. 

 
Figure 4.10: Representative picro-sirius red images. (A-F) Breast tissue was compared to (G-L) abdominal 
tissue before and after decellularization with the original and optimized protocols. Scale bars = 0.1 mm.  
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Figure 4.11: Representative picro-sirius red images of abdominal cadaveric tissue. The results of the two 
different decellularization protocols were compared using (A-B) light microscopy and (C-D) polarized light 
microscopy. Scale bars = 0.1 mm.  

4.2.5 Hydroxyproline Content 

Hydroxyproline (OH) is a major component of collagen fibres, often present in the 

repeated amino acid sequence (Gly-X-Y)n, and playing a role in the helix-formation of the 

collagen fibres as described in the Literature Review (section 2.1.2.1). Hydroxyproline assays 

were carried out, quantifying the total content in the scaffolds and allowing for an estimation of 

the amount of collagen in the decellularized ECM. In the initial trial, (Fig. 4.12 A) DAT scaffolds 

from four different patients (depot: abdominal) were assessed (n = 3, N = 4). The hydroxyproline 

content generally ranged between 180 – 250 µg/mg dry tissue. There was no significant 

difference in the OH content between the tissue donors.  

The second trial focused on the assessment of the OH content in DAT scaffolds 

comparing the original and optimized methods (Fig. 4.12 B-C). The OH content ranged between 

approximately 100 – 250 µg/mg dry tissue and showed more tissue donor variability between the 

seven donors assessed as compared to the tissue samples in the first trial. For the comparison 

between the original and the optimized protocol, the OH content from two DAT scaffolds was 
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significantly different. However, the pooled data for all of the donors showed no significant 

difference in the OH content in the DAT scaffolds processed with the original and optimized 

protocols (Fig. 4.12 C), although there was a trend for higher levels in the samples treated with 

the optimized method.  

 
Figure 4.12: Hydroxyproline assay results. Values presented as mean ± SD. (A) The OH content was 
measured in triplicate and DAT scaffolds from four different abdominal tissue donors were assessed (n = 3, 
N = 4). Statistical significance was determined by one-way ANOVA with a Tukey’s post-hoc comparison 
of the means (p < 0.05) resulting in no significant difference in the OH content between the four tissue 
donors. (B) The OH content in DAT from 7 different tissue donors, decellularized with the original and the 
optimized protocols, was measured (n = 3, N = 7). * = the OH content of TD 2 and TD 3 were significantly 
different after decellularization with the two different protocols. (C) Pooled data comparison between the 
original and the optimized protocols from the second trial. Unpaired t-test with Welch’s correction was 
performed, resulting in no significant difference between the protocols (p < 0.05). 
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In comparison to other tissues, such as decellularized human amniotic membrane (35 – 

50 µg/mg) and decellularized porcine meniscus (~125 µg/mg), the hydroxyproline content of 

DAT was high [89], [90]. In contrast, the DAT values were low in comparison to decellularized 

porcine ligament (~12 mg/mg) [91]. The differences in the hydroxyproline content can be 

explained by the tissue-specific variations in terms of function that influence the corresponding 

ECM.  

4.2.6 Glycosaminoglycan Content 

Glycosaminoglycans (GAGs) are also part of the ECM. The highly negatively charged 

polysaccharides give the ECM its gel-like structure (cf. 2.1.2.2). Three of the four different GAG 

groups are sulphated, with the exception being hyaluronan. The sulphated GAG content was 

quantified in DAT scaffolds from the same donors as assessed during the second OH trial. The 

focus was once again on the comparison of the original and optimized protocols (Fig. 4.13). 

Generally, the GAG content was relatively low and varied amongst different tissue donors. For 

three of the seven DAT scaffolds produced with the original protocol, the GAG content could not 

be measured as it was below the range of detection for the assay. The approximate GAG content 

in the DAT scaffolds produced with the original protocol was 1.5 µg/mg dry tissue, and for DAT 

processed according to the optimized protocol was 6 µg/mg dry tissue. In conclusion, the GAGs 

in the DAT may be better preserved with the optimized decellularization protocol. 
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Figure 4.13: DMMB assay results. The GAG content of DAT from 7 different tissue donors, decellularized 
with the original and the optimized protocol, was measured in triplicate and values are expressed as 
mean ± SD (n = 3, N = 7). (A) For TD 1, 5 and 7, GAG content was below the detectable limit in DAT 
decellularized according to the original protocol. Statistical analysis was performed using one-way 
ANOVA with a Tukey’s post-hoc comparison of the means (p < 0.05). There was a significant difference 
between the original and optimized protocol for TD 2, 3, 4 and 6. (B) Pooled values showed statistically 
significant difference between optimized and original protocol after performing an unpaired t-test with 
Welch’s correction (*) (p < 0.05). 

The GAG content reported for decellularized adipose tissue from other studies may differ 

depending on the varying measurement techniques applied amongst different groups. The two 

most commonly used techniques are the DMMB assay and the Blyscan sulphated 

glycosaminoglycan assay kit (Biocolor). Choi et al. used the Blyscan sulphated 

glycosaminoglycan assay kit (Biocolor) for quantifying GAGs from human and porcine 

decellularized adipose tissue. Choi et al. reported a high GAG content measurement for porcine 

adipose tissue (85 µg/mg dry ECM), as compared to the current results [12], [17]. Brown et al. 

used the same assay with much lower results for all three presented decellularization methods of 

porcine adipose tissue (0.1 - 1 µg/mg dry tissue) [68].  

In contrast, the DMMB assay used for the DAT analysis in the current study was also 

used by other groups who decellularized other tissues and organs, such as decellularized porcine 

ligament, menisci or kidneys [90]–[92]. The DMMB assay used by Poon et al. resulted in 
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~ 12 µg/mg protein for decellularized human adipose tissue extracts and almost double for 

decellularized porcine tissue [72]. 

4.3 Effectiveness of DNA Removal 

Effective decellularization including removal of DNA is important to consider in the 

production of a safe, allogenic biomaterial originating from adipose tissue. As such, the residual 

DNA content after decellularization with the optimized protocol was of particular interest, since 

the enzymatic treatment with DNase and RNase was eliminated from the protocol. The dsDNA 

content in the DAT scaffolds from the same donors as assessed previously was quantified with 

the PicoGreen assay. The length of residual DNA fragments was assessed with agarose gel 

electrophoresis. Visualization of intact nuclei was performed with DAPI staining. 

4.3.1 dsDNA Content 

The PicoGreen assay results (Fig. 4.14) demonstrated that there was residual dsDNA 

content in the DAT scaffolds decellularized via the optimized protocol. Compared to the original 

protocol with a dsDNA content of approximately 350 ng/mg dry tissue, the dsDNA content in the 

DAT decellularized via the optimized protocol was almost 7-times higher (2350 ng/mg dry 

tissue).  

4.3.2 Length of DNA Fragments  

The DAT samples were analyzed by agarose gel electrophoresis with a DNA ladder 

ranging from 500 bp to 10,000 bp. For almost all samples decellularized according to the original 

protocol, no fragments within this size range were detected (Fig. 4.15). An exception was the 

sample from tissue donor 6, which also had the highest dsDNA content, where DNA fragments 

between 1 kb and 3 kb were identified. In comparison, samples from DAT decellularized via the 

optimized protocol contained DNA fragments within a size range between 0.5 kb and 3 kb. These 

results correlated with the generally higher dsDNA content within the DAT scaffolds.  
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Figure 4.14: PicoGreen assay results. The dsDNA content of DAT from 7 different tissue donors, 
decellularized with the original and the optimized protocol, was measured in duplicate and values are 
expressed as mean ± SD (n = 2, N = 7). (A) Statistical significance was determined by one-way ANOVA 
with a Tukey’s post-hoc comparison of the means (p < 0.05) with a significant difference between the 
original and optimized protocols for all TD. (B) Pooled values. An unpaired t-test with Welch’s correction 
showed significant difference in the dsDNA content between the optimized and original protocol (*) 
(p < 0.05). 

 
Figure 4.15: Agarose gel electrophoresis image (kb = kilobases). (a) No large DNA segments were 
detectable for almost all DAT samples processed according to the original protocol. (b) In DAT samples 
that were decellularized with the optimized protocol DNA fragments of the size between 0.5 and 3 kb were 
visible.  

4.3.3 Intact Nuclei 

The DAPI staining for intact nuclei showed that in comparison to adipose tissue 

(Fig. 4.16 A, D) no nuclei (blue) were present in either DAT from breast tissue (Fig. 4.16 B-C) or 
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from abdominal tissue (Fig. 4.16 E-F) produced with the original or optimized decellularization 

protocol.  

 
Figure 4.16: Representative DAPI images. Intact nuclei (blue) are visible for adipose tissue from breast (A) 
and abdominal (D). No intact nuclei are visible after decellularization with the original or the optimized 
protocol in DAT from breast tissue (A-C) and abdominal tissue (D-F). Scale bars = 0.1 mm. 

In a review paper on the decellularization of tissues and organs by Crapo et al., it was 

suggested that dsDNA content less than 50 ng/mg dry weight ECM, DNA fragments smaller than 

200 bp, and the absence of nuclei after DAPI staining are indicative of an effective 

decellularization process [10]. The original protocol met most of these criteria, with the exception 

of the dsDNA content being approximately 350 ng/mg dry tissue. In contrast, the optimized 

protocol showed the absence of nuclei, but residual nucleic acids were detected in higher levels 

within the samples. While the suggested criteria may apply to a range of decellularized tissues 

and organs, this does not necessarily mean that they would cause a chronic inflammatory 

response in vivo. As compared to other ECM-rich tissues, adipose tissue is a highly cellular 

tissue, which can be challenging in terms of decellularization. The large amount of nucleic acids 

released following cell lysis likely had strong interactions with the ECM, making it difficult to 

remove during processing. Furthermore, there is evidence that the higher levels of residual DNA 
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may be acceptable for subcutaneous implantation because human DAT decellularized with the 

original protocol did not show a negative inflammatory response after implantation in an 

immunocompetent Wistar rat model that was studied in previous work by the Flynn group [93].  

4.4 Overview of Histological Analysis of the Different Decellularization Techniques  

The detergent sodium dodecyl sulphate (SDS) is commonly used in various 

decellularization approaches for its effectiveness in removing cells and nuclei from tissues [10]. 

This detergent has also been used in some of the previously-described decellularization methods 

for adipose tissue from other research groups (cf. 2.4.2) [12], [17], [68]. A side interest of the 

project was an investigation of SDS and its effects on DAT. Therefore, DAT was produced via 

the original protocol and treated in a 1% SDS solution overnight. In Figure 4.17, representative 

histological images of DAT produced via: (i) the original, (ii) optimized, (iii) optimized protocol 

including enzymatic treatment (DNase, RNase, lipase), and (iv) SDS-treated DAT are presented. 

Generally, the original and the optimized, as well as optimized protocol including enzymatic 

treatment showed similar results. DAPI staining confirmed no intact nuclei were present in any of 

the DAT sections (Fig. 4.17 M-P) giving rise to the conclusion that all decellularization 

procedures were effective in cell extraction. The slightly lighter colouring of the SDS-treated 

DAT sections stained with MGP (Fig. 4.17 L) may indicate that residual cellular debris was 

removed more effectively with the inclusion of the detergent. However, the SDS treatment 

dramatically changed the ECM structure and tissue appearance. More specifically, the collagen 

fibres were shown to be visibly damaged with the picro-sirius red staining and could no longer be 

visualized under the polarized light microscope (Fig. 4.17 H). In contrast, the other DAT 

scaffolds exhibited preserved collagen fibres (Fig. 4.17 E-G). 
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Figure 4.17: Representative histological analysis of DAT scaffolds produced with varying decellularization 
methods, including SDS treatment. (A-D) Representative picro-sirius red staining images under a light 
microscope. (E-H) Representative picro-sirius red staining images under a polarized light microscope. (I-L) 
Representative MGP staining images. (M-P) Representative DAPI staining images under fluorescent light. 
Scale bars = 0.1 mm. 

Although SDS is effective at removing nuclei, there are limitations associated with its 

use. First, it was challenging to remove this cytotoxic anionic detergent from the scaffold. This 

creates the risk of residual SDS potentially leading to a stronger and longer-lasting immune 

response to the scaffolds in vivo. Secondly, by changing the ECM structure, the scaffold 

properties were more substantially altered, which may be less ideal for tissue engineering in terms 

of providing a tissue-like scaffold. Overall, it is possible that treatment with SDS might impact 

the desired cellular responses, such as infiltration, proliferation and differentiation with the 

ultimate goal of tissue remodelling.  
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4.5 In Vitro Adipogenic Potential 

The in vitro adipogenic potential of human adipose-derived stem cells (ASCs) seeded on 

the DAT scaffolds was assessed in comparison to ASCs cultured on tissue culture polystyrene 

(TCPS) plates with the glycerol-3-phosphate dehydrogenase (GPDH) activity assay. The ASCs 

were cultured under adipogenic conditions and as a negative control under proliferation 

conditions over a period of 7 and 14 days. The effect of (i) tissue donor variability, (ii) adipose 

tissue depot variability, (iii) different decellularization processes, and (iv) storage time on the 

adipo-conductive DAT scaffolds was investigated.  

4.5.1 Effect of Tissue Donor Variability 

Initial trials included culturing ASCs on DAT scaffolds under proliferation conditions. 

For subsequent experiments this condition was excluded because the ASCs expressed 

consistently low levels of GPDH activity in proliferation medium and it was deemed that the 

TCPS controls were sufficient (Fig. 4.18 A). In the first trial with DAT obtained from breast 

tissue, there were no significant differences in the GPDH expression between the tissue donors at 

both time points. The GPDH activity at both time points was significantly higher for ASCs 

seeded on the DAT scaffolds as compared to the TCPS controls.  

In the second trial with DAT obtained from abdominal subcutaneous adipose tissue, at 

the 7 day time point, the GPDH activity of DAT from tissue donor 2 was significantly higher as 

compared to the other two DAT scaffold groups (Fig. 4.18 B). When compared to the positive 

TCPS controls, the DAT scaffolds from tissue donors 1 and 3 were significantly lower. At the 14 

day time point, the GPDH activity increased for all samples cultured under adipogenic conditions, 

and did not show significant differences between the tissue donors or the positive TCPS control. 

Overall, tissue donor variability may have an effect on the GPDH activity initially, but 

the differences seem to be compensated at longer time points. However, it appeared that there 

was higher variability between the two sets of experiments using ASCs from different donors. In 
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the first trial, the highest levels of GPDH activity at the 14 days time point were approximately 

ranging between 16 mU/mg and 25 mU/mg (Fig. 4.18 A) and in the second trial between 

45 mU/mg and 65 mU/mg. The main reason for these differences between experiments was the 

use of ASCs from different donors, as it is recognized that the cellular ability to differentiate 

towards the adipogenic lineage can vary dependant on factors such as the donor age or BMI [94]. 

4.5.2 Effect of Excision Site Variability 

In order to more fully compare adipose tissue depot variability, three experiments were 

conducted with both breast and abdominal tissue using ASCs from 4 different donors. GPDH 

activity values were normalized to the corresponding TCPS controls for each experiment, which 

allowed the comparison between experiments. The individual GPDH activity values showed 

variability between donors within breast and abdominal tissues (Fig. 4.19 A). The pooled data 

illustrated a significantly higher GPDH activity in DAT samples obtained from breast tissues as 

compared to abdominal tissues for both time points (Fig. 4.19 B). Overall average GPDH activity 

levels at 14 days for the breast samples were 6.8 ± 3.3 mU/mg and for the abdominal samples 

were 2.0 ± 1.1 mU/mg after normalizing to the positive TCPS controls. However, additional 

experiments may be necessary to confirm that DAT from breast tissue has a higher adipo-

conductive potential on human ASCs. For example, variations in the cell distribution during 

seeding may have been another influencing factor as cell-cell contacts have been shown to 

mediate adipogenesis [67]. 



 

72 

 

 
Figure 4.18: GPDH assay results – effect of donor variability. GPDH enzyme activity of ASCs expressed 
as mean ± SD (sample replicates n = 3). Tissue donor (TD) and cell donor (CD) information provided in 
Table A.4. I = induced (cultured in adipogenic differentiation medium). NI = not induced (cultured in 
proliferation medium). (A) Statistical analysis was performed using one-way ANOVA with a Tukey’s post-
hoc comparison of the means (p < 0.05). There was no significant difference between the donors within a 
time point. For the 7 day time point: significant difference between all DAT_I (induced) and TCPS_I 
(induced), as well as all I (induced) compared to NI (not induced) samples. For the 14 day time point: no 
significant difference between tissue donors. (B) For the 7 day time point: * = TD 2_I is significantly 
different from TD 1_I and TD 3_I. ○ = TD 1_I and TD 3_I are significantly different from TCPS_I. For the 
14 day time point there was no significant difference between tissue donors and the TCPS control that were 
cultured under adipogenic conditions. 
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Figure 4.19: GPDH assay results – effect of excision site variability. GPDH enzyme activity of ASCs 
expressed as mean ± SD (sample replicates n = 3, experimental repeats N = 4). TD and CD information 
provided in Table A.4. (A) Individual results from the different experiments. Values were normalized to the 
positive TCPS controls. Statistical analysis was performed using one-way ANOVA with a Tukey’s post-
hoc comparison of the means (p < 0.05). There were significant differences between experiments 
comparing the DAT source. (B) Pooled values for comparison between the different adipose tissue depots 
(n = 3, N = 3). An unpaired t-test with Welch’s correction resulted in a significant difference (p < 0.05) 
between breast and abdominal tissue for both time points (*).  
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4.5.3 Comparison between Original and Optimized Decellularization Protocols 

One of the main questions within the research project was whether DAT decellularized 

according to the optimized protocol had similar bioactivity as compared to the original protocol 

samples. Therefore, DAT scaffolds from three different donors were fabricated using the two 

protocols. At the 7 day time point, only DAT from tissue donor 1 had a significantly higher 

GPDH activity in the samples processed with the original protocol (2 mU/mg) as compared to the 

optimized protocol (0.6 mU/mg) (Fig. 4.19 A). At the 14 day time point, DAT from tissue donors 

1 and 2 processed according to the original protocol had a significantly higher GPDH activity 

than DAT processed with the optimized protocol. However, the pooled values from all trials 

showed no significant differences between the protocol groups at each time point (Fig. 4.20 B). 

The mean values of the GPDH activity generally ranged between 1 mU/mg and 2.5 mU/mg. 

More trials may be necessary to confirm the trend that DAT has a higher adipo-conductive 

potential in vitro when processed with the original protocol.  

In addition, GPDH activity values of DAT processed from living tissue donors were 

compared to those processed from a cadaveric tissue donor (Fig. 4.20 C). There were no 

significant differences between the living and cadaveric tissue donor samples, providing 

additional evidence that cadaveric adipose tissue could be considered for the production of DAT 

scaffolds. 
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Figure 4.20: GPDH assay results – protocol comparison. (A) Individual results from the different 
experiments. GPDH enzyme activity of ASCs expressed as mean ± SD (sample replicates n = 3). Values 
were normalized to the positive TCPS controls. Statistical analysis: one-way ANOVA with a Tukey’s post-
hoc comparison of the means (p < 0.05): * = for the 7 day time point, GPDH activity from TD 1 is 
significantly different between the different protocols. ** = GPDH activity is significantly different 
between the different protocols for the 14 day time point. (B) Pooled values for the GPDH analysis 
comparing the original and optimized decellularization protocols (n = 3, DAT from different tissue donors 
N = 3). Statistical analysis: Unpaired t-test with Welch’s correction results in no significant difference 
(p < 0.05) between the two different protocols. (C) Comparison between original and optimized protocol 
and assessment of the effect of living tissue donor (TD) versus cadaveric tissue donor (CTD). Values were 
pooled for TD (n = 9) and CTD (n = 3). Statistical analysis: one-way ANOVA with a Tukey’s post-hoc 
comparison of the means (p < 0.05): no significant difference. 

4.5.4 Effect of Storage Time 

With regards to the production of DAT on a larger scale, the effect of storage time on the 

bioactive properties needs to be considered, in order to judge how far in advance DAT can be 

produced and stored in a hydrated state without losing its properties. The GPDH activity of DAT 
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from three different donors was compared. More specifically, DAT from tissue donors 1 and 2 

were stored for approximately one year hydrated in PBS (Fig. 4.21) and DAT from tissue donor 1 

was freshly prepared. The storage time had a significant effect on the GPDH activity. For the 

7 day time point, the GPDH activity of the freshly-prepared induced DAT (6.2 ± 1.5 mU/mg) was 

significantly higher compared to the induced stored DAT from tissue donor 2 and the induced 

TCPS control (TD 2_I = 2.3 ± 0.8 mU/mg; TCPS_I = 2.5 ± 1.6 mU/mg). At the 14 day time 

point, the GPDH activity in the induced fresh sample was significantly higher 

(12.9 ± 0.9 mU/mg) compared to the induced stored DAT scaffolds and TCPS control (TD 1_I = 

6.0 ± 1.7 mU/mg; TD 2_I = 6.17 ± 0.9 mU/mg; TCPS_I = 2.1 ± 0.8 mU/mg). 

 
Figure 4.21: GPDH assay results – effect of storage time on GPDH activity of seeded ASCs. GPDH 
activity of ASCs expressed as mean ± SD (sample replicates n = 3). TD1 and TD 2 were stored for 
approximately 1 year before the experiment. Statistical analysis: one-way ANOVA with a Tukey’s post-
hoc comparison of the means (p < 0.05): for 7 days in the induced (I) samples: * = TD 3_I was significantly 
different from TD 2_I and TCPS_I. For 14 days: ** = TD 3_I was significantly different from TD 1_I, 
TD 2_I and TCPS_I 

The comparison between stored and freshly-prepared DAT scaffolds suggests that long-

term storage in a hydrated state may have a negative effect on the scaffold adipo-conductive 

properties. A possible reason is that growth factors and proteins within the ECM may have 
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degraded over time in the hydrated state [83]. Therefore, DAT scaffolds should potentially be 

lyophilized for long-term storage. However, further analysis is necessary to confirm the negative 

influence of long-term storage in a hydrated state, as well as the influence of lyophilisation. The 

performance of a biomaterial in vitro is a possible indicator for performance in vivo. The 

preservation of adipogenic growth factors and proteins would be beneficial, since biomaterials are 

often modified with growth factors like bFGF to promote angiogenesis and adipogenesis [46], 

[49].  

4.6 Effect of Electron Beam Sterilization on DAT Scaffolds 

The effects of e-beam sterilization on the DAT scaffolds were investigated because it is a 

potential terminal sterilization technique that could be applied in the production of a safe 

biomaterial for clinical use. The sterilized DAT scaffolds were first assessed with MGP staining 

and SEM, the hydroxyproline content was assayed, the dsDNA content was quantified and the 

length of the residual DNA fragments visualized. Lastly, the in vitro adipogenic potential was 

examined using the GPDH assay. 

4.6.1 Effect of E-beam on the Remaining Cellular Debris  

Representative MGP staining showed similar results between the non-sterilized (Fig. 4.22 

A-B) and sterilized DAT scaffolds (Fig. 4.22 C-D). A slightly lower intensity of the pink-red 

colouring of the cross-sectioned sterilized DAT scaffolds may provide an indication that there is a 

reduced amount of cellular debris, such as residual nucleic acids, present after sterilization.  

4.6.2 Effect of E-beam Sterilization on Fibrous Structure 

The e-beam sterilization appeared to slightly change the fibrous structure of the 

decellularized ECM. Representative SEM images of the sterilized DAT scaffolds (Fig. 4.23 C-E) 

displayed disrupted fibres, especially the thinner more delicate collagen strands, as compared to 

the non-sterilized DAT scaffolds (Fig. 4.23 A-B). The observed disruption of the fibres appeared 
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to be more present when the samples were treated with a higher e-beam dose. Overall, e-beam 

sterilization may cause changes in the fibrous structure of the DAT scaffolds. Nonetheless, the 

key bioactivity properties of the DAT scaffolds may still be preserved. Furthermore, it might be a 

beneficial if the terminal sterilization process can remove additional antigenic components even if 

there is a loss in fibrous structure. 

 
Figure 4.22: Representative MGP images from cadaveric DAT – comparison of protocols and sterilization 
doses. (A) Original protocol. (B) Optimized protocol. (C) E-beam 15 kGy. (D) E-beam 25 kGy. (E) E-beam 
35 kGy. All sterilized DAT was prepared according the original protocol. Scale bars = 100 µm. 

 
Figure 4.23: Representative SEM images from cadaveric DAT – comparison of protocols and sterilization 
doses. (A) Original protocol. (B) Optimized protocol. (C) E-beam 15 kGy. (D) E-beam 25 kGy. (E) E-beam 
35 kGy. All sterilized DAT was prepared according the original protocol. Scale bars = 50 µm. 
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4.6.3 Effect of E-beam on Hydroxyproline Content 

The hydroxyproline content of sterilized and non-sterilized DAT scaffolds were not 

significantly different (Fig. 4.24). The mean values ranged between approximately 155 µg/mg dry 

tissue and 265 µg/mg dry tissue, which correlated with the previous results of the non-sterilized 

DAT scaffolds (Fig. 4.12). The OH content did not appear to decrease after sterilization, which 

provides evidence that the total collagen content is still preserved enough even though the SEM 

images show some disruption of the individual fibres (Fig. 4.23).  

 
Figure 4.24: E-beam sterilization effect on OH content. Values presented as mean ± SD (sample replicates 
n = 3, experimental repeats N = 3). Statistical analysis: one-way ANOVA with a Tukey’s post-hoc 
comparison of the means (p < 0.05): no significant difference between tissue donors and no significant 
difference between sterilized and not sterilized DAT, as well as no difference between original and 
optimized protocol.  

4.6.4 Effect of E-beam on Residual DNA Content 

E-beam sterilization functions by cleaving the DNA of living organisms. To assess the 

impact on the DAT scaffolds, the dsDNA content before and after terminal sterilization was 

quantified with the PicoGreen assay. The results showed that e-beam sterilization reduced the 

residual DNA that was present in the DAT scaffolds (Fig. 4.25 A). The sterilized DAT scaffolds 

(15 kGy: 91.8 ± 12.3 ng/mg, 25 kGy: 123.6 ± 46.6 ng/mg, and 35 kGy: 108.2 ± 12 ng/mg) 
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contained approximately 10-times less dsDNA as compared to the non-sterilized DAT 

(1004.7 ± 144.9 ng/mg). The quantitative results were supported by agarose gel electrophoresis 

analysis of the size of the remaining DNA fragments (Fig. 4.25 B). No DNA fragments within the 

assessed size range of 0.5 kb to 10 kb were visible in any of the samples that were e-beam 

sterilized. In comparison, DNA fragments between 0.5 kb and 2 kb were present in the DAT not 

treated with e-beam sterilization. 

  
Figure 4.25: dsDNA content and DNA fragments after e-beam sterilization. (A) CTD (cadaveric tissue 
donor) samples: all decellularized according to the original protocol. Values presented as mean ± SD 
(sample replicates n = 2, experimental repeats N = 2). Statistical analysis: one-way ANOVA with a 
Tukey’s post-hoc comparison of the means (p < 0.05): the DNA content of the non-sterilized DAT was 
significantly higher than the e-beam sterilized DAT. (B) Agarose gel electrophoresis image showing no 
detectable residual DNA in the e-beam sterilized samples.  

4.6.5 In Vitro Adipogenic Potential after E-beam Sterilization 

Human ASCs were seeded on e-beam sterilized DAT scaffolds and non-treated control 

DAT scaffolds processed with the original and the optimized protocols and cultured under 

adipogenic conditions over 7 and 14 days. The adipogenic activity at these time points was 

assessed with the GPDH assay. The normalized GPDH activity levels for all scaffolds were not 

significantly different (Fig. 4.26), with mean values ranging between approximately 0.5 mU/mg 

and 1.2 mU/mg. In general, there was a high variability within each group. However, the analysis 
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of the adipogenic potential in vitro indicated that the adipo-inductive potential of the e-beam 

sterilized DAT is comparable to the non-sterilized scaffolds.  

 
Figure 4.26: GPDH assay results – effect of e-beam sterilization. Values presented as mean ± SD (sample 
replicates n = 3, experimental repeats N = 3). TD: abdominal cadaveric tissue. Statistical analysis: one-way 
ANOVA with a Tukey’s post-hoc comparison of the means (p < 0.05): no significant difference. 

4.7 In Vivo Biocompatibility 

In regards to future clinical applications, the in vivo biocompatibility of DAT scaffolds 

produced with different decellularization protocols was examined in a female Wistar rat model 

over 16 weeks. The explants were compared visually, as well as using Masson’s trichrome 

stained cross-sections (Fig. 27 – 30). DAT implants originating from breast adipose tissue 

performed similarly to those derived from abdominal subcutaneous fat. Therefore, representative 

results from the abdominal tissue group are presented (Fig. 28, 29).  

Overall, differences in the host response towards the implants were noticed between 

animals. However, common observations were made. All implants caused an initial inflammatory 

response within the first three weeks. Interestingly, an increase in cell infiltration at 3 weeks was 

observed for DAT implants processed with: the optimized protocol including DNase, RNase and 
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lipase (Fig. 4.28 E-F), the optimized protocol (Fig. 4.29 E-F), and SDS-treated DAT scaffolds 

(Fig. 4.30 E-F). For these implants the cell infiltration subsided by 8 weeks (Fig. 4.28 H-I, 

4.29 H-I, 4.30 H-I). The initial inflammatory cell infiltration was likely activated both by the 

surgery itself and the presence of the biomaterial, which correlates with a normal healing 

response of the body as described in the Literature Review (section 2.5). It has been recognized 

that cell infiltration into a biomaterial is important for better integration with the host tissues with 

the ultimate goal of remodelling of the tissue because the first biomaterials had inert properties, 

which resulted in encapsulation [8], [65]. In comparison, the DAT implants presented in this 

study were not encapsulated. Furthermore, there were no signs of chronic inflammation, which 

can be concluded from the decreased inflammatory cell presence in the implants starting at 

8 weeks. Additionally, formation of new blood vessels was observed at later time points, as 

indicated with red arrows, for example at 16 weeks for the original protocol (Fig. 4.27 P) and the 

optimized protocol (Fig. 4.29 L) at the 12 weeks time point. Another indication for gradual 

remodelling of the implant to resemble mature adipose tissue was the presence of new adipocytes 

at the later time points (indicated by black arrows in e.g. Fig. 4.27 P, 4.28 L, 4.29 P, 4.30 L, P). 

Generally, the implants were all detected until the final time point of 16 weeks. However, 

it appeared that the volume of the SDS-treated DAT scaffolds was less well preserved (Fig. 4.30 

N-O). A potential reason is that treatment with SDS caused changes in the collagen fibres, which 

was shown with the picro-sirius red staining (Fig. 4.17). Already damaged collagen fibres and 

ECM may undergo a more rapid degradation in the host. In the Masson’s trichrome staining, 

there were indications of greater inflammatory cell infiltration in the SDS-treated group 

(Fig. 4.30 E-F, H-I). 
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Figure 4.27: Histological in vivo results – original protocol (implant site A). Macroscopic images of DAT 
scaffolds after explantation (A, D, G, J, M) showed no surface vascularisation at any time point as well as 
no detectable volume decrease. Scale bars = 5 mm. Representative microscopic images of cross-sections 
stained with Masson’s trichrome at a magnification of 10X (B, E, H, K, N). Scale bars = 0.2 mm. Masson’s 
trichrome images at a magnification of 20X (C, F, I, L, O). Scale bars = 0.1 mm. Mild initial inflammatory 
response was visible during the first two time points. At the 12 week time point the cell presence within the 
scaffold was very low and at the 16 week time point remodelling of the implant into adipose tissue was 
visible due to the presence of mature adipocytes (black arrow). Additionally, new vessels were formed (red 
arrow).  
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Figure 4.28: Histological in vivo results – optimized protocol with DNase, RNase, lipase treatment 
(implant site C). Macroscopic images of DAT scaffolds after explantation (A, D, G, J, M) showed no 
surface vascularisation at any time point. It appeared that there might be a slight volume decrease at the 
time points of 12 and 16 weeks. Scale bars = 5 mm. Representative microscopic images of cross-sections 
stained with Masson’s trichrome at a magnification of 10X (B, E, H, K, N). Scale bars = 0.2 mm. Masson’s 
trichrome images at a magnification of 20X (C, F, I, L, O). Scale bars = 0.1 mm. The initial inflammatory 
response increased at week 3 and decreased again by the 8 week time point. Mature adipocytes are visible 
at the 12 week time point (black arrow). 
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Figure 4.29: Histological in vivo results – optimized protocol (implant site D). These results were similar 
to those for the implants that were decellularized with the optimized protocol including DNase, RNase and 
lipase (Fig. 4.28). Macroscopic images of DAT scaffolds after explantation (A, D, G, J, M) showed no 
surface vascularisation at any time point. It appeared that there might be a slight volume decrease at the 
time points of 12 and 16 weeks. Scale bars = 5 mm. Representative microscopic images of cross-sections 
stained with Masson’s trichrome at a magnification of 10X (B, E, H, K, N). Scale bars = 0.2 mm. Masson’s 
trichrome images at a magnification of 20X (C, F, I, L, O). Scale bars = 0.1 mm. The initial inflammatory 
response increased at week 3 and decreased again by the 8 week time point. New vessel formation could be 
detected at the 12 week time point (red arrow) and by week 16 mature adipocytes were visible (black 
arrow). 



 

86 

 

 
Figure 4.30: Histological in vivo results – original protocol with SDS treatment (implant site B). 
Macroscopic images of DAT scaffolds after explantation (A, D, G, J, M) showed stronger surface 
vascularisation at the 3, 8 and 12 weeks time points compared to the original and optimized protocols. It 
appeared that there might be a slight volume decrease at the time points of 12 and 16 weeks. Scale bars = 
5 mm. Representative microscopic images of cross-sections stained with Masson’s trichrome at a 
magnification of 10X (B, E, H, K, N). Scale bars = 0.2 mm. Masson’s trichrome images at a magnification 
of 20X (C, F, I, L, O). Scale bars = 0.1 mm. The initial inflammatory response generally appeared to be 
stronger, especially at week 3. By week 8 the inflammatory response decreased. Mature adipocytes 
occurred at the 12 week time point and were present at a high density at the 16 week time point (black 
arrows). 
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In summary, DAT implants prepared according to the optimized decellularization 

protocol (Fig. 4.29) did not cause an unusual or long-lasting inflammatory response and showed 

similar results as compared to DAT decellularized with the original protocol (Fig. 4.27). 

Additionally, DAT from different adipose tissue depots did not differ in their performance in 

vivo. Overall, the findings support that the DAT matrices provide an environment that supports 

cell infiltration, implant integration, angiogenesis and adipogenesis with preservation of the 

implant volume.  
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Chapter 5 

Conclusions and Future Work 

5.1 Summary and Conclusions  

As presented within the research project, an optimized decellularization protocol was 

developed which reduced the processing time to obtain decellularized adipose tissue (DAT) 

scaffolds to less than 3 days. Moreover, the refined method provided improved cost efficiency as 

compared to the original protocol by removing the enzymatic treatment including DNase, RNase 

and lipase. Examination of the optimized method resulted in similar properties between DAT 

scaffolds as compared to those decellularized with the original protocol. In particular, DAT 

produced with both protocols was enriched in collagen, as supported by the high hydroxyproline 

content measurements, and had a fibrous structure with visible collagen fibres under SEM. 

Increased preservation of sulphated GAGs was achieved with the optimized protocol.  

Although no intact nuclei were present, the residual dsDNA content was significantly 

higher and larger DNA fragments were present in DAT originating from the optimized method. 

This is a potential limitation that could be overcome by e-beam sterilization of the DAT scaffolds. 

Minor changes in the fibrous structure were visible after sterilization. However, residual DNA 

was effectively removed while other properties remained stable, including the hydroxyproline 

content and the adipogenic potential in vitro. The assessment of the adipogenic potential of DAT 

from different depots showed no significant differences. Some variability in the adipo-conductive 

potential of DAT obtained from different donors was observed.  

The structure of DAT from different fat depots was similar when observed under SEM. 

The variability that was observed likely arises from differences in the tissue donors or from the 

inherently heterogeneous nature of DAT as a material. However, it is interesting to note that little 

variability was observed for DAT from different fat depots or processed with a range of 
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decellularization protocols in the in vivo studies using an immunocompetent subcutaneous Wistar 

rat model. All scaffolds showed good biocompatibility, initially causing a normal inflammatory 

response and later showing signs of tissue remodelling to resemble mature adipose tissue. Within 

the examined time of 16 weeks, the implants exhibited good volume retention. DAT implants that 

were additionally treated with SDS, a common detergent used in decellularization techniques 

[12], [68], [92], were possibly degraded faster compared to the other implants. Changes in the 

collagen structure that were observed could be a possible explanation for this difference. 

5.2 Future Work 

The work presented herein is a contribution towards the cost-efficient production of a 

safe ECM-based biomaterial for soft tissue reconstruction. In order to validate some results and 

trends, further analysis of the DAT scaffolds derived from the optimized protocol is necessary.  

Additional experiments determining the adipogenic potential in vitro should be made to 

(i) evaluate whether DAT originating from breast or abdominal adipose tissues actually perform 

differently and (ii) more fully assess whether DAT processed via the original and optimized 

protocols have the same adipogenic potential. It would also be interesting to further examine the 

effect of storage time on the bioactivity of the DAT scaffolds using the in vitro assay to assess the 

differentiation of human ASCs along the adipogenic lineage.  

In order to quantify the preserved collagen content, analysis of the picro-sirius red 

staining under polarized light microscopy, as presented by Rich and Whittaker, using an image-

analysis software should be carried out by counting the pixels of different colours to identify the 

relative proportions of thin or thick collagen fibres, and to obtain an estimated collagen 

quantification [85]. 

For the in vivo studies, further histological and immunohistochemical analysis should be 

performed in order to judge which type of macrophages are present during the different time 

points, and whether adipogenic and angiogenic markers are expressed within the implant. The 
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presence of M2 alternatively-activated macrophages would be an indicative of favourable tissue 

remodelling [77].  

DAT decellularized according to the original and optimized protocols resulted in a 

similar host response with initial inflammatory response and gradual adipogenesis and 

angiogenesis. These are indications of gradual remodelling of the tissue. The potentially most 

concerning element, the significantly higher residual DNA content in DAT scaffolds treated with 

the optimized protocol (Fig. 4.14), did not appear to have a negative effect over the long-term in 

vivo. It would be interesting to explore the in vivo biocompatibility of e-beam sterilized DAT. 

However, the effect of e-beam sterilization and the most effective dose with minimal changes to 

the ECM should be further assessed with the presented assays first. For future studies, DAT has 

been already prepared according to the original and optimized protocols and sent for terminal 

sterilization to begin this analysis. 

The results from the Wistar rat model are evidence of the capabilities of DAT as potential 

biomaterial for clinical applications. The next step in this direction is a larger animal model. As a 

step towards this goal, DAT scaffolds were implanted in a mini-pig model and monitored over a 

6-month period. An in depth histological analysis of the explanted biomaterials from these studies 

will be a major focus of future work. Two different foci were of interest in this study: 

• The comparison of DAT decellularized according to the original, optimized and 

optimized protocol with additional DNase, RNase and lipase treatment. 

• The comparison of defect size and DAT format for implant sizes of 5cc, 10cc, and 15cc, 

prepared in hydrated and lyophilized formats. 

Initial observations of the DAT implants in the mini-pig model indicated that they 

integrated well into the host tissues. As discussed, histological and immunohistochemical analysis 

will be carried out in later studies. It should be noted that the lyophilized DAT scaffolds were 

easy to handle during surgical procedures and were favoured by the operating surgeon.  
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Appendix A 

Patient Information Tables 

Table A.1: TD information from initial experiments (chapter 3.2.1.4) 

 

Table A.2: TD information for OH analysis (first trial) 

 

 
Table A.3: TD information used for GAG, OH (second trial), PicoGreen analysis and gel electrophoresis 

 

Tissue Donor Excision Site Gender Age BMI
TD 1 breast F 36 46.2
TD 2 abdominal F 47 32.3
TD 3 breast F 49 39.8
TD 4 abdominal F 44 30.0

Tissue Donor Excision Site Gender Age BMI
TD 1 abdominal F 47 25.2
TD 2 abdominal F 66 24.7
TD 3 abdominal F 46 27.0
TD 4 abdominal F 44 30.5

Tissue Donor Excision Site Gender Age BMI
TD1 abdominal F 48 30.8
TD2 abdominal F 68 37.5
TD3 abdominal F 50 29.6
TD4 abdominal F 40 31.6
TD5 breast F 25 48.8
TD6 abdominal F 33 33.3
TD7 abdominal F 65 25.8
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Table A.4: TD and CD information from GPDH experiments 

 

  

Excision Site Gender Age BMI
CD 1 breast female 28 31.5
CD 2 breast female 18 24.7
TD 1 (CD 1) breast female 36 46.2
TD 2 (CD 1) breast female 36 23.3
TD 3 (CD 1) breast female 44 33.8
TD 1 (CD 2) abdominal female 66 24.7
TD 2 (CD 2) abdominal female 46 27.0
TD 3 (CD 2) abdominal female 33 33.3

CD 1 breast female 28 31.5
CD 2 abdominal female 49 37.8
CD 3 breast female 48 34.9
CD 4 breast female 18 24.7
TD 1 (CD 1) breast female 36 46.2
TD 2 (CD 1) breast female 36 23.3
TD 3 (CD 1) breast female 44 33.8
TD 4 (CD 2) breast female 48 37.6
TD 5 (CD 2) breast female 50 22.7
TD 6 (CD 3) breast female 40 31.6
TD 7 (CD 2) abdominal female 55 28.2
TD 8 (CD 3) abdominal female 25 48.8
TD 9 (CD 3) abdominal female 44 35.0
TD 10 (CD 4) abdominal female 66 24.7
TD 11 (CD 4) abdominal female 46 27.0
TD 12 (CD 4) abdominal female 33 33.3

CD 1 breast female 48 34.9
CD 2 breast female 18 24.7
TD 1 (CD 1) breast female 40 31.6
TD 2 (CD 1) abdominal female 25 48.8
TD 3 (CD 2) abdominal female 33 33.3
CTD abdominal male 46 29.6

CD abdominal female 49 37.8
TD 1 (stored) abdominal female 55 28.2
TD 2 (stored) breast female 48 37.6
TD 3 (fresh) breast female 50 22.7

CD 1 breast female 31 28.7
CD 2 breast female 41 30.5
CD 3 breast female 18 43.8
CTD abdominal male 46 29.6

Effect of storage time

Effect of different 
protocols 

Effect of excision site 
variability

v

Effect of e-beam 
sterilization

Study

i

ii

iii

iv

Effect of TD variability 
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Appendix B 

Tissue Culture Plate Set for GPDH Assay 

 
Figure B.1: Example for a tissue culture plate layout for GPDH assay 
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